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Abstract 
 

Proteomics aims to characterize the complete set of proteins in a cell, tissue, or organism at a 

specific state or time, playing a significant role in various fields, notably molecular medicine for 

biomarker discovery and clinical profiling. Proteomics primarily relies on mass spectrometry 

(MS) for detection, though the complex, multistep sample processing workflow required to 

manipulate proteins ahead of MS is tedious, time consuming, and may lead to sample loss. The 

goal of this work is to develop novel technologies to improve the proteomics workflow, with 

emphasis on improving protein extraction efficiency, optimizing sample purity, and maximizing 

the throughput of sample processing, particularly for small scale samples. 

 

The method introduced in Chapter 2 for automated protein extraction significantly enhances 

efficiency by utilizing water at subcritical temperatures alongside the surfactant sodium dodecyl 

sulfate (SDS). This approach has proven effective for extracting intact proteins from both S. 

cerevisiae and hemp seeds with only 5 minutes of extraction time, achieving approximately 80% 

extraction efficiency. When applied to hemp seeds, this method allowed for the isolation and MS 

analysis of a proteome, revealing the detection of 6824 proteins.  

 

The third chapter aims to enhance a previous SDS depletion technology to make it applicable for 

low solubility proteins. The SDS depletion device, transmembrane electrophoresis (TME), is an 

electrokinetic device that permits rapid SDS removal from proteins within 5 minutes, generally 

retaining high protein recovery. It was observed that the addition of 40% methanol improved the 

recovery of membrane proteins collected from TME by a factor of 1.7. Furthermore, methanol 

accelerated the rate of SDS depletion in TME, reducing SDS concentration to below 100 ppm in 

less than 3 minutes. MS analysis on an enriched membrane proteome fraction processed by 

methanol-assisted TME revealed enhanced detection of low solubility proteins possessing low 

net charge in aqueous solutions. 

 

The final project introduces cap-TME, a fully automated TME system based on a modified 

capillary electrophoresis platform. Cap-TME employs an inline filter to capture proteins and 

deplete SDS, achieving 81% protein recovery while reducing SDS concentration from 5000 ppm 

to less than 10 ppm in just 30 seconds. Future research suggests that both subcritical water 

extraction and cap-TME could significantly advance the development of a fully automated online 

proteomic sample preparation workflow, which is crucial for enhancing throughput and 

reproducibility in clinical research, especially in biomarker-related studies. 
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CHAPTER 1  Introduction  
 

1.1 The Importance of Proteome Analysis 
 

Proteins are essential for carrying out the complex chemical processes in living organisms. 

Proteins are macromolecules composed of amino acids linked into polymeric chains, whose 

chemical structure dictates their biological function. Studying the chemical composition of 

proteins therefore enables a deeper understanding of diverse, as well as adverse functions of an 

organism. Proteomics is defined as the large-scale characterization of the entirety of proteins 

expressed by an organism, an accomplishment made possible through recent advancements in 

analytical technologies and computational algorithms.  Specifically, the coupling of liquid 

chromatography (LC) with tandem mass spectrometry (MS/MS), as facilitated by the 

introduction of electrospray ionization (ESI) [1], presented a revolutionary technology for high-

throughput, highly sensitive, and selective biomolecular characterization.  

While LC-MS/MS holds tremendous potential for proteome analysis, in most cases, the 

comprehensive analytical workflow for proteome characterization integrates multiple supporting 

technologies, used to perform essential sample manipulations needed to transform the raw 

biological material into a form amenable to analysis.  The successful completion of these sample 

manipulations dictates the overall efficiency of the proteomics workflow. For example, complete 

cell lysis, protein solubilization, removal of sample impurities, and analyte pre-fractionation are 

required to maximize detection of protein components by mass spectrometry (MS). Moreover, 

the front-end sample preparation steps are notorious for being labor-intensive, time-consuming, 

and error-prone, which challenges the capacity to process a greater number of samples, 

particularly in a clinical setting. Naturally, variable sample preparation would also lead to poor 

data reproducibility [2]. Considering the validation of clinical-grade biomarker proteins, which 
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demand precision levels better than 20% [3], it is clear that proper sample preparation is vitally 

important to proteome analysis [4].  

This thesis introduces several innovative proteomic sample preparation approaches. These 

approaches focus on an efficient cell lysis method for high-speed protein extraction, a solution 

for purifying challenging-to-solubilize proteins, and a way to automate protein purification 

process with minimal sample usage, collectively enhancing the overall sample preparation 

process. The introduction section of the thesis explores the importance of proteome 

characterization and its associated challenges, with emphasis on the manipulation of membrane 

proteins. Strategies for solubilizing membrane proteins in an MS-compatible format will be 

discussed. Finally, attention will be directed towards the manipulation of proteins using voltage-

driven separation by electrophoresis. 

1.2 Proteomics and its Challenges 
 

 Completion of the Human Genome Project was a pivotal advancement in our 

understanding of molecular medicine. However, while genomics provides a full accounting of all 

genes contained within a cell, this information cannot fully explain the diverse biological 

processes, and prompted a more direct investigation of gene products. Following from the 

genome, the term ‘proteome’ was coined in 1995 by Wilkins [5] which is a shorthand notation of 

“the PROTEin complement expressed by a genOME” and refers to the full protein complement 

of a cell at a given state or a period. Proteomics, therefore, is a field of study aimed at unraveling 

the complex mixture of proteins expressed by an organism, including the identification of their 

structure, abundance, function, and interactions, which can have influential roles in disease 

processes [6-10]. Proteomic research has therefore made a significant impact on a wide range of 

studies including medicine, biology, biochemistry, and chemistry. 
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Several factors contribute to an inherently greater complexity of studying the proteome 

compared to the genome. For example, while the genome remains relatively constant throughout 

the lifespan of an organism, protein expression is subject to alteration over time and in response 

to environmental conditions [11-12]. Proteostasis defines the continuous turnover of proteins, 

and involves the trafficking, folding, and degradation of proteins to maintain cellular survival 

and integrity [13-14]. Heat shock proteins (HSP) are only released in response to various body 

stresses such as temperature, hypoxia, ischemia, reactive oxygen species (ROS), or endotoxins 

[15]. Another factor is the number of distinct proteins, which is significantly greater than the 

number of gene in a genome. While the human genome comprises an estimated 20,000 genes, 

the number of distinct proteins is two orders of magnitude higher [16]. This greater diversity of 

proteins is attributed to several factors; beyond alternative mRNA splicing, post-translational 

modifications (PTMs) will give rise to distinct ‘proteoforms’. PTMs are the product of enzymatic 

processes which control the chemical modification of proteins through selective addition of 

multiple chemical entities including phosphoryl, glycosyl, acyl, methyl, and nitro groups. 

Beyond the far greater number of proteoforms compared to genes, the level of expression of a 

given protein can vary significantly, whereby the proteome can possess a dynamic range of up to 

106 in relative concentration [17]. Considering human plasma, the most abundant protein 

(albumin) can be present at up to thirty grams per liter, while the least abundant proteins are 

present in concentrations lower than a picogram per liter [18-19]. The dynamic range problem 

becomes prominent when studying biomarkers in human plasma, as the most concentrated 

proteins mask detection of low abundance components. Consider that the low-concentration 

proteins secreted by cells and tissues are often the most relevant for disease detection. But 

perhaps the greatest challenge to proteome analysis compared to genomics is that each protein 
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component of a proteome represents a unique chemical entity, with distinct chemical properties 

that require a tailored approach to optimize their analysis. 

A protein can vary in molecular weights (MW) from a low of less than 10 kDa to larger 

than 100 kDa. Moreover, depending on their amino acid composition, proteins will exhibit 

significantly different properties including their isoelectric point (pI) (i.e. the pH at which a 

protein or amino acid carries no net charge) and hydrophobicity. This diverse chemical 

composition is emphasized by the localization of proteins within a cell. For instance, 

hydrophobic proteins naturally reside in hydrophobic regions of a cell, such as the cell 

membrane, and therefore play important functional roles in cell signaling and molecular 

transport. On the other hand, hydrophilic proteins are typically found in water-containing regions 

of cells, like the cytoplasm. Therefore, a proteome represents a highly heterogeneous set of 

chemical analytes, due to the various protein types, distributed throughout the cell. To 

thoroughly characterize all proteins, the proteomics workflow must combine a variety of 

extraction and separation methods to ensure their detection by mass spectrometry. These 

techniques are crucial for gaining a comprehensive understanding of the complex protein 

composition and functions within a biological system. 

 

1.3 Cell Structure and Protein Production 
 

A cell, the fundamental unit of life, is enclosed by a cell membrane that separates internal 

contents from the external environment. Housing genetic material (DNA or RNA) guiding the 

cell's structure and function, cells exhibit varied membrane-bound organelles, a characteristic of 

eukaryotic cells distinguishing them from prokaryotic cells. Prokaryotic cells, including bacteria, 

possess a cell wall that serves as an additional protective layer. Notably, eukaryotic cells may 

also have a protective cell wall, as seen in plant cells (Figure 1.1). Despite these variations, all 
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cells share a common membrane structure, a lipid bilayer primarily composed of hydrophilic 

heads and hydrophobic tails of phospholipids organized into a double layer. This arrangement 

provides selective permeability, allowing membrane proteins to control the entry and exit of 

substances.  

 

Figure 1.1 Drawing of an animal, plant, and a bacterial cell, as well as the cell membrane. Image 

retrieved from a free drawing site (https://www.freepik.com/free-photos-vectors/animal-cells).   

 

Proteins also play a role in molecular transportation, both within the cell membrane and 

external. The structure and function of a cell is largely dictated by proteins. The process of 

translation, where the information encoded by mRNA is used to build a corresponding protein, is 

initiated in the cytoplasm. The machinery responsible for protein synthesis in the cytoplasm is 

the ribosome. This macro structure of protein subunits reads the coded mRNA and sequentially 

attaches amino acids in a process known as elongation. The ribosomal complex, along with the 

attached mRNA and the growing polypeptide chain, is then guided to the endoplasmic reticulum 

https://www.freepik.com/free-photos-vectors/animal-cells
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(ER) membrane. Upon reaching the ER membrane, the ribosome continues to elongate the 

protein, and the growing protein chain is translocated into the lumen of the ER. This process 

allows the protein to be properly folded, modified, and transported to its final destination within 

or outside the cell.  

The destination of a protein varies; some proteins are located outside the cellular 

membrane, while others are embedded within the membrane. After the completion of protein 

synthesis in the endoplasmic reticulum (ER), proteins are transported to the Golgi apparatus for 

further processing. Transport vesicles, formed after the synthesis in the ER, carry these proteins 

to the Golgi apparatus. The Golgi apparatus identifies these vesicles through enzymes in its 

lumen and initiates post-translational modifications (PTMs) such as phosphorylation, as well as 

the addition of galactose and sialic acid [20]. These modifications are crucial for the proper 

functioning and targeting of proteins. Subsequently, proteins can be transported via vesicles to 

different destinations, including outside the cell (e.g., antibodies for immune response against 

pathogens) or within various cellular compartments, such as the nucleus or mitochondria.  

  This intricate process ensures that proteins are correctly modified and directed to their 

specific locations, contributing to the diverse functions within the cell. The process explained in 

this section clearly illustrates that proteins can be found in various parts of the cell. They may 

exist in the inner membrane, where they are protected by a cell membrane or cell wall. 

Alternatively, proteins may be located outside the cell membrane, loosely attached to the 

membrane. Furthermore, proteins can be embedded in the membrane, where the environment is 

highly hydrophobic.  This high hydrophobic environment contributes to membrane proteins 

being particularly challenging to work with. 
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1.4 Overview of Membrane Proteins 
 

Membrane proteins can be broadly classified as peripheral or integral, as seen in Figure 

1.2. Peripheral proteins are only loosely bound to the cell membrane surface through various 

interactions, primarily van der Waals and electrostatic forces with the phospholipid head or other 

integral proteins. Alternatively, peripheral proteins can bind to the lipid membrane through a 

covalent anchor [21]. In terms of their analysis, these proteins are easily extractable into aqueous 

solvents; some can be removed simply by altering the pH of the sample solution which weakens 

the electrostatic interactions with the lipid membrane [22]. By contrast, integral proteins are 

permanently embedded in the membrane and can exist in two forms: transmembrane proteins, 

which span the entire membrane, or integral monotopic proteins, located only on one side of the 

membrane. Integral membrane proteins predominantly adopt either α-helical or β-barrel 

structures (seen in Figure 1.2), with α helices being the most prevalent [21]. 

 

Figure 1.2 Schematic drawing of membrane proteins in a lipid bilayer free drawing taken from 

(https://www.freepik.com/free-photos-vectors/animal-cells). 

 

https://www.freepik.com/free-photos-vectors/animal-cells
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Integral proteins are generally more hydrophobic, with leucine, isoleucine, valine, 

phenylalanine, alanine, glycine, serine, and threonine being the most abundant amino acids. 

These amino acids together make up 75% of all integral proteins within the membrane [23-24]. 

The protein hydrophobicity is commonly assessed using different numerical scales, the most 

commonly used being the GRAVY (grand average of hydropathy) score [25]. This provides a 

measurement of the overall hydrophobicity (i.e., the degree to which amino acids repel or avoid 

water) or hydrophilicity of an entire protein sequence. This score is based on assigning a 

numerical value to each amino acid where hydrophilic amino acids are assigned values below 

zero. Membrane proteins generally tend to have positive GRAVY scores and vary by organism. 

For example, the cumulative average GRAVY score, obtained by averaging all membrane 

proteins found in the organisms S. cerevisiae, Halobacterium sp., and C. glutamicum, were found 

to be 0.70, 0.53, and 0.15, respectively [26]. Additionally, the individual amino acid GRAVY 

scores of a protein can be used to generate a Kyte-Doolittle plot which can identify either surface 

exposed or transmembrane regions of a protein [25]. Consequently, the highly hydrophobic 

nature of integral membrane proteins, coupled with their strong affinity to the non-polar portion 

of the cell membrane, makes them challenging to work with as they are poorly soluble in water. 

Their solubilization necessitates the addition of detergents or organic solvents (described in 

sections 1.5 and 1.7, respectively). 

 

1.5 Challenges of Membrane Proteins in Proteomics 
 

Approximately 30% of a proteome consists of membrane proteins [27-28], playing 

pivotal roles in functions such as transportation, signal transduction, and enzymatic catalysis. In 

the clinical realm, it is estimated that over 60% of therapeutic drugs in use today are directed 

towards membrane proteins [29-30]. Of these small molecule drugs, more than a third target G 
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protein-coupled receptors (a group of proteins found on the surface of a cell membrane 

responsible for detecting molecules outside the cell) to inhibit signal transduction [31]. Despite 

their importance, membrane proteins pose analytical challenges due to their heterogeneity, low 

natural abundance, and perhaps most significantly, their inherently low solubility in aqueous 

solvents typical for LC-MS/MS analysis [32-33].  

In a polar solvent, proteins naturally adopt secondary and tertiary folded states to 

minimize the Gibbs energy of the primary amino acid sequence [34]. The folding of a protein in 

an aqueous solution is primarily driven by entropy. Hydrophobic amino acid residues tend to 

bury themselves within the folded structure, thereby reducing the number of ordered water 

molecules. The presence of hydrophobic amino acids leads to the ordering of water molecules, a 

phenomenon known as "the Hydrophobic Effect" [35]. The Hydrophobic Effect is 

thermodynamically favorable due to the increase in entropy and van der Waals interactions. This 

optimization of intermolecular interactions between the solvent and the protein contributes to the 

overall stability of the folded structure [36]. The intermolecular interaction between a protein and 

its surrounding solvent molecules is referred to as protein solvation. 

Protein solvation plays a critical role in determining the solubility of a protein. In aqueous 

solvent, solubility hinges on the protein's ability to establish interactions with water molecules 

that are as favorable or more favorable than interactions within its own structural elements. For 

example, asparagine and glutamine facilitate hydrogen bond formation with surrounding water 

molecules, while aspartic and glutamic acid residues enable the creation of ion-dipole bonds. In 

the case of membrane proteins, which contain a significant number of hydrophobic amino acids, 

these interactions become diminished. Consequently, in aqueous environments, membrane 

proteins tend to aggregate, maximizing interactions within water molecules. This aggregation is 
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driven by hydrophobic regions. To enhance the solubility of membrane proteins, one approach is 

to minimize the necessity for forming hydrogen bonds or ion-dipole bonds (e.g., by altering the 

solvent). Alternatively, an amphipathic molecule can be introduced, capable of interacting with 

both the membrane proteins and the water molecules (discussed in section 1.8) [37].  Despite 

solubility posing a significant challenge to the overall recovery of proteins, this is not the sole 

obstacle. Poor extraction, resulting from inadequate cell lysis, can also have a substantial impact. 

Achieving universal recovery of all proteins from a cell is inherently challenging due to 

incomplete cell lysis. Therefore several cell lysing methods exist to facilitate higher proteome 

recovery. 

1.6 Protein Cell Extraction 
 

In nature, proteins exist within a matrix alongside other biological components, such as 

lipids, carbohydrates, and minerals. While some proteins are easily isolated due to their 

extracellular presence in aqueous solution (such as plasma or urine) [38], others are 

compartmentalized within the cell membrane/cell wall of prokaryotic or eukaryotic cells. For 

proteins found in an aqueous solution, simple centrifugation can sediment non-protein 

components, yielding a supernatant rich in proteins. However, for proteins located within cells, 

the membrane must first be lysed to release the intracellular proteins. The disruption of the cell 

membrane can be challenging and may vary from cell to cell. For example, as previously stated, 

mammalian cells are only enclosed by a phospholipid bilayer. In contrast, both plant and 

prokaryotic (bacterial) cells are enclosed by both a cell membrane and a cell wall. Furthermore, 

both mammalian and plant cells contain organelles that possess proteins, such as the 

mitochondria, nucleus, and chloroplast, which are also covered by their own membranes. 
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Therefore, the ideal cell lysis method is one that is capable of rupturing both the cell wall and the 

cell membrane, along with the inner organelle membranes, releasing the intracellular proteins. 

Cell lysis can be divided into two categories, namely mechanical or chemical means. A 

combination of methods is also possible. Mechanical lysis promotes the destruction of the cell 

membrane and/or cell wall and includes French-pressing, ultrasonication, glass bead milling, 

microwave-assisted extraction (MAE), pulse electric field  and thermal lysis. Chemical methods 

include enzymatic lysis, treatment with alkaline solvents, osmotic shock, or the use of detergents. 

An overview of the various commonly used approaches is provided below. 

 

1.6.1 Cell Extraction Using Mechanical Means 
 

1.6.1.1 French Press 
 

 

Mechanical methods are commonly employed for cell lysis due to their practicality, 

efficiency, and scalability. The French press (or high pressure homogenization) utilizes liquid 

shearing to disrupt cells. In the French-press method, an external pump compresses a piston onto 

the sample, contained within a high-pressure cylinder. Sample pressures can reach as high as 70 

MPa (Figure 1.3 A). The cylinder also houses a release valve that compels the sample to pass 

through. As cells escape the high pressure environment, they undergo shear stress and 

decompression, leading to cell disruption. Biological samples are recommended to be chilled 

before the French press process, as heat generation is possible [39]. A study by Rezwan et al. 

demonstrated the efficiency of the French press in breaking down the cell wall of the bacterium, 

M. smegmatis [40]. The French press method doubled the yield of proteins compared to bead 

beater methods, extracting 18.9 mg of protein per mL of cells [40]. In a subsequent 2017 study, 

MS analysis of proteins isolated from M. smegmatis by French press proved successful in 
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identifying 2100 proteins, including membrane and endomembrane proteins [41]. The French 

press method was also shown successful in extracting proteins with a recovery of nearly 300 mg 

protein per gram of Mycelium fungus, which also possesses a cell wall [42]. Again, the French 

press approach yielded the highest protein content compared to other methods, such as freeze-

thaw and sonication. Despite its effectiveness in rupturing cell walls, the French press setup is 

labor-intensive, requiring bulky, specialized equipment best suited to larger sample sizes, as well 

as multiple samples passes to fully homogenize the cells [41]. 

 

Figure 1.3 A) Image of a French press. B) Figure of a glass bead milling. C) Schematic drawing 

of an ultrasonicator. D) Figure of microwave assisted extraction. 
 

1.6.1.2 Glass bead milling 
 

Glass bead milling, also known as glass beating or bead beating [43-46] (Figure 1.3 B), is 

another commonly used method for cell disruption. In this process, sub-millimeter glass beads 
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are directly added to the cell sample and placed in a high-speed shaker or agitator, where the 

cells and beads collide at high speed, promoting the breaking of the cell (Figure 1.3 B). 

Parameters influencing this method include the speed of the shaker, the size of the glass beads, 

and the concentration of the sample [47]. Smaller beads with a diameter of 0.25 to 0.5 mm are 

recommended for efficient cell lysis [45]. The effectiveness of bead milling recycling is 

highlighted in the study by Ho et al. [46], where continuous recycling of bead milling was 

deemed crucial for improved extraction of hepatitis B core antigen from E. coli. Some studies 

have reported poor recovery of proteins using bead milling [40]. A study on Chlorella vulgaris 

microalgae demonstrated high cell disintegration (97%) by bead beating [48], though reported 

poor protein yield (32%), and a loss of water-insoluble proteins was observed. The low protein 

yield could be attributed to the absence of a second cycle of bead beating, especially considering 

the high concentration of cells used. 

 

1.6.1.3 Ultrasonication 

 

Ultrasonication involves rupturing the cell membrane to extract biomolecules using high-

frequency sonic waves generated from a horn-type sonicator to create cavitation bubbles (Figure 

1.3 C). These bubbles gradually increase in size, creating a pore in the phospholipid membrane 

and damaging the cell wall due to the high-pressure build-up. Various parameters influence 

ultrasonication, including acoustic intensity, temperature, cell concentration, and running time 

[49]. Studies have explored the use of ultrasound to enhance protein extraction. For instance, in 

the extraction of proteins from Ascophyllum nodosum (seaweed), which also contains a cell wall, 

ultrasound pre-treatment was found to increase protein recovery by 50% while reducing 

processing time from 60 to 10 minutes compared to conventional extraction methods [50]. In soy 
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protein extraction studies, an increase in sonication time and power was associated with a higher 

yield of soy protein isolate [51]. Although this technique produces very small debris (non-protein 

contaminants), a major limitation is its tendency to generate significant heat due to the high 

power consumption of the acoustic machine. Consequently, protein degradation has been noted 

as a potential drawback [52]. 

1.6.1.4 Microwave Assisted Extraction 
 

Microwave-assisted extraction (MAE) is a process in which solvent extraction is 

combined with microwave heating. This combination exploits the rapid oscillation of polar 

molecules, such as water, induced by microwave energy to enhance the extraction of materials 

from cells containing cell membranes and cell walls, particularly in plants (Figure 1.3 D) [53]. 

When a sample is immersed in a solvent, ion migration facilitates solvent penetration, leading to 

the solubilization of intracellular proteins. MAE aids this interaction by causing internal heating 

of the sample due to the rapid absorption of microwave energy by water molecules within the 

sample. The absorption of microwave energy results in superheating of the sample and rapid 

evaporation. This internal evaporation, occurring rapidly, leads to a build-up of pressure within 

the sample, causing cellular disruption and thereby extraction of proteins. Studies on green 

microalgae (Stigeoclonium and Monoraphidium) as well as diatoms (Nitzschia and Navicula) 

have concluded that higher levels of soluble proteins can be extracted using MAE compared to 

ultrasonication pre-treatment [54]. Another study used MAE to extract proteins from hair 

follicles, comparing it to the conventional Shindai method which uses an extraction buffer 

consists of 5 M urea, 2.6 M thiourea, 20 mM Tris-HCl (pH 8.5), and 5% (v/v) 2-mercaptoethanol 

at 50°C [55]. The study found that exposing hair samples to microwave radiation for 60 minutes 

yielded the same extraction efficiency as the conventional method, which requires 24 hours of 
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extraction at 50°C. Challenges of MAE include the recovery of proteins with low polarity and 

the potential for modification of biological structures [56]. 

1.6.1.5 Pulse Electric Field Extraction 
 

The pulse electric field extraction (PEF) approach was initially employed as an 

alternative to thermal pasteurization of foods due to its ability to inactivate harmful bacteria and 

microorganisms [57]. Subsequently, PEF extraction has been used on microalgae to extract lipids 

for biofuel conversion [58]. Pulse electric field extraction involves the application of an external 

electric field with a duration of micro to milliseconds and an intensity of 10-80 kV/cm. The high 

voltage applied leads to the disruption of the phospholipid bilayer and increased membrane 

permeability [59]. Limited work has been done on this technique for protein extraction. One 

study explored protein extraction via PEF from Chlorella vulgaris, extracting half of the proteins 

within 24 hours of incubation [60]. The study also noted that an increase in biomass 

concentration resulted in a decrease in extraction yield. Possible limitations of this method 

include the inability to monitor parameters in a continuous flow system and potential analyte 

contamination from corrosion and migration of electrode material [61]. 

1.6.1.6 Temperature Dependent Extraction 
 

Thermal lysis for cell disruption is divided into two methods: repeated freezing and 

thawing cycles or the use of elevated temperatures. The repeated freeze/thaw cycle breaks down 

the cell membrane by forming ice crystals which pierce the cell membrane, often achieved using 

liquid nitrogen for rapid freezing. Johnson et al. extracted proteins from E. coli using this 

method, submerging the culture in a dry ice/ethanol bath for 2 minutes followed by submersion 

in an ice water bath for 8 minutes, repeated three times in total [62]. This cycle was found to be 
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the most efficient for extracting highly expressed proteins compared to French press, sonication, 

and enzymatic lysis. However, a disadvantage is the time and energy consumption. 

The second type of thermal lysis involves the use of heat, which denatures the cell 

membrane and protease enzymes, releasing intracellular proteins. Studies on E. coli have shown 

that significant amounts of proteins are released at temperatures higher than 90°C [63]. The 

drawback is that high temperatures can be damaging to proteins, causing thermal aggregation 

[63]. Thermal lysis is considered attractive for micro-scale applications, especially for 

microfluidic platforms, as the small surface-to-volume ratio helps dissipate heat quickly while 

simultaneously rupturing the cell membrane [49]. Subcritical water (water held in a liquid state at 

a higher pressure, above 100°C) has the added benefit of increasing the efficiency of protein 

extraction [64]. A complete accounting of the use of subcritical water for protein extraction will 

be described in Chapter 2 of this thesis. 

 

1.6.2 Cell Extraction Using Chemical Means 
 

Chemical methods permeabilize the cell membrane through the addition of specific 

agents. In enzymatic lysis, substances like lysozyme, proteases, and cellulases are employed to 

digest various cell types. Lysozyme, commonly extracted from egg whites and available 

commercially, catalyzes the hydrolysis of β-1,4-glycosidic bonds found in the cell wall of plants 

[65]. Proteases break down integral membrane proteins, while cellulases digest cellulose in the 

cell wall [66]. 

Another agent that induces permeabilization is the introduction of an alkaline solvent, 

such as sodium hydroxide. Alkaline solvents facilitate permeabilization by breaking down the 

lipid component of the cell wall and are commonly employed in DNA isolation from bacteria 

[67]. This breakdown occurs as alkaline solvents generate OH- ions, which, in turn, cleave the 
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fatty acid glycerol ester bonds, rendering the cell membrane permeable. While this method is 

cost-effective and applicable to various cell types, it is known for its slow processing time (6 to 

12 hours),  and can only be used to extract molecules that are resistant to high pH [68]. 

Detergents, being amphiphilic, play a role in chemical cell lysing. At low concentrations, 

they adsorb to the cell membrane, modifying its permeability; at higher concentrations, they 

induce membrane lysis [27]. Understanding how detergents lyse cells requires examining their 

structure in solution. Detergents form spherical micellar structures at a specific concentration, 

contrasting with phospholipids that adopt a bilayer configuration. This distinction arises from the 

single alkyl chain in detergents, giving them a cone-like shape capable of higher curvature, while 

phospholipids, with their two alkyl chains, exhibit a cylindrical shape and form a planar bilayer 

with lower curvature. When a detergent interacts with a cellular membrane, two processes occur. 

First, the hydrophobic portion of the detergent inserts into the membrane's hydrophobic region, 

inducing curvature stress and promoting cell lysis. Second, if detergent micelles are formed, they 

can extract phospholipids, creating asymmetry in the bilayer and causing additional curvature 

stress [69]. Detergents can simultaneously extract membrane proteins, intensifying stress, a 

mechanism explored further in Section 1.8.5. 

Once proteins are extracted, they can be characterized and quantified in MS. However, 

detergents are also known to have detrimental effects on downstream proteomics processing, 

including enzymatic digestion, LC separation,  and MS detection.  Thus, it is often essential to 

incorporate sample purification steps to eliminate surfactants prior to downstream processing. Of 

course, this can reverse the benefits of solubilizing the protein to begin with. Methods for 

detergent depletion will be discussed in detail in section 1.11. However, at this point, a detailed 

accounting of the method in which proteins are identified through mass spectrometry is 
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warranted.  These approaches are divided into two distrinct workflows: namely bottom-up and 

top-down proteomics. 

1.7 Bottom-up and Top-Down Proteomics 
 

In a proteomics experiment, once proteins are extracted, they undergo a workflow that 

involves the removal of non-protein contaminants such as carbohydrates lipids, salts or 

detergents which may interfere with ESI MS characterization. Subsequently, LC separation of 

proteins simplifies the mixture ahead of their introduction into the MS instrument. Tandem MS is 

employed to identify the protein, either through analysis of peptide segments generated by 

enzymatic degradation of the protein, or by directly profiling the intact protein. The classic, and 

still most common approach, involves the formation and analysis of peptides using an approach 

known as bottom-up proteomics. In the bottom-up approach, proteins can be selectively 

degraded by chemical means, such as by cyanogen bromide (CNBr), which cleaves adjacent to 

methionine residues.  However, more commonly, the enzyme, namely trypsin, is used. The 

formation of tryptic peptides is ideal for MS-based identification, as peptides terminate in lysine 

or arginine residues, creating a fixed positive charge on the C-terminal residue, which adds to the 

positive N terminus. The peptides are of appropriate length (typically 10-20 residues) and are 

generally easy to solubilize, separate by LC, and ionize for mass analysis. In the tandem MS 

peptide sequencing approach, a peptide is first isolated according to a set m/z value and then 

undergoes collisional- induced dissociation to generate a series of peptide fragments. These 

fragments are in turn analyzed, yielding a series of m/z values whose mass difference 

corresponds to specific amino acid residues. The identification of a protein from a peptide is 

achieved by comparing the resultant peptide fragments to the theoretical fragmentation pattern of 

known peptides contained in a database generated from in silico digestion of the parent proteins. 
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Figure 1.4 A) Peptide identification using predicted and experiment MS spectrum. B) Peptide 

identification using generated MS/MS spectrum.  

 

An in silico database searching is favored for its high-throughput proteomic data analysis, 

and typical databases that exist include Uniprot, Ensembl, and RefSeq [70-72]. When the 

database algorithm identifies a theoretical peptide match to the experimental MS/MS data, the 

database assigns a score to every peptide to reflect the confidence level of the match between the 

theoretical and experimental spectra [73]. The score is influenced by various features of the mass 

spectra, such as fragment ion coverage of the peptide, mass error, and signal-to-noise ratio. 

Nonetheless, once a positive identification of a peptide is made, information regarding the 

presence and abundance of the protein is inferred from the identified peptides [70]. Typical mass 

spectra of a peptide result in peptide ions of 2+ or 3+ with a mass window of 500-1800 m/z. 
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Current studies on databases focus on creating tools to improve the identification speed of 

peptides due to the growing complexity of proteomic data. For example, MSFragger, introduced 

in 2017 [74] and advertised as an ultrafast and comprehensive peptide identification database, 

was able to achieve a 100-fold improvement in the speed of peptide identification. Furthermore, 

Sage, introduced in 2023 as another tool, is advertised as a fast and free proteomic search engine, 

achieving a peptide identification speed 10 times that of MSFragger [75]. Current estimation of 

peptide to protein identification have been recorded to be 100 to 200 unique identifications per 

minute [76]. Although peptide-to-protein inference is robust, this method provides an incomplete 

protein sequence, as information regarding modifications (PTMs) or genetic variations is lost. 

The analysis of PTMs is often challenged using bottom-up proteomics methods, since 

PTMs are often the first fragment to be lost in a tandem MS experiment. The PTMs of a 

proteoform, can vary depending on environmental conditions [19, 77-78]. Accurate detection of 

proteoforms is crucial since one form of a protein may dictate a particular state of the organism. 

For example, the presence of phosphorylation in the protein troponin I can be used as a 

biomarker for heart failure [79]. Moreover, phosphorylation has an impact on tumorigenesis [80]. 

It is for this reason that the direct analysis of intact proteins was introduced in 1999 by Kelleher, 

McLafferty and colleagues [81]. This approach was coined top-down proteomics. In top-down 

proteomics, no digestion step is included; detection of the intact protein and associated fragment 

ions theoretically provides 100% sequence coverage of a protein. However, the MS and MS/MS 

spectra of intact proteins are analytically more complex than that of small peptides. Proteins 

adopt high charge states, requiring high resolution mass spectrometry to distinguish. The 

distribution of charge states also make top-down proteomics inherently less sensitive than 

bottom-up. Furthermore, the larger molecular weight of intact proteins contributes to the lower 
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sensitivity, as it results in a broad isotopic pattern, distributing the signal from a single protein 

across a higher number of peaks. [82]. Nonetheless, with the invention of high-resolution MS 

(e.g., Orbitrap), proteoform identification and PTM profiling are possible. Several examples of 

proteoform profiling can be seen in the clinical realm. In one study over 5000 unique proteins 

were identified from H1299 human cancer cells [83]. In another study, over 2000 proteoforms 

were identified from a human fibroblast, aiding in the understanding of tissue repair in humans 

[84]. The use of top-down proteomics has also uncovered a correlation in saliva protein between 

schizophrenic and bipolar disorder patients [85]. Furthermore, top-down proteomics permitted 

the identification of modified alpha-synuclein protein in the brains of Parkinson's disease patients 

that were not known before [86]. Despite the importance of top-down proteomics in the clinical 

realm, maintaining the solubility of intact proteins is a challenging task, especially for membrane 

proteins, which are inherently more hydrophobic. Efforts to expand the identification of 

membrane proteins and membrane proteoforms can only be done when the solubility of the 

proteome is improved. 

 

1.8 Enhancing the Solubility of Membrane Proteins 
 

 The solubilization of a membrane protein requires a strong solubilization solution or 

agent to prevent their precipitation and aggregation in an aqueous solution [87]. Various methods 

have been reported to enhance the solubility of the bulk membrane proteins, including the use of 

organic solvents, formic acid, chaotropic agent, and detergents. When contemplating a 

solubilization method, several considerations must be considered, such as the quantity of 

membrane proteins solubilized and the effect on the downstream proteomic analysis (i.e., 

digestion and MS detection).  
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1.8.1 Organic Solvent 
 

Several studies have reported the utilization of mixed organic solvents for membrane 

protein solubilization [88-93], with 60% methanol being the predominant organic solvent 

employed in the field [88-89,93]. The rationale behind employing organic solvents lies in 

decreasing the number of hydrogen bonds by lowering the solvent's dielectric constant, making it 

amenable to solubilizing non-polar proteins while remaining compatible with MS. Methanol has 

been documented for its efficacy in solubilizing mammalian cells [89], Halobacterium [88], and 

the Escherichia coli membrane proteome [93]. Another study suggested the use of 

trifluoroethanol, highlighting its superiority in solubilizing hydrophobic peptides compared to 

methanol [90]. The choice of trifluoroethanol was adopted from a previous study [94], which 

suggested that the use of the organic co-solvent trifluoroethanol prevents protein losses by 

facilitating protein extraction and denaturation, providing similar results in protein extraction as a 

detergent.  

While 60% methanol is most common in membrane protein work, little data is available 

to support its use. No study has directly measured the recovery of the intact proteome, post-

solubilization with this organic solvent system. Additionally, considering the bottom-up strategy, 

a decrease in tryptic digestion efficiency has been noted with inclusion of 60% methanol [90], 

indicating a detrimental impact on a downstream step. Therefore, alternatives for membrane 

protein solubilization are required. 

1.8.2 Formic Acid 
 

High levels of formic acid have been suggested for solubilizing membrane proteins [95-

97]. Formic acid solubilizes membrane proteins by disrupting intramolecular hydrogen bonds, 

solvate polar amino acids and inducing repulsion by protonating the protein. It is for this reason 

that high levels of formic acid have been used to solubilize milk casein [98], gluten [99], and silk 
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protein [100]. Ma et al. [97] developed an online platform for digestion of rat liver membrane 

proteins, solubilized in 90% formic acid, followed by detection using strong cation exchange and 

microflow reverse phase (RP)-LC with ESI MS/MS. Acid-solubilized proteins were heated at 

90°C for 10 minutes [97], resulting in the successful identification of 235 unique proteins, 

including 91 membrane proteins with one or more transmembrane domains. The use of high 

temperature with formic acid is known to cause covalent modification of the proteins, and thus 

Doucette et al. [101] suggested the use of cold formic acid (-20°C) to minimize modifications, 

while observing similar membrane protein recovery from Escherichia coli compared to 1% 

sodium dodecyl sulfate (SDS). However, a drawback of this approach is its incompatibility with 

the tryptic digestion of proteins. To address this limitation, an alternative method presented in a 

2020 publication introduced the 'Sample Preparation by Easy Extraction and Digestion 

(SPEED)' protocol. This technique recommends the use of 2 M tris base for neutralizing the acid 

before proceeding with tryptic digestion [102]. Alternatively, low pH-compatible digestion 

methods like CNBr and pepsin can be employed.  

1.8.4 Chaotropic Agents 
 

Chaotropic agents, including urea, are known to induce protein solubilization by 

disrupting the hydrogen bonding of water, thereby reducing the ordering of water molecules, and 

simultaneously causing complete unfolding of the protein [103]. The decrease in water molecule 

ordering is what promotes the solubility of non-polar proteins [103]. Numerous studies have 

employed chaotropic agents for protein solubilization. For instance, Chen et al. [104] utilized 

urea to enhance the solubility of proteins in mouse pancreatic cells, observing an eightfold 

increase compared to methanol. Although membrane proteins were identified in the study, the 

quantification of the number of membrane proteins was not reported. Another study used 8M 
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urea to extract proteins from the Plasmodium falciparum parasite. The analysis of the parasite 

proteome identified 1289 proteins, with over 200 insoluble proteins associated with the 

membrane [105]. Additionally, a study on the Saccharomyces cerevisiae yeast proteome, 

involving the solubilization of the proteome with 8 M urea, enabled the identification of 1484 

proteins, including 131 transmembrane proteins [106]. 

Despite these studies, earlier research has cautioned against using chaotropic agents for 

the solubilization of membrane proteins. This is because chaotropes are not capable of 

solubilizing membrane proteins that are directly bound to the lipid matrix of the membrane. 

Instead, detergents are suggested for this purpose [107]. Furthermore, a study by Masuda et al. 

have suggested that detergents is superior to solubilizing E. coli membrane proteome over any 

other alternative including chaotropes [108].  

1.8.5 Detergent 
 

The use of detergents is the most favorable method for solubilizing a wide range of 

membrane proteins [108-111]. A study by Masuda et al. [108] compared the use of detergents to 

other solubilization methods, revealing that, overall, detergents were responsible for the highest 

solubilization of membrane proteins. The best detergent increased the solubility of membrane 

proteins by a factor of 2 compared to the use of organic solvents. Furthermore, Moore et al. [109] 

demonstrated that membrane protein identification in MS increases by 11-fold compared to the 

use of 60% methanol. The reason detergents are effective at solubilizing membrane proteins is 

due to their amphipathic nature, consisting of a hydrophobic tail and a hydrophilic head. Above a 

certain concentration, detergents will aggregate and orient themselves in a spherical shape, with 

the hydrophobic tails facing inward to minimize contact with water and the hydrophilic heads 

facing outward, a structure known as a micelles. The concentration at which these micelles begin 
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to form is referred to as the critical micelle concentration (CMC) of the detergent [112]. The 

formation of these micelles is crucial for the extraction and solubilization of membrane proteins. 

Micelles play a pivotal role by creating a microenvironment that mimics the hydrophobic nature 

of cell membranes. In this environment, the hydrophobic regions of membrane proteins can 

interact with the hydrophobic tails of the detergent molecules within the micelle structure [112]. 

This interaction allows the membrane protein to be securely embedded in the micellar core, 

shielding it from the surrounding water molecules. Essentially, the micelle acts as a protective 

carrier, facilitating the solubilization of membrane proteins in an aqueous solution. The nature of 

the surfactant affects the solubilization capacity of hydrophobic solutes, for example, longer 

chain surfactants tend to result in an increase in the hydrophobicity of the core of the micelles, 

thereby increasing the diffusive entry of hydrophobic species within the core [113]. 

Various types of detergents are available, and they can be classified as either non-

denaturing or denaturing, with the choice of detergent depending on the specific goal of the 

study. Table 1.1 and Figure 1.6 summarizes a series of commonly employed detergents used in 

proteomics analysis workflows [109]. 
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            Table 1.1 Denaturing and non-denaturing detergents. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 
 

 

 

 

Figure 1.5 Structures of various types of detergents. 

 

Surfactant MW(g/mol) Denaturing? Example of use in 

literature 

Sodium Dodecyl 

sulfate (SDS) 

288.38 Yes Mouse brain[114] 

MCF7 [115]  

Sodium deoxycholate 

(SDC) 

414.55 Yes Rat liver, E.coli [108] 

Triton X-100 625 No E.coli, and heart  [116-

117] 

DDM 510.6 No Bovine mitochondrial 

membrane [120] 

CHAPS 614.88 No Rat cerebellum, Spinal 

cord  and Sciatic Nerve 

[119] 
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Denaturing detergents are detergents that do not break protein-protein interactions within 

a protein structure, and only break lipid- lipid or lipid- protein interactions preserving the native 

structure of a protein [109]. They are classified as non-ionic or zwitterionic and are used when 

the goal of the study is to elucidate the protein’s function and examine its native structure. 

Example of such detergents are Triton X-100, DDM, octaethylene glycol dodecyl ether, and 

CHAPS (3-{dimethyl[3-(3α,7α,12α-trihydroxy-5β-cholan-24-amido)propyl]azaniumyl}propane-

1-sulfonate). These detergents have previously been shown to solubilize the microbial cell 

envelope and yeast membrane protein complexes [120-121]. Specifically, DDM (n-dodecyl-β-D-

maltoside) has been previously used to extract and preserve the native structure of membrane 

proteins from E. coli [122]. Additionally, CHAPS has been employed to solubilize the membrane 

protein, bacteriorhodopsin, facilitating the reconstitution of membrane proteins after 

solubilization [123].  

Denaturing detergents, by contrast, are characterized as either anionic or cationic, and 

have the capability to disrupt protein-protein interactions by disrupting hydrogen and ionic 

bonding within proteins. Conventional denaturing detergents, such as SDS and sodium 

deoxycholate (SDC), typically feature a single alkyl chain and a hydrophilic head group (Figure 

1.6). SDS is known to be superior in its improved solubilization of membrane proteins as well as 

its cell lysis capability [108,124]. For instance, a study on bacteriorhodopsin found that using 

0.1% SDS increases its the signal intensity over that of Triton X-100 and CHAPS [125]. Another 

study by Sun et al. identified 2258 proteins using Multidimensional Protein Identification 

Technology (MudPIT) with the inclusion of SDS [126]. Moreover, protein identification with 

microwave-assisted solubilization of E. coli membrane was shown to increase by 20% when 

SDS was added [127]. While the inclusion of SDS notably improves membrane protein 
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coverage, it is also known to be detrimental to tryptic activity, reversed phase separation, and MS 

ionization efficiency. Thus, the potential advantage of improving protein yield with SDS may be 

countered by these downstream negative effects.   

 

1.9 SDS Posing a Problem in Proteomics  
 

As SDS binds to proteins, it tends to disrupt the non-covalent bonds within the protein, 

binding through ionic and hydrophobic interactions. The disruption of the non-covalent bonds by 

SDS causes the protein to unfold, turning it into a linear molecule. The negative charge on the 

sulfate head group imparts a net negative charge to the protein. The presence of SDS in high 

concentrations (over 100 ppm) is detrimental to both LC and MS [128]. In RP-LC, the 

hydrophobic tail of SDS binds to the RP column, serving as an ion exchanger that can delay the 

elution of peptides and proteins. Furthermore, the presence of SDS causes peak broadening, poor 

resolution, and inadequate separation of peptides [129]. SDS can also impede the ionization of 

proteins/peptides by electrospray for MS measurements. High concentrations of SDS alters the 

surface tension of a droplet in ESI, preventing droplets from nebulizing, ionizing, and 

desolvating [130]. Although the signal threshold is at 100 ppm [128], even this slight 

concentration of SDS is known to reduce MS signal intensity and introduces SDS adducts [128]. 

If higher concentrations of SDS are present (~1000 ppm), it could lead to a complete lack of 

ionization of proteins, resulting in a complete loss of signals [130]. Considering the bottom-up 

approach, trypsin digestion is significantly lowered at a concentration of 0.08% SDS [131] as the 

detergent causes the enzyme to lose its tertiary structure. For all these reasons, researchers have 

turned to alternative detergents attempting to circumvent the challenges of SDS. 
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1.10 Alternative Detergents to SDS  
 

Alternative detergents have been introduced and promoted for their compatibility with 

tryptic digestion and/or ESI MS. One such detergent gaining popularity is SDC, recognized for 

its compatibility with both tryptic digestion and ESI MS [132]. The compatibility of SDC with 

trypsin is inherent in nature, as SDC naturally exists in the pancreas, the site of trypsin 

production. Additionally, SDC compatibility with ESI MS is attributed to its easy removal, 

achievable through methods such as acid precipitation with 0.5% trifluoroacetic acid (TFA) at 

pH 2 or ethyl acetate phase transfer [108, 132-134]. In a study comparing the use of 0.1% SDC 

versus 0.1% SDS, Zhou et al. found that SDC identified a greater number of peptides from 

digested rat hippocampal membrane fractions [134]. Moore et al. reported a 26% increase in 

membrane protein identification with the presence of 1% SDC [110]. Furthermore, Lin et al. 

employed a combination of SDS and SDC for optimal proteome coverage: SDS was used for cell 

lysis and protein solubilization, followed by depletion through acetone precipitation. 

Subsequently, the protein pellet was resolubilized with 1% SDC before tryptic digestion [135]. 

Despite SDC's compatibility with trypsin digestion, careful attention to SDC removal must be 

taken as ion suppression is still observed in ESI MS [134]. 

A new class of MS compatible detergents was recently introduced for proteomics 

analysis. These detergents are easily degraded, either by chemical means, such as exposure to 

acid [135], classified as acid-labile detergents, or through exposure to ultraviolet (UV) 

irradiation. Examples of commercially available acid-labile surfactants include RapiGest (3-[(2-

methyl-2-undecyl-1,3-dioxolan-4-yl)methoxy]-1-propanesulfonate) and the MS-compatible, 

acid-degradable surfactant MaSDeS. However, RapiGest has shown limitations in solubilizing 

hydrophobic proteins. Upon hydrolysis with acid, RapiGest generates hydrophobic products that 



30 

 

must be removed via centrifugation, which may lead to a loss of hydrophobic peptides/ proteins 

[135]. This limitation was further demonstrated by Pop et al. [136], where the addition of 

RapiGest reduced the count of membrane proteins compared to a control sample. MaSDeS is 

another acid-labile detergent reported to optimize proteome coverage from tissue samples in 

2015 [137]. However, as of now, no further studies have been published to evaluate its 

effectiveness in solubilizing hydrophobic proteins.  

In 2019, a new degradable detergent, Azo (4-hexylphenylazosulfonate), was introduced, 

utilizing UV light for its degradation before an MS run [138]. Following its introduction, this 

photocleavable detergent demonstrated comparable protein extraction efficacy to SDS [138]. 

Subsequently, in 2020, a bottom-up Azo-aided membrane protein method was successfully 

developed [139]. The effectiveness of this new detergent is still an on-going area of research, as 

no further studies have reported on its use outside of Brown’s group [138-139].  

  Despite the introduction of novel detergent classes, SDS remains the preferred choice due 

to its superior solubilizing capabilities and cost-effectiveness. Everberg et al. conducted a 

comparative study in 2006, including SDS and other nonionic and zwitterionic detergents. They 

concluded that SDS exhibited the highest solubilization recovery, achieving a 95% total protein 

recovery rate [140]. Furthermore, a study by Masuda et al. in 2008 compared 27 solubilizing 

agents, including RapiGest and methanol, and found that SDS was most effective in solubilizing 

membrane proteins, particularly those with multiple transmembrane segments, emphasizing its 

superiority [108]. Therefore, despite the availability of various detergents, the addition of SDS is 

deemed necessary for comprehensive membrane proteome study. 
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1.11 SDS Removal Strategies 

 
The removal of SDS from protein samples in proteomics poses significant challenges due 

to the strong interactions between proteins and the detergent, particularly impacting hydrophobic 

(membrane) proteins. This process becomes even more complex as efforts to eliminate SDS may 

increase the risk of sample loss, especially for hydrophobic proteins that may no longer remain 

soluble without the detergent [129,141-142]. Various methodologies, including column-based 

approaches, solvent-based precipitation, membrane filtration and electrophoresis-based SDS 

depletion, have been developed to address these challenges and enhance the purity of protein 

samples for downstream analyses. 

 

1.11.1 Column Based and Solvent Based Precipitation 

 
Column based SDS removal methods involves the passage of SDS-contaminated samples 

into a chromatographic column in aim to separate the SDS from the protein by binding to the 

SDS or the protein to facilitate separation. These methods are popular for their user-friendly and 

straightforward approach. Various separation column based mechanisms exist, including RP-LC 

[129,143-146], hydrophilic interaction liquid chromatography (HILIC) [147-148], and ion 

exchange chromatography [149], have been developed and commercialized. RP-LC and HILIC 

focus on relative hydrophobicity and protein interaction with water, respectively, while ion 

exchange chromatography exploits differences in net charges between proteins and surfactant 

micelles. While several authors have reported high protein recovery (>90%) post-SDS depletion 

with RP-LC [143-144] under appropriate conditions, others have observed that the application of 

RP-LC for SDS depletion can be disadvantageous in membrane protein studies [146]. This is 

attributed to the use of high organic solvent in RP, leading to aggregation and precipitation when 



32 

 

the SDS concentration is reduced [146, 150-154]. Furthermore, SDS is known to bind to the 

stationary phase while simultaneously binding to peptides [129, 155], thus diminishing the 

recovery of proteins. HILIC columns have also been suggested as a potential separator of SDS 

from proteins [148]. In HILIC, the stationary phase is an ionic resin that becomes hydrophilic, 

allowing polar compounds to partition for separation. However, despite the previous work 

significant losses of protein recovery were noted due to protein precipitation in the column [147]. 

Anion and cation exchange columns have also been used to deplete SDS. In anion 

exchange, negatively-charged surfactant ions (dodecyl sulfate, DS-) are retained on a positively-

charged column. In the context of SDS removal, the negatively charged SDS molecules are 

retained on the column, allowing proteins to be eluted. Several studies have reported the 

effectiveness of this method in depleting SDS, making the samples suitable for MS analysis 

[146, 155-156]. However, protein recovery depends on the protein type, ranging from 50 to 

100% recovery [155]. This variability may be attributed to SDS-bound proteins not eluting and 

basic proteins binding irreversibly to the column [158]. Cation exchange, where a negatively-

charged column retains positively charged proteins, has been employed by Han et al. [157]. 

However, the paper did not quantify the effectiveness of removing SDS, and separation of 

similar charged peptides was found to be challenging. 

Protein precipitation has also been employed for the removal of SDS from proteins [101, 

128]. For instance, Zhou et al. [158] utilized the addition of salt, specifically KCl, to purify 

proteins and remove SDS by precipitating the surfactant as a potassium dodecyl sulfate (KDS) 

product. However, this method was found to be ineffective for depleting SDS directly bound to 

proteins [158], resulting in incomplete SDS depletion. Therefore, precipitation methods focus on 

precipitating the protein rather than the SDS.  
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One approach to precipitate the protein is by changing the pH of the solution. The pH of a 

solvent system plays a crucial role in manipulating protein solubility. Proteins are composed of 

twenty different amino acids, each with distinct acid/base characteristics, including seven which 

exhibit varying net charges depending on the solution's pH. Below its pI, the net charge on the 

protein is positive. Along with the charged surface on the protein enabling ion-dipole interactions 

with the solvent, the positive charges cause repulsion between proteins, overcoming hydrophobic 

attraction forces that would otherwise lead to aggregation. However, at the protein’s pI, where 

the overall charge is zero, hydrophobic attraction forces dominate, leading to aggregation and 

precipitation. This process, however, suffers from a decrease in recovery when working with a 

complex proteome mixture containing proteins with varying pI values. 

Precipitation can alternatively be induced via the addition of organic solvent, particularly 

using acetone [128, 141, 159-161]. This approach has shown to have the highest protein 

recovery. The earliest reported example of organic solvent induced precipitation goes back to 

1907 by Mellanby [152]. The study utilized ethanol to precipitate serum from horses and found 

that optimized precipitation occurs at cold temperatures. Mellanby's findings emphasize the 

significant impact of several factors on precipitation, including time, protein concentrations, 

temperature, and protein types. 

  The rationale behind precipitation with organic solvent is explained through two 

mechanisms. First, the introduction of organic solvent reduces the dielectric constant of the 

solvent [162], resulting in an increase in the attractive forces between two oppositely charged 

proteins [163]. This phenomenon can be elucidated by Coulomb’s law, where the force 

(attractive or repulsive) (F) between two charged points in a medium is proportional to the 
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distance (r) between them, the charges of the two points (q1 and q2), the permittivity of a vacuum 

(ɛo), and the permittivity of the medium (ɛr). Equation 1.1 describes Coulomb’s Law. 

 

 

1.1 

 

The second mechanism involves the dehydration of proteins due to reduced water-protein 

interactions. This reduction occurs because water prefers interactions with the solvent over 

interactions with proteins, leaving less water to interact with the proteins. This promotes 

precipitation through aggregation, primarily driven by hydrophobic-to-hydrophobic interactions 

among the proteins. Various organic solvents have been explored for protein precipitation [90, 

130]. Acetone and chloroform-methanol-water (CMW) stand out due to their efficacy in 

depleting approximately 2% SDS (both bound and unbound) to levels compatible with LC-MS, 

all while ensuring high recovery rates [110, 164]. In a study from our group by Nickerson et al. 

[151], the use of a combination of 80% acetone, high salt concentration, and elevated 

temperature demonstrated exceptional purity and recovery of 98 ± 1%. Despite the high 

recovery, protein precipitation has its limitations, including the need for careful sample handling, 

particularly when dealing with masses below 5 µg, where spotting the protein pellet in a vial 

becomes challenging. Additionally, once proteins are precipitated, an alternative MS-compatible 

re-solubilization method is required, potentially introducing the risk of further protein loss. To 

remedy this issue of sample handling, an evolution of membrane assisted filtration for SDS 

depletion was developed [165]. 
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1.11.2 Membrane Filtration 

 

Membrane filtration is a process involving the use of a commercially available molecular 

weight cut-off (MWCO) dialysis membrane to selectively eliminate low molecular weight 

species, such as SDS, from high molecular weight counterparts like proteins [168]. Various 

brands of cellulose dialysis MWCO membranes, such as SnakeSkin™, Slide-A-Lyzer®, and 

Pierce™, are available with different weight cut-offs. Conventional dialysis alone can remove 

SDS through diffusion across the MWCO, but it proves inefficient in eliminating SDS directly 

bound to proteins. In 2005, Manza et al. [167] applied the use of a MWCO membrane and 

centrifugation for SDS depletion from peptides. Their method utilized commercially available 

microcentrifugation spin filters. A suspension of SDS-containing proteins in an ammonium 

bicarbonate buffer was placed into the spin cartridge. Multiple centrifugation cycles were 

employed to facilitate SDS passage through the MWCO into the bottom chamber. Subsequently, 

proteins underwent reduction, alkylation, and digestion to generate peptides. Manza et al. [167] 

successfully achieved a significant reduction in SDS to a level where tryptic digestion was 

possible. They observed that utilizing MWCO membranes with lower cut-offs, such as 3 kDa or 

5 kDa, resulted in a higher recovery of smaller proteins or peptides compared to larger MWCO 

membranes with cut-offs of 20-30 kDa. This finding underscores the importance of selecting an 

appropriate MWCO membrane to balance the removal of SDS while retaining the target 

molecules based on their molecular sizes. 

In 2009, a significant modification to Manza’s method was introduced, marked as a breakthrough 

paper by Wisniewski et al [165]. This modification involved the substitution of ammonium 

bicarbonate with 8 M urea to make what is now known as filter- aided sample preparation 

(FASP). In doing so, Wisniewski et al. were able to employ higher concentrations of SDS (4%) 
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and effectively reduce the detergent to levels below the critical micelle CMC, permitting MS 

analysis [168-169]. The use of high levels of SDS permitted the solubilization and identification 

of various protein types including membrane proteins. This protocol demonstrated removal 

efficiency of 99.99% for SDS; nevertheless, some studies have reported up to a 50% protein loss 

[90, 141, 170] attributable to incomplete protein digestion. To address this, various 

enhancements to the FASP protocol have been implemented. For instance, the substitution of 8 

M urea with 0.2% SDC has been employed to improve digestion efficiency [168]. However, it is 

important to note that SDC still required removal before proceeding to MS analysis. 

Additionally, researchers have explored alternative formats, such as the utilization of a 96-well 

plate (96FASP) [171] to enhance sample throughput.  

To decrease processing time and sample loss, several competing strategies have been 

introduced. For example, suspension trapping (S-Trap) [172] uses a tip composed of borosilicate 

glass or quartz to trap a protein after it is precipitated using a methanolic solution to facilitate the 

depleting of SDS prior to reduction, alkylation and digestion. This process was shown to 

decrease the processing time from 3 h by FASP to 15 minutes [173]. Other strategies such as In 

Stage Tip (iST) and single solid phase recovery (SP3), also permitted the isolation and digestion 

of purified protein offering greater recovery for low sample quantities [174-177]. While iST 

includes the use of a pipet tip packed with a C18 stationary phase, SP3 uses paramagnetic beads 

to facilitate digestion and protein retention.  

The ProTrap XG was introduced by Crowell et al. from this group in 2015 [178], which 

served the purpose of (partially) automating acetone precipitation for protein sample preparation. 

The ProTrap XG uses a two-stage spin cartridge which contains a polytetrafluoroethylene 

(PTFE) membrane to capture protein post-precipitation with acetone. The precipitation cartridge 



37 

 

facilitates both quantitative recovery and 99.75% SDS depletion within a brief 2-minute 

precipitation step [150]. The final output of the ProTrap XG can either be intact proteins, 

requiring re-solubilization, or peptides undergoing digestion within the cartridges. Despite the 

availability of the aforementioned SDS depletion strategies, significant protein loss remains a 

challenge. For instance, in proteomic experiments that demand intact proteins for top-down 

proteomics workflow, the ProTrap XG can be utilized. However, the precipitation and re-

solubilization process may introduce the risk of sample loss. Additionally, these methods lack 

automation, being entirely manual. Therefore, to enhance sample throughput, and reduce the risk 

of sample loss, an alternative method called transmembrane electrophoresis (TME) was 

developed. 

 

1.12 Transmembrane Electrophoresis 

 
TME is a form of electrodialysis introduced by the Doucette group in 2016 [179]. It 

utilizes a combination of MWCO dialysis membranes and an applied electric field to effectively 

remove SDS, including both free and protein-bound forms, from the protein sample (Figure 1.6) 

[179]. The concept of using an electric field in conjunction with a dialysis membrane for SDS 

depletion from proteins dates to 1975, as demonstrated by Tuszynski and Warren [166]. In their 

study, they employed a modified electrophoretic gel de-stainer with a dialysis membrane to 

facilitate the removal of both protein-bound and free SDS from bovine serum albumin (BSA) 

and cytochrome c within 11 hours at a 20 mA current. Tuszynski and Warren's device was later 

employed with variations in the recorded protein recovery, and this has been attributed to 

differences in membrane pore size, the type of buffer used, and the strength of the electric field 

[180-181]. With the introduction of TME, the long experimental times in conventional 
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electrodialysis have been improved, owing to an increase electric field strength and minimal 

human intervention.  

TME initially demonstrated successful depletion of SDS to below 10 ppm within 1 hour 

of operation, both from simple protein solutions (BSA) and complex proteomic samples 

(Escherichia coli proteome extract) [179]. The increase in the rate of SDS depletion is attributed 

to the increase in the applied electric field that TME operated under (see Section 1.12.1). 

Although this accelerates the rate of SDS depletion, Kachuk et al. [179] noted an upper limit on 

the electric field that can be applied due to the generation of heat in the system, resulting in a 

considerable reduction of protein recovery (<50%) due to aggregation. The generated heat is 

known as Joule heating (see Section 1.12.4) and is a result of kinetic energy transferred to 

thermal energy after charged particle collision.  
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Figure 1.6 A) Image of assembled TME with buffer chambers and a sample inlet. B) Top view 

image of the inside of the sample chamber to see the placement of the MWCO membrane. C) 

Image of disassembled TME device prior to tightly sandwiching the membrane between the 

buffer chambers. 

  

  

Subsequent refinements to TME aimed to address the issue of heat generation. Kachuk et 

al. initially proposed cooling the TME device to -20°C, cooling the buffer, and implementing 

manual pauses and sample mixing to disperse heat. Nevertheless, these methods are labor-

intensive, demanding constant human intervention and consequently prolonging the experiment, 

leaving automation incomplete. Two years later, The Doucette group [182] enhanced the TME 
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design by the simple addition of magnetic stirring bars, which dispersed the heat generated, thus 

minimizing the need for intermittent pausing of the applied voltage to prevent overheating. 

Addition of stirring allowed a 2.5-fold increase in the magnitude of the applied electric field, 

thereby reducing the TME experiment to 10 minutes. In 2020, Jakubec et al. [183] introduced 

further enhancements to the TME method by incorporating a circulating cold water system to 

continuously cool the TME running buffer. They further reduced the TME dimensions including 

the introduction of substantially thinner sample cartridges (as low as 3 mm, compared to the 1 

cm original design). This innovation effectively reduced Joule heating, enabling a reduction of 

99.9% in SDS, from 5000 ppm to <5 ppm, within 5 minutes. However, the integration of the 

cooling device adds complexity to the TME setup; a constant flow of cold water through glass 

tubing via a water pump further posed a safety concern with risks of water spills adjacent to the 

high-voltage TME system. As such, TME still necessitated human intervention, including 

manual sample insertion/withdrawal and power voltage control. This indicates that achieving 

complete automation in TME is still an area for improvement. 

 

1.12.1 Principles of Electrophoresis 
 

In the previous section, TME was introduced as an electrodialysis process in which 

electric field facilitates the transport of ions through a semi-permeable membrane. When a power 

supply generates electrical potential, electrons travel from the anode (+) to cathode (-), leading to 

electrolysis. At the cathode, water molecules undergo reduction to form hydrogen gas and 

hydroxide ions (OH-). At the anode, water molecules are oxidized, releasing oxygen gas (O2) and 

protons (H+). The electric field causes a net flow of positive ions in solution to migrate towards 

the cathode as well as negative ions towards the anode (Figure 1.7); the buffer resists a 
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significant pH change. Both free and protein-bound SDS are attracted towards the anode. 

However, the presence of the MWCO membrane prevents the passage of large proteins, though 

allows SDS to pass through.  

 

Figure 1.7 Depiction of the movement of SDS and protein in TME SDS is attracted to the 

positive anode due to the negative charge. 

 

 

The movement of SDS across a membrane is facilitated by the electric field (E), 

proportional to the applied voltage (V) and inversely proportional to the distance (d) (Equation 

1.2). In TME, the distance is fixed (~ 15 cm). 

                                                                                                                           1.2 

 

The voltage can be calculated based on Ohm’s Law (Equation 1.3) which describes the 

relationship between voltage, current (I) and resistance (R) 
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                                                                                                                 1.3 

 

Ohm’s Law describes a linear relationship between resistance, applied current, and 

applied voltage. When the current (the flow of charged particles) increases, there is a 

corresponding increase in voltage, assuming the resistance remains constant. This rise in voltage 

results in an elevated electric field, as expressed by Equation 1.2 [182]. TME is typically run at a 

constant current, with both the voltage and resistance changing over the course of a run. In a 

constant current run, the voltage drop will not be uniform across the TME, especially near the 

membrane where the highest resistance is located. This is due to a decrease in ion flux ions 

across the membrane. Furthermore, resistance will change as a function of temperature during 

TME operations, which again is not uniform across the system and complicated by heat loss (see 

section 1.12.4). This heat generation alters the overall viscosity of the buffer solution and 

changes the porosity of the membrane, leading to a decrease in resistance over time. Another 

factor affecting the resistance in the TME is the buffer composition which also contributes to the 

overall electric field in the TME. 

 

1.12.2 Solution Composition and Resistance 
 

The electrical resistance of a solution is inversely proportional to the conductance of the 

solution, representing how well a material obstructs the flow of electricity. Conductance, on the 

other hand, is a measure of the charge mobility when an electric field is applied [182]. Several 

factors influence the conductivity of an electrolyte, including ionic strength, the nature of the 

electrolyte, and temperature [182]. Typically, as the concentration of ions increases, the 
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conductance of the electrolyte also increases, as illustrated by Equation 1.4 described in [184-

185].  

  

zc F 1.4 

Where σ represents the conductivity of an electrolyte measured in siemens (S/m), and ʌ is 

the molar conductivity, which is the sum of the molar conductivity of individual ions (S·m²/mol). 

In the equation, c stands for the concentration of ions (mol/L), µep denotes the electrophoretic 

mobility of ions (further explained in section 1.12.5), z is the ionic valence, and finally, F 

represents Faraday's constant. Therefore, a solution that contains or generates higher 

concentration of ions will more likely become a better conductor of electricity. As described by 

Klien et al. [184], adding ions will increase the viscosity of the solution, decreasing 

electrophoretic mobility (Section 1.12.5) and thereby eventually adding enough ions, the 

decrease in electrophoretic mobility will prevail over the increase in ionic concentration leading 

to overall decrease in conductivity. Moreover, an increase in the temperature of a buffer solution 

will enhance electrophoretic mobility due to a decrease in solution viscosity [187] (section 

1.12.5), resulting in an overall decrease in resistivity. Returning to Ohm’s Law (Equation 1.3) 

and considering that a TME experiment is typically conducted at a constant current [182-183], 

increasing the resistivity of a buffer will lead to an overall increase in voltage and electric field. 

This outcome can be favorable in a TME experiment where the main goal is to deplete SDS 

while retaining protein. 
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1.12.3 SDS Flux in TME 
 

Unterlander et al. [184] emphasized that increasing the electric field corresponds to an 

escalation in the rate of SDS depletion. The flux of DS- ions across the MWCO membrane is 

described as the sum of the diffusion, electromigration, and convection forces. This relationship 

is summarized by the Nernst-Planck (NP) equation (Equation 1.5). 

 
                                                                                                                 

1.5 

 

Where J is the diffusion flux ( ) D is the diffusion coefficient ( ), c is the 

concentration of the ion, x is the position of the ion relative to the membrane, z is the valence of 

the ionic species, e is the elementary charge, KB the Boltzmann constant, T is the temperature 

(K), E the electric field ( is the velocity of the solvent (m/s). In a TME experiment, the 

diffusion term is negligible compared to electromigration [184]. Convective transfer is also 

negligible since the two buffer chambers (Figure 1.6) are separated, and the only way a fluid can 

transfer is through the membrane. Therefore, in a high current (and electric field), the influx of 

SDS ( ) can be simplified to (Equation 1.6). 

                                                                                                                                          1.6 

Taking the integral of Equation 1.7 reveals the exponential decay function of SDS in 

TME (Equation 1.7). 

 

                                                                                                                                          1.7 
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Where represents the concentration of SDS at time (t),  is the initial 

concentration of SDS, and 𝜆 represents the decay constant. The rate of SDS depletion can also be 

expressed in terms of the depletion half-life (t1/2).  

                                                                                                                                         1.8 

The exponential equation of SDS depletion relies on two key factors: a constant electric 

field and constant temperature. While these assumptions may hold true at low currents, the 

introduction of Joule heating at high currents disrupts the exponential decay trend. This occurs as 

a result of faster ion movement due to the lower viscosity of the buffer. While one might initially 

consider this effect positive, accelerating the rate of SDS depletion in TME, complications arise 

with elevated temperatures leading to protein aggregation and precipitation.  

 

1.12.4 Moving Ions Leads to Joule Heating 
 

In an electrophoresis experiment, heat is always produced, and the generation of heat (H) is 

proportional to the resistance of the conductor (R, measured in ohms (Ω)), the flow of current (I, 

measured in amperes (A)), and the duration of the experiment (t, measured in seconds (sec)). 

                                                                                                                                           1.9 

Eijkel et al. [188] have demonstrated an alternative method to represent the heat generated in a 

circular channel through which the ion is moving (see Equation 1.10). 

                         c                                                                                                              
1.10 

The above equation includes the variables: h, representing the height of the channel; a, 

denoting the aspect ratio (the ratio of height to width)  (  indicating the molar conductivity 
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of the buffer used; and c, representing the concentration of the buffer, and Vs is the voltage 

across the channel . The equation reveals that reducing the height of the channel and the aspect 

ratio will result in a decrease in Joule heating. The effect of channel dimensions becomes 

important in an electrophoretic technique known as capillary electrophoresis (CE), which has 

proven to be powerful in the field of proteomics [189-190]. CE is known for its speed, automated 

injection, minimal sample handling, and small volume injection [191]. Seeing that CE is also an 

electrophoretic system, just like the TME, it suggests the possibility of manipulating CE to 

perform an SDS depletion experiment. 

 

1.12.5 Electrophoretic Mobility and Capillary Electrophoresis 
 

Capillary electrophoresis is a powerful separation technique introduced by Jorgenson and 

Lukacs in 1981 [192]. CE is used to separate ions based on their difference in mobility when 

influenced by an electric field. The principle of the separation technique can first be explained by 

understanding Coulomb's law and Stoke’s law. When an electric field is applied in an 

electrophoresis, a force (Fe, measured in joules per coulomb), is applied to the ion and results 

from the product of the electric field (E, measured in volts per centimeter) and the net charge (q). 

This force is described by Coulomb's law (Equation 1.11). 

                                                                                                                                         1.11 

 The net charge (q) is measured in coulombs and can be represented as the product of the 

charge number (z) and the elementary charge (e). As the charged ion moves toward an electrode 

with opposite polarity, another force acts on the charged particle, opposing the motion of the ion. 

This force is known as the drag force (Fdrag) , and can be expressed by Stoke’s law 
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(Equation 1.12). Stoke’s Law indicates that the drag force is equal to the product of the velocity 

of a particle v ( ) and the frictional coefficient f ( . 

                                                                                                                                         1.12 

The friction coefficient of a charged ion is proportional to its size, shape, and the 

viscosity of the medium for a spherical particle can be represented by 6πηr, where η is the 

dynamic viscosity ( ), and  is the ionic radius (m). Once the electric field is applied across the 

medium in electrophoresis, the charged particle will quickly reach a steady state, where the Fe is 

equal to the Fdrag. This result in a constant velocity is known as the ion’s drift velocity ( ) 

and is represented by (Equation 1.13). 

                                                                                                                                                                   1.13 

This means that the velocity of an ion in an electric field is affected by its charge, size, 

the viscosity of the medium, and the magnitude of the electric field. The way the ion responds 

when an electric field is applied, due to its charge, size, and the viscosity of the medium, is also 

known as its electrophoretic mobility (µep has the units ( and is expressed as the following:  

                                                                                                                                         1.14 

 In CE, the apparent electrophoretic mobility, also called total mobility, is sum of both 

electrophoretic mobility and the mobility due to electrososmosis. The apparent velocity of an 

analyte ion can be determined based on the total electrophoretic mobility (  by combining 

equations 1.13 and 1.14 and replacing  with . The total electrophoretic mobility is defined 

as the sum of the electrophoretic mobility due to the electric field and due to electroosmosis: 
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                                                                                                                                       1.15 

This equation demonstrates that the velocity of an ion is influenced by the length of the 

capillary (L), voltage (V), and the total electrophoretic mobility ( ). 

 Electroosmosis is the reason why neutral species (e.g., H2O) in CE are not stationary 

when an electric field is applied. To explain this phenomenon, one would need to take a closer 

look at the composition of the capillary in a CE experiment. The walls of the capillary use in CE 

have exposed silanol groups and carry an overall negative charge when the pH > 4, due to the de-

protonation of the silanol (-SiOH) to form silanate (-SiO-) [193] (Figure 1.8). The overall 

negative charge attracts cations from the buffer, some of which bind tightly to the silanate group, 

forming a fixed layer to partially neutralize the negative charge on the capillary walls. Since 

cations only partially neutralize the negative charge on the capillary walls, additional cations 

form another layer known as the diffuse layer, containing a higher concentration of cations than 

in the bulk of the buffer. The formation of this electric double layer, where the concentration of 

cations is higher very close to the inner capillary walls, causes a net pull of the buffer toward the 

cathode (negatively charged electrode) when the potential is applied. 

 

Figure 1.8 Figure of the different layers formed inside of the capillary tube in a CE experiment. 

The net charge of the inside of the capillary is zero; however, the distribution of the charge is 

different. Near the wall, the overall charge is negative, which decreases until a net of zero charge 

is found in the bulk layer. 
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The electrophoretic mobility due to electroosmosis ( ) of the buffer is proportional to 

both the potential at the diffuse layer (zeta potential (ζ)), the dielectric constant of the buffer (ɛ) 

and the buffer’s viscosity (η).  

                                                                                                                                       1.16 

 As mentioned above, the total velocity of an ion in an electric field is the sum of its 

electrophoretic velocity and the velocity of the electroosmotic flow. Consequently, all charged 

and neutral ions move in the same direction due to the strong electroosmotic flow. However, 

their speeds differ, with cations being the fastest (since their electrophoretic velocity is in the 

same direction as the electroosmotic flow velocity), followed by neutral ions, and finally, 

negatively charged ions. 

The formation of electroosmotic flow enables high-resolution separation of ions, creating 

a flow profile known as plug flow. In plug flow, each component of the sample travels through 

the capillary at the same rate, reducing the dispersion of individual sample bands that typically 

occurs in hydrodynamic flow and improving separation efficiency. This is advantageous for 

achieving sharp and well-defined peaks in the chromatogram or electropherogram, enhancing the 

overall resolution of the separation. 

Recent data have demonstrated that CE can achieve a resolution of up to one million 

[194]. The high-resolution capabilities of CE, combined with its ability to predict the 

electrophoretic mobility of peptides and proteoforms make this device attractive in the field of 

proteomics. The Yates and Lubman groups were pioneers in the initial ideas of using CE-MS for 

analyzing complex peptide mixtures [195-196]. Subsequently, research has focused on 

enhancing the coupling of CE to ESI-MS interfaces [197-198]. The potential use of CE for SDS 
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depletion could enhance the proteomic workflow, starting with SDS depletion followed by 

peptide fractionation for improved throughput of proteomic sample preparation. 

 

1.12.6 Turning a CE system Into TME 
 

It was demonstrated in the previous sections that both CE and TME are forms of 

electrophoretic experiments, where an electric field is applied to cause a separation of molecules. 

Furthermore, it was shown that CE has an advantage over TME by generating less heat due to 

the smaller channel where ions are moving. In this section, further advantages of CE will be 

demonstrated. Firstly, CE has previously been successfully coupled with MS [199-203], allowing 

for an increase in the throughput of protein analysis in a CE experiment vs TME. Second, CE has 

an automatic sample introduction system while TME requires manual pipetting and removal of 

sample, and finally CE has the potential of complete automation for bottom-up and top-down 

proteomics. Each of these advantages will be discussed and some examples will be given. 

The first advantage of CE is the coupling of CE to ESI-MS, which requires a means to 

complete the circuit between CE and MS. For example, in 1988, Smith’s group developed a 

coaxial sheath-flow interface [197], which utilizes a sheath-liquid flowing coaxially in a metal 

capillary tubing which eventually mixes with the CE buffer. The sheath-flow interface have since 

been improved to enhance its sensitivity as the mixing of analyte with the buffer from the CE 

dilutes the analyte. One way to increase sensitivity is to reduce the flow rate of the sheath liquid. 

Maxwell et al. [200] developed a junction-at-the-tip type CE-MS interface, providing a stable 

ESI spray with increased sensitivity due to a significantly lower flow rate of the sheath liquid. 

Others have explored different interfaces to enhance sensitivity. For instance, Moini [201] 

introduced the sheathless interface, replacing the liquid circuit with a capillary having a porous 
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zero-dead-volume material at the capillary outlet to decouple the electric field for CE operation 

from the ESI field for MS. Another injection mode is the electro-kinetically pumped sheath flow 

which has been developed and refined [202-203]. In this approach, a high potential is applied at a 

sheath reservoir, inducing an electroosmotic flow. This electroosmotic flow acts as a pump, 

propelling a slow flow (nanoliters per minute) of the sheath liquid, offering high sensitivity, 

robustness, and ease of use.  

The second advantage CE offers is the automatic introduction of samples into the system. 

Automatic sample introduction allows for increased throughput and greater reproducibility [204]. 

In CE, samples must be injected into the capillary, and there are two methods to accomplish this: 

electrokinetic injection and hydrodynamic injection. In the electrokinetic approach, a voltage is 

applied to inject the sample into the capillary, with the sample loaded into the capillary via 

electrophoretic and electroosmosis mobility. This method is used for solutions that are highly 

viscous or to preferentially inject cations, but it is more prone to reproducibility issue. Therefore, 

it is not the favored injection approach among CE experiments, as samples with high 

electrophoretic mobility are introduced more rapidly lower than those with electrophoretic 

mobility [205]. Hydrodynamic injection, on the other hand, introduces the sample by applying 

pressure or vacuum, making it less prone to biases associated with the sample's composition. The 

amount of sample introduced depends on the duration of the applied pressure at the inlet or 

vacuum at the outlet [206]. Several modifications to hydrodynamic injection have been 

introduced [206-208], with the most recent modification reporting injection volumes as low as 4 

nL with a relative standard deviation of injection <1% [209]. The injection techniques 

demonstrated in CE are completely autonomous, minimizing errors in sample handling compared 

to TME. 
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Moreover, CE-MS has been proven to perform online bottom-up and top-down 

proteomics. For instance, both the Zare and Dovichi groups have integrated online enzyme 

microreactors for bottom-up proteomics in 2004 and 2007, respectively [210-211]. CE has also 

been proven valuable for top-down proteomics. A recent review by Lubeckyj et al. [194] asserted 

that CE can achieve plate counts of up to 106 for proteoform separations. Li et al. combined 

thirty 25-minute CE-MS runs, enabling the identification of 30 proteoforms [212]. Moreover, 

McCool et al [213] developed a 3D-orthogonal separation method coupled to CE-MS. The 3D-

orthogonal separation was with size exclusion chromatography and RPLC, identifying 5700 

proteoforms in E. coli, marking the highest number of proteoforms identified to date. Complete 

automation of the sample injection can also be achieved in CE. However, achieving full 

automation in sample preparation remains a challenge. Before protein digestion, proteins need to 

be extracted and solubilized. Therefore, developing an automated process for protein extraction 

from cells, followed by protein purification in a CE, would significantly contribute to boosting 

sample throughput and facilitating the analysis of various samples. 

 

1.13 Summary of Thesis 
 

In the preceding section, a persistent drive within the field of proteomics for increased 

throughput, achieved through the complete automation of processes, including extraction, 

solubilization, and detection, particularly when dealing with limited sample quantities was noted. 

Despite the existence of downstream MS enhancement platforms designed for more sensitive and 

higher-resolution MS, the complete automation of sample preparation remains a challenge. The 

pursuit of fully automating protein extraction, purification, and subsequent detection is an 

ongoing challenge.  
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The first chapter focuses on automating and increasing the throughput of the initial step 

in sample preparation, namely protein extraction. It describes how subcritical water and SDS can 

be utilized to enhance the extraction of intact proteins from cells in a flow-through manner, 

achieving high recovery rates. The second chapter explores the removal of SDS in proteomic 

samples, by including an organic solvent, namely 40% methanol, to enhance TME. This method 

not only accelerates the SDS depletion process but also enhances the recovery of hydrophobic 

proteins within the TME. The final chapter continues the discussion of SDS depletion, aiming for 

full automation of the TME device. It introduces a new device, namely cap-TME, which is 

capable of significantly increasing the throughput of SDS depletion through an automated, flow-

through process, surpassing the capabilities of the traditional TME. 

This thesis aims to showcase various strategies aimed at increasing the throughput of 

sample preparation, encompassing both protein extraction and purification, while ensuring a high 

recovery of proteins. The research described here achieves this by leveraging the benefits of 

using SDS for high throughput and high recovery of intact proteins from difficult to extract 

biological samples.. Additionally, it addresses the high efficiency removal of SDS from protein 

samples ahead of mass spectrometry, with attention to retaining high protein recovery throughout 

the purification process. Finally, this thesis introduces an approach for fully-automated, high 

throughput protein sample processing in CE, potentially offering a streamlined process that can 

potentially be seamlessly coupled with MS for comprehensive protein analysis. 
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CHAPTER 2  Accelerated Recovery of Intact Proteins 

From Hemp Seeds (cannabis sativa) by SDS-Assisted 

Subcritical Water Extraction  
 

2.1 Introduction 
 

Efficient cell lysis and proteome solubilization are crucial early steps in the proteomic 

workflow required to enhance proteome characterization using MS. The simplicity of proteome 

extraction depends on the nature of the sample; for instance, human plasma or urine proteins may 

already be in solution, requiring minimal effort to isolate. Conversely, challenging biological 

matrices, such as plant cells, necessitate rupturing of the tough cell wall to release proteins from 

their membranous environments [214]. Plant proteome analysis, especially for systems like hemp 

seeds, faces additional hurdles due to the presence of secondary metabolites, including lipids, 

carbohydrates, pigments, and phenolic compounds, which can potentially interfere with 

downstream analysis [215]. It is for this reason that plant proteome analysis has generally lagged 

that of animal and bacterial proteome analysis [216]. Despite being considered a valuable 

sustainable food source, hemp seed have seen little work in the literature in proteome analysis, 

partly due to historical bans and morphological similarities with cannabis [217].  Recently, with 

hemp seeds being legalized in various countries, there is a growing interest in their proteome 

analysis, driven by factors such as low concentrations of antinutritional factors [218-219], and 

potential applications in nutraceuticals, and functional foods [220-221]. The importance of 

proteome analysis in hemp seeds is derived from their significant protein content, which 

facilitates easy digestion [218]. As noted in several studies, hemp seeds are rich in the proteins 

edestin and albumin which contain high levels of essential amino acids [222]. Furthermore, hemp 

seeds are known to be rich in methionine and cysteine [223], which are known to have a role in 

metabolism, oxidative stress, and disease [224]. 
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Various cell lysis methods, including microwave-assisted extraction, high-pressure 

homogenization, bead milling, and ultrasonication, aim for complete lysis, proteome 

solubilization, and minimization of non-protein interferences [225-228]. However, these methods 

are static (i.e. the extraction is stationary), lacking flow-through extraction capabilities, 

potentially posing scalability challenges and introducing solubilization bias toward highly 

soluble proteins [56]. In the case of hemp seeds, several studies have employed NaOH at pH 10 

to extract hemp seed protein isolate to study the physiochemical properties and functionality for 

human consumption, [229-233] followed by precipitating the proteins based on their isoelectric 

point.  

For instance, Dapčević-Hadnadev et al. [229] first milled the hemp seeds then suspended 

them in an alkali solution to isolate the hemp seed protein and study their physiochemical 

properties and functionality, concluding that the native structure of protein is preserved with the 

alkali solution and isoelectric point precipitation. A similar approach was taken by Tang et al. to 

also study the physiochemical structure of hemp seed protein isolate and compare it to soybeans 

[230]. The alkali extraction method, however, exhibits low throughput (2-3 hours of extraction), 

and all these methods require protein resolubilization after precipitation, resulting in significant 

protein losses with yields varying between 50-70% [232]. The use of alkali method has been 

compared to other methods of micellization, where defatted hemp seed sample would be 

submerged in NaCl solution followed by stirring for 2 h and finally dialyzing using MWCO 

membrane [233], though this method results in poor extraction efficiency in comparison to the 

alkali method [233]. Another common approach uses a buffer cocktail with 50 mM Tris–HCl 

(pH 7.2), 50 mM NaCl, 1% v/v CHAPS, and protease inhibitor [217] with overnight stirring. 

This method was successful in characterizing 181 proteins from hemp seed, representing the 
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largest characterized hemp seed proteome to date [217]. Despite the variety of extraction 

methods for hemp seeds, they still face the challenge of low throughput as the methods require 

from two hours to overnight stirring in the solvent, hindering large-scale studies of this seed. 

An extraction method that has recently been adapted to offer dynamic extraction (i.e. 

samples are continuously flow through for extraction) is sub-critical water extraction (SWE) 

[234]. Subcritical water refers to water in the liquid state at temperatures above 100°C and below 

374°C, as sustained by the appropriate pressure. A previous study by Sereewatthanawut et al. 

[64] on de-oiled rice bran has shown that increasing the temperature of water to subcritical levels 

(200°C) lead to improved protein yields, though the rice bran had to be heated for 30 minutes to 

obtain high recovery. Furthermore, Wiboonsirikul et al. [235] explored the extraction of proteins 

from sunflower seeds, whereby maximum extraction efficiency was obtained at 130oC when 

heated for 30 minutes.  SWE has also been used to extract protein hydrolysate from de-oiled rice 

bran [64], black rice bran [235], defatted rice bran [236], Brewer’s spent grain [237], and 

flaxseed [238]. In all these studies, the researchers found that the conditions employed to 

maximize protein recovery also resulted in significant thermal degradation of protein and an 

increase in protein hydrolysis due to the high temperature used (>200°C).  

In the field of proteomics, the primary application of subcritical water has revolved 

around the hydrolysis of proteins into amino acids and peptides. Subcritical water induces 

protein hydrolysis by altering the physiochemical properties of water at subcritical levels. At 

room temperature (25°C), the product ion constant (Kw) of water is 10−14. However, this value 

increases with rising temperature due to the stretching and vibrations between oxygen and 

hydrogen molecules, leading to the formation of more hydroxide and hydronium ions. The 

increase in ion concentration renders the water more reactive, enabling it to act as an acid or a 
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base and facilitating hydrolysis. Several proteomics studies have investigated the hydrolysis of 

proteins. For instance, Abdelmoez and Yoshida [239] utilized subcritical water to examine the 

hydrolysis of BSA, observing that at temperatures between 200 to 225°C, a minimal amount of 

amino acids were produced within 2 minutes of heating, and the number of generated amino 

acids increased with increasing temperature and duration of heating. Ueno et al. [240] explored 

the impact of subcritical water on amino acid production from fish gelatin. They noted amino 

acid production at 240°C, though they suggested that peptides were initially formed. Regarding 

peptide production, Jung et al. [241] demonstrated that a combination of preheating with 

subcritical water at 200°C and trypsin digestion led to enhanced trypsin digestion efficiency in 

porcine placenta. Marcet et al. [242] compared the hydrolysis outcomes of subcritical water 

versus trypsin digestion on egg yolk protein. Their conclusion indicated that trypsin produced 

peptides in the 3500 Da range, while subcritical water produced peptides spanning from 1000 Da 

to 23 kDa. Chan et al. [243] investigated the impact of subcritical water on ubiquitin, 

hemoglobin, and wheat germ agglutinin. They found a significant decrease in intact protein at 

160°C, with only peptides present at 180°C. Finally, Powell et al. [244] have studied the 

specificity of subcritical water in producing peptides from three intact proteins—hemoglobin, 

BSA, and β-casein—comparing the results with enzymatic digestion by trypsin. The findings 

demonstrated that subcritical water hydrolysis could achieve high protein sequence coverage 

when the products were analyzed by MS (<80%), comparable to trypsin digestion. To our 

knowledge no study has focused on SWE to extract intact proteins and therefore this extraction 

approach has not been widely employed for top-down proteomics.  

Beyond the use of elevated temperatures to improve protein extraction, it has also been 

shown that sample lysis buffers containing detergents, and SDS in particular, tend to be the most 



58 

 

efficient in releasing proteins from cellular matrices and maintaining their solubility in an 

aqueous environment. Kaleja et al. [245] confirmed that buffers which include SDS are most 

effective at extracting proteins from human skin. Another study by Zhang et al. [246] concluded 

that ultrasonication in combination with SDS provided the best means of extracting proteins 

associated with the human gut microbiome. Furthermore, Von der Haar [247] reported that 

heating yeast cells to 90°C for 10 min together with 2% SDS optimized extraction of proteins. 

The combination of SDS and heating (90°C) is quite common for sample extraction [63, 114, 

248]. Among the most highly cited works in the field of proteomics a 2009 study by Wiśniewski, 

claiming a ‘universal method for sample extraction’ by capitalization on the inclusion of SDS, 

with subsequent detergent exchange into urea through a centrifugal device which they termed 

filter aided sample preparation or FASP [248]. The approach, which they demonstrated on 

samples of liver, brain, and skeletal muscles of mice, starts by adding 4% SDS to the sample and 

placing it in a boiling water bath for 5 minutes to extract proteins [248]. The same group has also 

extracted proteins from mouse brains by heating the sample at 90°C for 1 minute [114]. In all 

cases, detection of proteins was high, though the total level of recovery from the sample was not 

determined. Inclusion of SDS was noted to deactivate endogenous enzymes, thus preventing 

their unwanted hydrolysis. The resulting set of identified proteins displayed a large fraction of 

membrane proteins, suggesting that SDS removed bias in recovering hydrophobic proteins. 

The current study combines a customized dynamic subcritical water extraction platform 

with SDS to extract intact proteins from hemp seeds. SDS denatures proteins, imparting a net 

negative charge that enhances their solubility, inhibiting thermal aggregation, and aiding cell 

membrane lysis. To our knowledge this is the first study to attempt to combine the benefits of 

both SDS and SWE for intact proteome extraction and solubilization from a biological system. 
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The extraction method was then used on hemp seeds with MS analysis of the resulting proteome 

extract demonstrates the success of the approach. 

2.2 Materials and Methods 
 

2.2.1 Materials 
 

Bovine serum albumin, and equine skeletal myoglobin were purchased from Millipore 

Sigma (Oakville, Ontario). The Pierce BCA assay kit, and HPLC-grade solvents were from 

Thermo Fisher Scientific (Ottawa, Ontario). Milli-Q grade water was purified to 18.2 MΩ cm. 

Yeast (Saccharomyces cerevisiae) was obtained as a dry pellet from the grocery store and 

cultured in a yeast extract−peptone−dextrose (YPD) broth (Millipore Sigma). Hemp seeds 

(Cannabis sativa) were also purchased from the grocery store. Tris, iodoacetamide, dithiothreitol 

(DTT), SDS, and SDS PAGE materials were purchased from Bio-Rad (Hercules, California). 

Hexane was purchased from Sigma (Oakville, Ontario). Trypsin from bovine (Millipore Sigma)  

2.2.2 Sample Preparation 
 

Aqueous samples of myoglobin (5 mg/mL) in 100 mM Tris at pH 8.3 were mixed in a 1:1 

ratio with SDS to a final concentration of 5%, immediately prior to injecting 200 μL into the 

SWE device (section 2.4). S. cereviseae samples were cultured overnight (30°C) in YPD broth 

following standard procedures [249]. Yeast cultures were allowed to grow until an OD600 of 1.00 

which represents 1.5 x 106 cells [250]. The culture was then centrifuged, and pellets were 

collected, after which samples were suspended in 12 mL of 100 mM Tris (pH 8.3). Immediately 

prior to SWE injection (200 μL), the yeast suspension was diluted 2-fold by combining with 10% 

aqueous SDS. The SDS-diluted yeast samples were also extracted by conventional heating at 

90°C for 30 minutes, followed by overnight incubation in 1% SDS at room temperature. Hemp 

seeds were first ground to a powder in a coffee grinder, followed by de-oiling by submerging the 
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powder in hexane with constant mixing. The hexane was decanted and replaced with fresh 

hexane every 3 hours for a total of 3 changes. 3.00 grams of defatted hemp seed were then left to 

dry and suspended in 12 mL of 100 mM Tris (pH 8.3). The extraction of proteins took place by 

combining 200 μL of suspended hemp seed solution with 200 μL of 10% SDS and immediately 

injected into the subcritical water extractor. 

2.2.3 Extractor Design 
 

The extractor design can be seen in Figure 2.1. The flow of water through the SWE 

device is driven by a LC- 10 AT Shimadzu HPLC pump (Kyoto, Japan) (1) set to a flow rate of 

0.182 mL/min delivering water at pressure of up to 15 bar. Samples are introduced to the 

enclosed SWE extractor via a manual LC injector (2), which presents a 0.04-inch inner diameter 

(ID), 200 μL injection loop. Connected to the injector is a 100 cm × 0.04-inch ID stainless steel 

tube, 80 cm of which has been tightly coiled around a DERNORD (Dongguan City, China) 

Immersion Cartridge Heater, 120 V 1500 W Hot Rod Heating element (3). The heater is 

controlled by an Inkbird PID temperature controller. The remaining 20 cm of the stainless steel 

tubing is submerged into an ice water bath (4). The tubing is then interfaced via a standard HPLC 

PEEK union to a 30 cm long, 100 μm inner diameter silica capillary tube (6), which maintains 

the high pressure of the SWE system. The PEEK union also houses a piece of Whatman glass 

microfiber filter (5). At the specified flow rate, from the time of injection to sample collection 

takes 5 minutes and 20 seconds, with collection time occurring between 5 and 7 minutes and 

resulting in collection of 364 μL of extracted sample.  
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Figure 2.1 Figure of the subcritical water extractor, showing the. 1) water pump; 2) injector; 3) 

heated region; 4) cold region; 5) filter; and 6) 100 μm inner diameter silica capillary tube.  

 

2.2.4 Acetone Precipitation for SDS Removal 
 

Following extraction, samples were divided into two, with half used for a BCA assay as 

well as SDS PAGE while the other half subjected to MS analysis. All samples were first 

precipitated by adding 4 volumes equivalent of room temperature acetone and NaCl (final 20 

mM) and incubating for 30 min. Samples were then centrifuged (14000 g, 5 min) and the 

supernatant was removed. An additional 400 μL of 80% acetone was used to wash the protein 
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pellet, with vortexing (30 s) and centrifugation (14000 rpm for 5 min). The washing process was 

repeated (×2), with the wash solvent discarded, and resulting in a clean protein pellet. 

2.2.5 BCA Quantitation and SDS-PAGE 
 

Precipitated samples were redissolved in 200 μL of 1% SDS and incubated on the 

benchtop for 30 minutes.  The BCA assay was performed through addition of 300 μL of working 

reagent (50:1 reagent A to reagent B) to 50 μL of diluted samples. The solution was incubated in 

a 60ᵒC hot water bath for 20 min then cooled in a room temperature water bath for 30 min. 

Calibration standards ranging from 0.25 to 10 μg of BSA per 50 μL were prepared and the 

concentration of protein was calculated through the measured absorbance at 562 nm using an 

Agilent 8453 Spectrometer (Santa Clara, California), with a 1 cm glass cuvette. 

For SDS PAGE, the protocol followed that previously described in [251]. Briefly, 20 μL 

of the redissolved sample was combined with 5 μL of 5× gel loading buffer (0.05% bromophenol 

blue, 40% sucrose, 0.1M EDTA (pH 8.0) and 0.5% SDS), and loaded onto a 1 mm, 12% T gel. 

The gel was resolved at 140 V until the dye front reached the bottom of the gel. The proteins 

were visualized by Coomassie blue staining.  

2.2.6 Protein Digestion 
 

All hemp seed samples underwent enzyme digestion following acetone precipitation. 

Samples were re-dissolved in 50 μL of 8 M urea with continuous pipetting back and forth 

followed by sonication for 30 minutes, then 162 μL of 100 mM Tris buffer (pH 8) was added. 

This was followed by reduction and alkylation with 12.5 μL of 100 mM DTT (30 min, 56oC) 

then 26 μL of 100 mM of iodoacetamide (30 min, dark, room temperature) respectively. Next, 
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the samples were subjected to an overnight digestion with 2% trypsin (w/w) at a temperature of 

37°C. Finally, the digestion process was stopped by adding 10% TFA to a final 1%. 

2.2.7 Desalting of proteins in LC/UV 
 

Desalting of the peptides was performed on a 50 × 1 mm self-packed HPLC column 

containing C18 Poros 20 R2 beads (Thermo Fisher Scientific). The Agilent 1200 system 

operated at a flow rate of 100 µL/min. The gradient was comprised of a stepwise increase from 

5% to 85% acetonitrile in water, 0.1% TFA in both eluents, 5 min after the sample was injected. 

Samples were collected beginning at 12 minutes for 2 minutes, and evaporated prior to MS. 

2.2.8 LC-MS/MS 
 

Following desalting of tryptic peptides from hempseeds, samples were introduced into a 

Dionex Ultimate 3000 LC nanosystem (Bannockburn, IL) system interfaced to a LTQ Orbitrap 

Velos Pro mass spectrometer. The total volume of sample introduced was 1 μL which comprised 

0.5 μg of peptides. Separation was on a self-packed C18 column coupled to a 10 μm New 

Objective PicTip noncoated Emitter Tip (Woburn, MA). The LC employed a 2-hr gradient that 

started from a solution of 0.1% formic acid in water and progressed to 35% acetonitrile (and 

0.1% formic acid) to aid peptide separation. The MS instrument operated in data-dependent 

mode, with MS1 containing a resolution of 30,000 FWHM, while MS2 has a resolution of 

30,000 FWHM. MS2 rapidly scanned at 66,666 Da s–1, with resolution of less than 0.6 Da 

FWHM. 

2.2.9 Data Analysis 
 

MS data searched with Proteome Discoverer software (Thermo Fisher Scientific), against 

the UniProt Cannabis sativa database. The database contained 76,800 proteins in March 2023. 
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The data were searched with a false discovery rate of 1%. The grand average of hydropathicity 

(GRAVY) scores were calculated using an online calculator which can be found at 

http://www.gravy-calculator.de/. The cellular components of the cell were determined using the 

software provided by DAVID (Database for Annotation, Visualization, and Integrated Discover) 

[252-253].  

2.3 Results 
 

2.3.1 Optimization of extraction efficiency 
 

To optimize the parameters leading to maximal protein extraction, a sample of S. 

cerevisiae consisting of 1.5 × 106 yeast cells was suspended in a 12 mL of 100 mM Tris buffer 

(pH 8.3), to which 200 µL of the suspension was injected into the SWE. The protein recovery 

was calculated by BCA assay, relative to the control sample, extracted by 30 min heating at 90 

oC with 1% SDS. The conventional use of 1% SDS with heating below subcritical temperatures 

can be seen in [247]. Figure 2.2 summarizes results from SWE of yeast with 5 minutes extraction 

time. The maximum extraction efficiency was achieved at a temperature of 120°C, whereby 30 ± 

5% protein recovery was obtained relative to the control (Figure 2.2 A). Higher temperatures 

resulted in a decrease in yield. The low recovery with SWE is attributed to the fact yeast cells are 

difficult to rupture; inclusion of SDS facilitates breakdown of the cell membrane and improves 

solubility of proteins. To improve the protein recovery, yeast cells were next mixed with SDS 

prior to injection in the SWE extractor (Figure 2.2 B, C, D). As seen in Figure 2.2 B, the addition 

of SDS improved the recovery of proteins from the SWE system. The increase reaches a 

maximum at a concentration of 5% SDS. This result agrees with the study by Von der Haar et al. 

[247] who also noted protein recovery increases with higher levels of SDS, though in their study, 

a plateau was seen at 2% SDS. However, their results also indicated that the concentration of 

http://www.gravy-calculator.de/
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SDS to be added is proportional to the number of cells, and if more cells are to be extracted, then 

a higher concentration of SDS must be added. 

Next, the recovery of protein by SWE was compared at various temperatures (Figure 2.2 

C). As illustrated, the presence of SDS significantly increased the extraction efficiency of 

proteins in yeast at all temperatures. It is evident that extraction temperatures exceeding 90°C 

significantly increase the recovery of proteins from yeast using purely aqueous solvent. 

Moreover, the maximum extraction efficiency was obtained at 120°C, with a protein yield of 

84.3 ± 3.4% when SDS was incorporated, vs 30.5 ± 5% in the absence of SDS. Beyond the 

optimal temperature, a reduction of protein recovery is observed. This reduction is likely a result 

of protein aggregation at the high temperature due to the unfolding of the proteins which exposes 

the hydrophobic regions. The possibility also exists that the higher temperature causes increased 

protein hydrolysis, contributing to the lower yield. 

The BCA assay provides no definitive answer as to whether intact proteins were 

preserved under the elevated temperatures used for SWE, and it is for this reason an SDS PAGE 

experiment was run (Figure 2.2D). The maximum recovery of proteins at 120°C is further 

confirmed by SDS PAGE. However, while a BCA assay indicated a significant concentration of 

proteins from SWE extraction at 150°C, the gel image for this sample displays fainter bands, 

indicative of a more dilute sample. The fainter bands are a strong indication of protein loss due to 

aggregation and not hydrolysis, as hydrolyzing a protein would lead to the appearance of lower 

MW bands at the bottom of SDS PAGE which cannot be seen in this gel. Further evidence for 

the lack of hydrolysis can be interpreted from the literature, as the formation of peptides from an 

intact protein was only observed at 180°C [243]. Nonetheless, at 120°C, protein bands with 
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various MW are readily observed, and the band pattern is similar to that of the control sample 

indicating of the preservation of intact protein. 

 

Figure 2.2 A) BCA assay results for recovered yeast protein from the subcritical water prior to 

the addition of SDS to the samples with constant extraction time of 5 min, with n=3. B) BCA 

result of yeast proteins recovered from the subcritical water extractor with different SDS levels 

with temperature held at 160°C. C) BCA assay of yeast proteins with the inclusion of 5% SDS vs 

no SDS. D) SDS PAGE of yeast proteins recovered from subcritical water extractor at different 

temperatures with the inclusion of 5% SDS. The error bars represent the standard deviation of 3 

replicates, * indicates a statistically significant difference at p<0.05. 

 

 



67 

 

2.3.2 Testing the preservation of intact protein 
 

To provide further evidence for the preservation of the intact proteins, a standard protein 

was subjected to MS analysis following SWE. Specifically, myoglobin (MW 16949) [254] was 

injected into the SWE device for 5 min at temperatures of 20, 140 and 190°C, each in the 

presence or absence of 5% SDS. SDS-containing samples were precipitated to remove the 

interference prior to MS analysis, as were the control samples (22°C), to ensure consistency in 

the sample preparation.  As seen in Figure 2.3 A and C, the inclusion of SDS preserved the 

myoglobin at 120°C as a higher intensity peak was seen at 120 °C and 5% SDS (Figure 2.3 C). 

Interestingly, when the myoglobin sample was heated to 120°C without SDS the intact protein 

intensity peak was lower, which is likely due to losses of some proteins due to aggregation 

(Figure 2.3 B). Figure 2.3 D compares the relative protein intensity, based on the top 4 ions, 

highlighting that higher abundance proteins were observed at 120°C with 5% SDS for each ion 

peak. Conversely, at 190°C, the signal for intact myoglobin disappeared from the MS spectrum 

(Figure 2.4 A and B). One possible factor could be attributed to protein aggregation possibly due 

to oxidation of proteins where a reactive oxygen species (ROS) may cause formation of a 

protein-protein cross linkage gel [255]. The SDS PAGE for each condition is shown in Figure 

2.4 C validating that the intact protein was preserved at 120°C and lost at 190°C. 
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Figure 2.3 Comparison of MS result of myoglobin and the deconvolution with various 

temperature and SDS concentration with 0% and a constant extraction of 5 minutes. A) Room 

temperature and 0% SDS. B) 120°C and 0% SDS. C) 120°C and 5% SDS. D) Average relative 

intensities of intact proteins from top 4 ions detected in room temperature and 0% SDS, 120°C 

and 0% SDS, and 120°C and 5% SDS. 

  

The effect of elevated temperature on the stability of a glycosylated protein was also tested, 

noting that hemp seeds contain high levels of globulin proteins [256-258] and therefore may 

contain high levels of glycoproteins just like other legumes [259-261]. The glycosylated protein 

chosen as a control was ribonuclease B. As shown in Figure 2.4 A and B, the control sample 

(room temperature, with or without 5% SDS) showed multiple MS signals which deconvoluted 
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to reveal five distinct intact protein masses at 14900, 15064, 15226, 15388, and 15549 Da, each 

with mass error of 2 u. The existence of these five isoforms and their corresponding masses 

closely matched the values reported in the literature (14899.4, 15061.6, 15233.8, 15386.0, and 

15548.2 Da) [262] with each mass within the error of the MS used in this study. The existence of 

5 distinct masses is because bovine pancreatic ribonuclease B naturally exists as five different 

isoforms due to the reduction of the sulfide bonds which causes a loss of a hexose (mass 162.2 

Da) and therefore posses 5 different m/z values.  The effect of heat on signal loss due to 

aggregation in ribonuclease B is more severe than myoglobin, as no mass spectrum was observed 

at 120°C with 0% SDS. This is possibly due to the large number of sulfide bonds in the 

ribonuclease, which makes it more prone to aggregation [263]. As a thiol group from one 

 

Figure 2.4 A) MS result of 190°C and 5% SDS. B) MS result of 190°C and 0%. C) SDS PAGE 

image of the protein recovered at various temperatures and SDS concentration, as listed. 

 

protein gets closer to another thiol group from another protein, an oxidation reaction can 

take place forming a disulfide bridge, thus promoting aggregation. Nonetheless, the addition of 

SDS at 120°C SWE (Figure 2.4C) has aided in limiting the aggregation and therefore the 
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spectrum was preserved. The SDS PAGE in Figure 2.4 D confirms the MS findings, as no band 

was observed for the 120°C, 0% SDS treatment. 

 

Figure 2.5 A) Resulting MS spectrum for the control ribonuclease, run at room temperature and 

0% SDS with a constant extraction time of 5 min. B) MS spectrum of ribonuclease treated at 

120°C, 0% SDS. C) MS spectrum of ribonuclease treated at 120°C and 5% SDS. D) SDS PAGE 

gel image of ribonuclease samples processed in different conditions. Control = room 

temperature, 0% SDS. Arrows refer to the ribonuclease B band. 
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2.3.3 Hemp seed proteome extraction and mass spectrometry analysis 
 

The extraction of proteins from hemp seeds was initiated by suspending ground, defatted 

hemp seeds in 5% SDS and injecting the slurry into the SWE. As seen in Figure 2.5 A, the 

maximum extraction efficiency was achieved at 110°C with 71± 5% recovery observed. The 

percent recovery was determined relative to the reported protein content of dry hemp seeds (25% 

wt/wt), provided on the nutrition label of the package.  The maximum extraction efficiency was 

further supported by the SDS PAGE gel shown in Figure 2.5 B. 

 

Figure 2.6 A) Bar graph of the protein recovery of hemp seed sample after SWE with extraction 

time of 5 minutes. B) SDS PAGE of hemp seeds recovered from SWE extracted at different 

temperatures. Error bars represent a standard deviation from n =3. 

An MS analysis of the proteins recovered from the 110°C identified 6824 proteins (see 

appendix Table A1). Of the 6824 proteins identified, 2469 proteins were identified with 2 or 

more unique peptides per protein (Figure 2.6 A). Among the identified proteins, edestin was 

observed in its 3 isoforms, together with 2S albumin, and vicilin-like proteins, each identified in 
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high abundance according to the number of peptide spectral matches (PSMs) (Figure 2.6 B) 

[266].  

 

Figure 2.7 A) Histogram showing the distribution of the number of peptides and number of 

proteins found. B) Histogram showing the distribution of the number of proteins found with the 

number of peptide spectral match (PSM). 

A comparison of the proteins identified in this study with those listed in the UniProt 

database shows a notable difference in MW distribution. While the reference database 

predominantly features proteins with a MW ranging from 10 to 20 kDa, the analysis of hemp 

seed proteins conducted here reveals a majority in the 30 to 40 kDa range (Figure 2.7 A). This 

finding is further backed by the SDS PAGE image in Figure 2.5 B as low MW bands were faint, 

indicating a low concentration of smaller proteins. Nonetheless, 737 proteins with MW less than 

or equal to 20 kDa were still identified by MS (Figure 2.7 A). Previous studies have suggested 

placing the hemp seed samples on ice for 55 minutes to better extract lower MW proteins [265]. 

Both the pI and the GRAVY score posed no significant difference between the protein identified 

and the proteins found in the UniPort database (Figure 2.7 B and C). It is interesting to note that 
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SWE was successful in extracting proteins with pI≈ pH as the increase in the water temperature 

causes a decrease in the dielectric constant driving the water to lose its polarity and become a 

better solvent for less polar analyte. Furthermore the average GRAVY score was <0 indicating 

that hydrophilic proteins were predominately extracted.  

 

Figure 2.7 Histogram and box and whisker plot of the proteins found in the reference (UniProt 

data base) vs the ones found in this study. A) Histogram distribution of molecular weight. B) 

Comparison of the isoelectric of the proteins recovered. C) Comparison of the GRAVY score of 

the proteins recovered. 

 

The subcellular localization of the identified proteins provides further evidence for the 

GRAVY score results (Figure 2.8 A). Out of the 6824 proteins identified, 2289 were successfully 

localized to various cellular components, while the other 4535 were classified as uncharacterized 

proteins. Among these, 1186 proteins (52%) were associated with the membrane and/or cell wall 

(thus possessing hydrophobic properties), while 1046 were classified as intracellular proteins. 
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This demonstrates that SWE was successful in penetrating the cell wall and cell membrane, 

releasing intracellular proteins. To better assess the importance of the identified proteins, Gene 

Ontology analysis was conducted, permitting the visualization of the biological and molecular 

functions of the extracted proteins. This allowed for assessment of the molecular functions of 

3221 proteins and biological processes of 2000 proteins (Figure 2.8 B and C). Among these, the 

majority (29%, or 628 proteins) were classified as nucleic acid binding proteins. Notably, within 

the nucleic acid binding protein category there was a significant representation of RNase H1-type 

and CCHC-type domain-containing proteins, which play vital roles in various aspects of nucleic 

acid transcription. Furthermore, proteins involved in the glycolysis process were identified, with 

Glyceraldehyde-3-phosphate dehydrogenase (GAPDH) and 2-phosphoglycerate kinase being 

notable examples. Additionally, proteins responsible for photosynthesis were also identified, 

such as the Chlorophyll a-b binding protein (Table A1). Within the biological processes, the 

largest subset of proteins (comprising 34%) are those responsible for DNA and RNA-related 

activities, including RNA splicing, RNA modification, DNA repair, and DNA transcription. 

Furthermore, 18% of the proteins in the biological process category are involved in stimulus 

response. One notable example of a stimulus-responsive protein is the heat shock 70 kDa protein 

16 (Hsp 70), which has been previously studied as a potential therapeutic target for stroke and 

therefore an important protein to investigate [266]. Another significant protein that was extracted 

and have been shown important to investigate is Uridine kinase (EC 2.7.1.48). This protein has 

been identified as a potential indicator of tumors in human ovarian cancer and is a promising 

target for anticancer chemotherapy [267] 
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Figure 2.8 A) Histogram of the subcellular localization of proteins identified by MS. B) 

Histogram of molecular functions of MS-identified proteins. C) Histogram of biological 

processes of identified proteins. 

 

2.4 Conclusions 
 

The result of this study demonstrated that SWE can be used for fast, flow-through 

extraction of intact proteins. Use of this method has permitted the extraction and identification of 

6824 proteins from hemp seed in 5 minutes, noting the largest list of proteins extracted (and 

identified) from hemp seed with a faster preparation time than conventional methods. This 

method has the potential to be employed as fast extraction platform for broad recovery of intact 

proteins from various cell type. 



76 

 

CHAPTER 3      Enhanced Electrophoretic Depletion of 

Sodium Dodecyl Sulfate with Methanol for Membrane 

Proteome Analysis by Mass Spectrometry 
* 

3.1 Introduction   
 

Mass spectrometry (MS) remains indispensable for in-depth proteome characterization 

studies. The analysis of membrane proteins holds particular significance, as their functional roles 

in cellular transport and recognition translate into potential targets for novel molecular 

therapeutics [268-269]. Despite their importance, membrane proteins are generally 

underrepresented in proteomics data, due primarily to their lower solubility, which risks sample 

loss during front-end sample preparation [270-271]. Several detergent-based strategies have been 

explored to enhance the recovery of membrane proteins, including the use of ionic surfactants 

such as sodium dodecyl sulfate (SDS), non-ionic, zwitterionic surfactants as well as acid 

cleavable detergents [108,112, 272-274]. These acid cleavable classes of detergents are 

considered MS-compatible, whereas ionic surfactants are not. Even traces of SDS (0.01%) can 

adversely impact enzyme activity, [275] complicate chromatographic resolution, and suppress 

MS signals by interfering with electrospray ionization (ESI) [129]. Nonetheless, SDS is 

recognized as the favored detergent to maximize cell lysis efficiency [137], proteome extraction 

[276] and protein solubilization [267]. 

As an alternative to surfactants, organic solvents have not only been shown to improve 

membrane protein solubility [89,268] but have also been suggested to enhance trypsin digestion 

activity [269]. For example, Blonder et al. reported that the addition of 60% methanol provided 

 
This study has been published in: Said, H.H.; Doucette, A.A. Enhanced Electrophoretic Depletion of Sodium 

Dodecyl Sulfate with Methanol for Membrane Proteome Analysis by Mass Spectrometry. Proteomes 2024, 12, 5. 
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optimal protein solubility [268]. Moreover, Park and Min showed that trypsin activity is 

enhanced with the addition of 30% methanol [269]. By contrast, previous work from our group 

and that of others have shown that higher concentrations of organic solvent will hinder enzyme 

activity [280-281]. Furthermore, elevated levels of organic solvent will induce protein 

precipitation [151-153]. As little as 50% ethanol or 50% methanol is routinely employed to 

initiate precipitation and removal of serum proteins [153], which is useful to eliminate protein 

interferences in large-scale metabolome workflows [282]. Consequently, the optimal solvent 

concentration to enhance membrane protein solubility remains to be determined.  

While organic solvents offer a potential ‘MS-compatible' solution for membrane 

proteome characterization, ionic surfactants are still employed as the gold standard approach to 

membrane proteome solubilization [110]. Multiple sample preparation workflows have described 

the removal of SDS ahead of bottom-up MS analysis [281]. These include semi-automated 

approaches to manipulate samples using cartridges or on beads such as Filter-Aided Sample 

Preparation (FASP), Suspension Trapping (S-Trap), Single Pot Solid Phase Sample Preparation 

(SP3), or the ProTrap XG, a two-stage filtration and extraction cartridge [165,176,178, 284]. The 

recent study by Varnivades et al. [283] highlights a direct comparison of 16 sample preparation 

strategies for bottom-up proteomics, including multiple detergent-based methods. Strong 

agreement in the methods was demonstrated, wherein over 61% of the nearly 3000 identified 

proteins were common across all 16 preparations. However, the study compared sample 

preparation time (excluding digestion), noting that FASP required the longest preparation of all 

methods employed (4 hours). The fastest approach they examined, appropriately named SPEED 

(Sample Preparation by Easy Extraction and Digestion) [102] requires 1 hour of preparation.  
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Achieving high throughput for an analytical workflow is a favorable objective in 

proteomics analysis. However, all optimized sample preparation approaches must also achieve 

the desired protein purity while maintaining high analyte recovery. FASP, for example, has 

proven to be highly effective in depleting SDS, but suffers highly variable proteome recovery, 

with sample loss of 50% or more [141]. As an alternative, our group has introduced a fully 

automated approach to SDS depletion known as transmembrane electrophoresis (TME) 

[179,182-183]. TME employs an electric field applied perpendicular to a molecular weight cut-

off (MWCO) membrane, which retains the protein while allowing dodecyl sulfate anions to 

migrate through the membrane and towards the anode (sodium in turn migrates towards the 

cathode, though is less of a concern as a protein interference) [179]. The TME approach enables 

rapid and reproducible proteome purification, whereby SDS is exponentially depleted at a rate 

proportional to the magnitude of the electric field. Nonetheless, Joule heating presents a 

significant risk to protein loss, particularly following SDS depletion where elevated temperatures 

can induce protein aggregation [182-183]. Joule heating also challenges the process of 

accelerated SDS removal; increasing the magnitude of the applied voltage would theoretically 

allow faster SDS depletion, though the resulting temperature increase will compromise protein 

recovery, and eventually lead to boiling of the sample solution [183]. The fastest TME depletion 

experiments reported to date employs an active cooling system to better manage Joule heating 

and maintain high protein recovery, but still requires 5 minutes for SDS removal [183]. 

As a general strategy, this study herein proposes the incorporation of methanol into a 

TME depletion experiment, which serves to retain membrane protein solubility throughout the 

SDS depletion process. This organic solvent is compatible with electrophoresis, as well as the 

subsequent enzyme digestion step, and ESI MS. Prior studies have speculated that the inclusion 
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of methanol (20%) in the transfer buffer promotes the dissociation of SDS from proteins during 

Western Blots [285-286]. As our findings show here, the addition of organic solvent to TME not 

only enhances the solubility of proteins from a membrane-enriched proteome fraction but also 

accelerates the rate of SDS depletion by TME. This optimized workflow significantly advances 

the potential to analyze membrane proteins by bottom-up mass spectrometry. 

 

3.2  Materials and Methods 

 

Bovine serum albumin (BSA) was purchased from Millipore Sigma (Oakville, Canada). The 

Pierce BCA assay kit and HPLC-grade solvents were sourced from Thermo Fisher Scientific 

(Ottawa, Canada). Milli-Q grade water was purified to 18.2 MΩcm. Yeast, Saccharomyces 

cerevisiae, was obtained as a dry pellet from the grocery store. The custom-built TME device 

was assembled as described previously [183]. The device uses a 3.5 kDa regenerated cellulose 

dialysis membrane (Thermo Fisher Scientific) and is operated with Tris/Tricine buffer (63 mM 

Tris, 100 mM Tricine). Both the cathode and anode chamber had a volume of 48 mL. The device 

provides 5 sample cells, each 3 mm in thickness, 1 cm in diameter and accommodating up to 250 

µL of sample per cell. Unless otherwise stated, TME was operated in constant current mode (250 

mA) with active cooling (AC) achieved by circulating cold water through glass channels that 

cool the TME buffer within the cathode and anode chambers [183]. Trypsin from bovine 

(Millipore Sigma). 

 

3.2.1 Membrane Protein Isolation 
 

Yeast was cultured overnight (30°C) in YPD broth to an OD600 of 1, according to 

standard procedures [248]. To isolate the membrane-enriched proteome fraction, freshly grown 
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yeast cells were lysed via French Press then combined in a 1:1 ratio with a sodium carbonate 

buffer (pH 11) and incubated on ice for 1 hr. This was followed by two rounds of 

ultracentrifugation at 115,000 g as previously described [115]. The resulting membrane-enriched 

pellet was resuspended in Tris buffer (pH 8.1, 100 mM) containing 5% SDS, to a final protein 

concentration of 2 g/L as measured by BCA assay. Prior to TME loading for SDS depletion, the 

2 g/L sample was diluted 10-fold with either water, or a water-methanol mixture, resulting in a 

final working protein concentration of 0.2 g/L, with 0.5% SDS.  

 

3.2.2 Membrane Protein Resolubilization with Methanol 
 

Proteins from the membrane-enriched pellet were resuspended in water by vigorously 

dispersing the solid pellet using a syringe. Equal volumes of the resuspended pellet were 

aliquoted to multiple vials, then centrifuged prior to removing and discarding the aqueous 

supernatant. To assess the capacity of various methanol/water solvents (ranging from 0 to 60% 

methanol), for resolubilization of proteins, 50 µL of each solvent system was added to triplicate 

vials. The control solvent consisted of 0.5% SDS in water. The sample was then vortexed for 1 

min, followed by sonication for 15 min then 30 min incubation at room temperature. The vials 

were then centrifuged, and the resulting supernatant was retained for subsequent analysis by 

BCA assay to determine the relative protein recovery.  

 

3.2.3 SDS Colorimetric Assay by MBAS 
 

The methylene blue active substances (MBAS) assay was used to determine residual SDS 

following TME depletion [287]. For this, 100 µL of the sample was mixed with 100 µL of 

methylene blue reagent (250 µg methylene blue, 50 g sodium sulfate, and 10 mL concentrated 
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sulfuric acid, per liter of aqueous reagent). Next, 400 µL of chloroform was added and the 

sample was briefly vortexed. The methylene blue-SDS complex, which extracts into the 

chloroform layer, was quantified by absorbance (652 nm) against a calibration curve consisting 

of SDS standards ranging from 5 to 25 ppm. To account for interference caused by methanol in 

the MBAS assay, all TME samples were first fully dried in a Speedvac, and subsequently 

redissolved in an equal volume of water. Samples were also diluted appropriately prior to the 

addition of the methylene blue reagent to ensure that the SDS concentration fell within the range 

of the calibration curve. 

 

3.2.4 Protein Digestion 
 

All yeast membrane-enriched protein samples underwent digestion using standard 

procedures. The digestion was preceded by a reduction in 5 mM (final) dithiothreitol and 

alkylation using 11 mM iodoacetamide, respectively. Subsequently, protein samples underwent 

overnight digestion at 37 °C using 2% (w/w) trypsin, following a previously established 

procedure [284]. Samples were then desalted on a self-packed Poros 20 R2 column with LC/UV 

to quantify the digested peptides, as described previously [288]. 

 

3.2.5 CMC determination 
 

Solutions of 2% SDS were prepared in water with variable quantities of methanol ranging 

from 0 to 40% by volume. These solutions were then dispensed from a burette in ~ 1 mL 

increments to a beaker containing 100 mL of the corresponding water/ methanol solution without 

SDS. An Extech EC150 conductivity meter was placed in the 100 mL beaker and used to record 

the changing conductivity throughout the addition of the SDS-containing solution. The 
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conductivity readings were plotted relative to the diluted SDS concentration to reveal a distinct 

break in the slope, corresponding to the critical micelle concentration [289]. All measurements 

were recorded at room temperature (21 ± 1 °C) and performed in triplicate. The methanol-

containing samples were benchmarked relative to the CMC of SDS in water [290]. 

 

3.2.6 SDS- Protein binding ratio in methanol 
 

The SDS to protein binding ratio was determined by dialysis [290]. Solutions were 

prepared containing 2 g/L BSA, 20 g/L SDS, and 0.1 mol/L NaCl in water, or water with 40% 

methanol by volume. After 1 hr preincubation, 5 mL of the sample was loaded to a dialysis tube 

with a molecular weight cutoff of 6000 Da. The sealed tube was immersed into 250 mL of 

solvent matching the sample excluding SDS and BSA. The solvent was changed twice, at 24 h 

intervals. Finally, BCA and MBAS assays were conducted as described above to determine the 

final protein and SDS concentrations, respectively. 

 

3.2.7 LC-MS/MS 
 

Beginning from a single preparation of the enriched membrane proteome fraction of yeast, two 

technical replicates were prepared for SDS depletion by TME with 40% methanol, and two more 

technical replicates were employed for SDS depletion by conventional TME in water. Following 

SDS depletion and trypsin digestion, 1 µL from each of the 4 samples, representing 1/10th of the 

processed membrane-enriched proteome fraction was introduced into a Dionex Ultimate 3000 

LC nanosystem (Bannockburn, IL) system connected to a LTQ Orbitrap Velos Pro mass 

spectrometer. The LC employed a self-packed C18 column coupled to a 10 μm New Objective 

PicoTip noncoated Emitter Tip (Woburn, MA). The 2-hour linear gradient started from 0.1% 
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formic acid in water and progressed to 35% acetonitrile to facilitate peptide separation. The MS 

instrument operated in data-dependent mode, with MS1 at a resolution of 30,000 FWHM, while 

MS2 rapidly scanned at 66,666 Da s–1, with resolution of less than 0.6 Da FWHM. Proteins were 

identified and profiled from duplicate injections.  

 

3.2.8 Data Analysis 
 

MS data were searched with Proteome Discoverer software, version 1.4 (Thermo Fisher 

Scientific), with parent ion tolerance of 10 ppm and fragment tolerance of 0.5 Da, against the 

UniProt S. cerevisiae filtered database (6735 entries, downloaded February 2023), with a false 

discovery rate of 5% and 1 unique peptide per protein. Grand average of hydropathicity 

(GRAVY) scores were calculated from an online tool available at http://www.gravy-

calculator.de/.  

Protein charge calculations were performed based on the amino acid sequence and 

associated pKa of the side chain residues. Cellular components were determined using Gene 

Ontology and functional annotation provided by DAVID software (Database for Annotation, 

Visualization, and Integrated Discover) [254-255]. The intensity ratio of peptides identified from 

the respective TME solvent systems were recorded as a measure of the relative abundance of the 

identified protein retained in each solvent system following SDS depletion. 

 

 

3.3   Results 
 

3.3.1 Enhanced Membrane Protein Recovery with 40% Methanol 
 

While previous work employed 60% (vol/vol) methanol to assist solubilization of 

membrane proteins [89,278], our prior experience suggests that such a high level of organic 

http://www.gravy-calculator.de/
http://www.gravy-calculator.de/
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solvent may lead to protein precipitation [151]. Therefore, an assessment of various 

concentrations of methanol in water to maximize extraction of proteins from a membrane-

enriched proteome fraction. As seen in Figure 3.1 A and B, the addition of 30 or 40% methanol 

provided the highest total protein recovery, with a relative yield of 84 to 86% compared to 

samples solubilized with 0.5% SDS in water. In 50% methanol, recovery dropped significantly to 

32.1 ± 1%. Increasing to 60% methanol further lowered the recovery of proteins. SDS PAGE of 

the extracted proteins confirmed these results (Figure 3.1 B).  

Next, the impact of adding methanol to an already-solubilized membrane-enriched 

proteome fraction with 0.5% SDS was tested. From Figure 3.1 C, diluting the sample to a final 

50% methanol severely compromised protein solubility. The formation of a visible protein pellet 

was also observed, confirming that the addition of 50% methanol had induced protein 

precipitation. By contrast, adding methanol to 40% preserved the solubility of all proteins in the 

SDS-containing extract. 

 

 

Figure 3.1 A) Recovery of proteins extracted from a membrane preparation with increasing 

concentrations of methanol in water, relative to the protein recovery from the same sample 

obtained with 0.5% SDS in water. B) SDS PAGE image of the extracted membrane proteins 

recovered with varying solvents as indicated. C) The solubility of membrane proteins, previously 

extracted with 0.5% SDS, following the addition of methanol to the final concentration listed. 

The recovery of proteins remaining in the solution was determined following incubation (30 min) 

and centrifugation of the sample. Error bars representing standard deviations, n=3. 
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While 40% methanol enhances the extraction of a membrane-enriched proteome fraction 

relative to water alone, our results also indicate that 0.5% SDS consistently recovers a greater 

concentration of protein. This justifies the use of a detergent-based workflow to maximum 

protein recovery.  

Next, a depletion of the SDS from the membrane proteome extract using TME was 

conducted. The critical value permitting subsequent MS analysis is 100 ppm. Therefore, the 

TME was operated until SDS dropped below 100 ppm. A summary of results obtained from 

various TME experiments is provided in Table 3.1. As projected from the prior solubilization 

experiments, the addition of 40% methanol to the initial proteome fraction resulted in higher 

sample recovery following the conclusion of the TME experiment, whereby the total soluble 

protein increased from 57.1% to 76.2%. This result was also confirmed by SDS PAGE (Figure 

3.2). 

Table 3.1 SDS depletion from membrane proteome fraction at constant current in both water and 

40% methanol. 

Sample Water 40% MeOH     
Ratio 

(MeOH/H2O) 
p-value 

Protein recovery (%) 57.1 ± 4A 76.2 ± 7       1.3 ± 0.2 0.02 

Time to 100 ppm (min) 8.8 ± 0.9 2.8 ± 0.5 0.31 ± 0.1 5×10-4 

Temperature (°C) 41 ± 4 35 ± 3 0.85 ± 0.1 0.11 

Decay constant (min-1) at 

250 mA 
0.65 ± 0.001 1.13 ± 0.001 1.73 ± 0.2 6×10-4 

Decay constant (min-1) at 

350 V 
0.99 ± 0.02 1.31 ± 0.1 1.32 ± 0.08 0.002 

Resistivity (µS) 0.0015 ± 0.0002 0.0025 ± 0.001 1.63 ± 0.01 1×10-5 
A Average ± standard deviation, where n=3. 
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Figure 3.2 SDS PAGE of membrane protein containing samples recovered from TME each had 

0.5% SDS. It took 9 minutes of TME operation for SDS to be lower than 100 ppm in water and 3 

minutes for the sample containing 40% methanol. 

 

From Table 3.1, the methanol-containing sample required only 2.8 minutes to deplete the 

SDS below 100 ppm. Under identical operating conditions (250 mA constant current), it took 

nearly 8.8 min for the control sample (no methanol) to reach an equivalent level of SDS. 

Comparing the decay constant, addition of methanol provided a 73% enhancement in the rate of 

SDS depletion in a constant current TME experiment. This in turn translates to a smaller 

temperature increase, as the TME experiment operates for a shorter period of time. With 

methanol, the final temperature was 35 ± 3°C, implying that the operating current could still be 

increased, if a faster SDS depletion rate is desired. Previous work has noted a temperature near 

60oC as the upper limit above which protein aggregation significantly impacts yield [182].  
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It was questioned whether the accelerated detergent depletion experienced from a 

constant current experiment may be attributed to increased resistance of the methanol-containing 

solution. As seen in Figure 3.3A, the solution resistance (which can be read from the power 

source) changes throughout the TME operation, causing the voltage to drop during a constant 

current run. The higher voltage for the methanol-containing sample can be explained by the 

higher resistance of the sample. As seen in Table 3.1, the resistivity of 40% methanol is 63% 

greater than that of water alone. It should be stated that the concentration of methanol in the 

TME experiment relates only to that in the sample cell, and not of the cathode/ anode buffers. 

Thus, a more direct comparison is provided by fixing the voltage throughout an SDS depletion 

run. Under these conditions, the drop in resistance forces the current to increase over time 

(Figure 3.3B), which translates to higher Joule heating, and a more dramatic temperature increase 

as the run progresses. Nonetheless, the addition of methanol continued to yield a higher rate of 

SDS depletion in a constant voltage TME experiment. From Table 3.1, the decay constant 

increased from 0.99 ± 0.02 to 1.31 ± 0.07, a 32% gain, which cannot be attributed to a change in 

solution resistance. This accelerated rate of SDS depletion in methanol warranted further 

investigation to explain the observation. 

 

Figure 3.3 A) Voltage plot of the TME experiment operated at a constant current of 250 mA. B) 

Current plot of TME when operating at a constant voltage of 350 V. 
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 3.3.2 Methanol Increases the CMC and Lowers the SDS to Protein Binding Energy 

 

It was hypothesized that a change in the CMC of the surfactant in methanol could explain 

the faster rate of SDS depletion in the TME experiment. As suggested by Kachuk et al, the size 

of detergent micelles impedes their flux through the MWCO membrane, implying that a higher 

concentration of free detergent monomers would increase electrophoretic flux [179]. As 

summarized in Table 3.2, from conductivity measurements, the CMC of SDS in pure water was 

measured to be 8.4 ± 0.1 mM (Figure 3.4). This value closely aligned with the reported CMC of 

8.3 mM in pure water [290]. From our conductivity measurements, in 40% methanol the CMC 

increased three-fold, to 26.5 ± 1.3 mM. Therefore, inclusion of methanol causes a significant 

increase in the concentration of free detergent monomers, which would contribute to increasing 

the total flux of detergent through the membrane in the TME experiment. 

Another potential variable that could explain the enhanced SDS depletion rate relates to 

the binding of SDS to protein in water, vs in 40% methanol. From classic dialysis measurements 

with BSA, a ratio of 1.4 g SDS for 1 g protein has been reported [291]. The experiment was 

repeated here, and a comparable result was obtained with a binding ratio 1.4 ± 0.1 g SDS/ g 

protein when prepared in aqueous solvent. However, when dialyzed against 40% methanol, the 

SDS-protein binding ratio dropped to 0.30 ± 0.05 g SDS/ g protein (Table 3.2). In other words, 

the presence of methanol lowers the binding affinity of detergent to protein. This would again 

increase the free concentration of SDS monomer and contribute to a higher flux of detergent in 

the TME experiment. 

. 
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Figure 3.4 Plot of conductivity vs SDS concentration the break in the linear trend indicates the 

CMC. A) 0% methanol. B) 10% methanol. C) 20% methanol. D) 40% methanol. The break at 

40% methanol is not as clear as for the rest of the conditions. 

 

Table 3.2 Measured CMC of SDS and SDS- protein binding in water and 40% methanol. The 

standard deviation is taken from repeating the experiment 3 times for (n=3). 

Solvent Water 40% Methanol 
Ratio 

(MeOH/H2O) 

CMC (mM) 8.4 ± 0.1A 25.7 ± 1.3 3.1 ± 0.2 

SDS-protein binding (g/g) 1.4 ± 0.1 0.30 ± 0.05 0.2 ± 0.04 

Decay constant, no proteins (min-1) 0.91 ± 0.02 1.41 ± 0.04 1.55 ± 0.06 

A Average ± standard deviation, where n=3. 
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To determine which variable (CMC or SDS to protein binding ratio) most significantly 

contributes to accelerating the SDS depletion rate in methanol, a constant current TME 

experiment was performed in the absence of protein (Figure 3.5A and 3.5B). Under these 

conditions, the addition of methanol provided a 55% increase in the decay constant (Table 3.2). 

Recall a 73% enhancement in the rate of SDS depletion when protein was present. However, no 

significant difference was found when comparing these results (p= 0.18), suggesting the SDS: 

protein binding ratio had minimal impact on the depletion rate. This was to be expected. As has 

been discussed previously, the applied electric field is more than sufficient to overcome the SDS-

protein binding energy, given that the residual SDS at the conclusion of a TME experiment is far 

below the equilibrium binding ratio [179]. Thus, the increase in CMC observed in 40% methanol 

is likely a more significant contributor to the accelerated SDS depletion rate. 

 

Figure 3.5 A) Bar graph of residual SDS following TME operation at a constant current of 250 

mA, operated in the absence of protein and initially containing 0.5% SDS. B) Voltage plot over 

the 2-minute runs. * Indicates a statistically significant difference at p <0.05. Error bars represent 

standard deviation from n=3. 

 

3.3.3 Mass spectrometry Analysis of Samples Containing 40% Methanol VS no Methanol. 

 
Following SDS depletion by TME, the soluble protein fractions were collected and 

subjected to bottom-up proteome analysis by mass spectrometry to characterize the membrane 

proteins recovered from the automated sample preparation workflow. A complete listing of 
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identified proteins, together with the observed intensity ratios (methanol vs water), are provided 

as appendix Table A2.  

Figure 3.6 A summarizes the observed overlap in detected proteins recovered from the 

aqueous sample vs 40% methanol. As expected, a high agreement in identified proteins was 

observed, with 1481 unique protein components in common (86% overlap). Additionally, while 

only 25 proteins were unique to the control preparation (water), 222 proteins were uniquely 

detected in the methanol-containing sample.  

 

 

 
Figure 3.6 A) Venn diagram of proteins identified from a membrane-enriched fraction processed 

by TME with 40% methanol and no methanol. B) Histogram of log2 abundance ratios of proteins 

commonly identified in the 40% methanol and water fractions, showing the preference towards 

higher abundance in the methanol fraction. C) Plot of -log10 of p value vs log2 of the abundance 

ratio (methanol/ water). The left side of the graph (blue dots) indicates proteins that were found 

to be significantly higher in the water preparation while the right side (green dots) are proteins 

that are significantly higher in the 40% methanol preparation. 
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The intensity ratios of proteins common to each fraction were extracted from the MS data 

and transformed to a log 2 scale. The histogram of Figure 3.6 B shows an expected Gaussian 

spread in the abundance ratio of distinct proteins, with an average log 2-fold change of 0.628, 

favoring higher abundance in the methanol preparation. Thus, from MS analysis, the recovery of 

proteins from the methanol-containing sample was on average 1.5 × higher than that of the 

aqueous sample. The Volcano plot of Figure 3.4 C isolates several proteins with abundance 

ratios deemed statistically significant. A p-value of 0.1 was selected (shown in the figure with a 

dashed line), allowing isolation of a subset of 68 proteins considered to have statistically 

significant abundance that was higher in the methanol-containing preparation, while 54 proteins 

were enriched in the water preparation (Appendix Table A2). These proteins were added to the 

set of uniquely identified proteins from the methanol and water preparations and used for 

classification of proteomic trends. 

The enriched MS-identified proteins according to their subcellular location was first 

classified, as shown in Figure 3.7. A detailed description of Gene Ontology data for the enriched 

proteins is provided as Appendix Table A3. Of the 290 proteins enriched in the methanol fraction 

(i.e., 222 uniquely identified plus 68 with higher abundance ratio translating to a p value above 

0.1), 147 were classified as membrane proteins (51%). Of these, 92 (63%) were classified as 

integral membrane proteins with at least 1 predicted transmembrane segment; GPI ethanolamine 

phosphate transferase was exclusively identified in the methanol preparation and had the greatest 

number of transmembrane segments with 15 (Table A3).  
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Figure 3.7 Sub-cellular localization of proteins classified as enriched in the 40% methanol 

preparation (290 total), or in the conventional water preparation of TME (79 proteins total). 

 

 This confirms the enrichment of membranes in this fraction. Interestingly, a similar percentage 

of proteins were also classified as membrane associated in each of the other proteome subsets 

(Figure 3.7). Considering proteins enriched in the water preparation, 45% were also classified as 

membrane associated. Furthermore, 19 of 35 membrane proteins enriched in the water fraction 

were classified as integral membrane proteins (54%). The protein high-affinity hexose 

transporter HXT7 had the greatest number of predicted transmembrane segment with 12. This 

protein was also observed in the methanol preparation, albeit with a lower abundance ratio than 

the water preparation (MeOH/Water =0.372). Figure 3.8 compares the distribution of membrane 

proteins according to number of transmembrane segments. Again, a similar trend is revealed. 

The fraction of membrane proteins enriched in the methanol fraction is not statistically different 

from the water-enriched fraction, nor the proteins with similar intensity ratio between fractions. 
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Figure 3.8 Sub-cellular localization of proteins classified as enriched in the 40% methanol 

preparation (290 total), or in the conventional water preparation of TME (79 proteins total). 

 

Various properties of proteins enriched in the methanol or water fractions were 

compared, including their hydropathy index (GRAVY scores) and protein molecular weight 

trends are shown in Figure 3.9. No significant differences were noted. However, considering the 

isoelectric points, proteins enriched in the methanol preparation showed a higher average pI (7.6 

± 1.8) than those elevated in the aqueous preparation (6.7 ± 1.7), providing a statistically 

significant difference with p < 0.05 (Figure 3.9 C). This is further illustrated in Figure 3.10. Our 

SDS depletion experiments were conducted in a buffer at pH 8.1. Consequently, proteins with 

higher abundance in the methanol extract are more likely to have a net charge closer to 0. This is 

shown in Figure 3.9 C, as proteins enriched in the water sample have a higher absolute net 

charge. This observation aligns with the expected solubility of proteins in aqueous solvent, where 

proteins tend towards minimal solubility as the pH approaches the pI. The inclusion of methanol 

during SDS depletion by TME therefore serves to minimize the aggregation of proteins with 

limited solubility in water, influenced by their reduced charge state. 
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Figure 3.9 Box and whisker plots for proteins that were commonly identified in both solvents, vs 

those enriched in 40% methanol, or enriched in the water fraction, summarizing A) GRAVY 

scores; B) molecular weight distributions; C) protein isoelectric points; and D) the net protein 

charge calculated at a pH of 8.1. 

 

Figure 3.10 Histogram demonstrating the distribution of isoelectric point extracted in each 

condition. Higher abundance in 40% MeOH extracted proteins with pI close to pH (8.1). 
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3.4  Discussion 
 

MS-compatible solubilizing additives have been suggested as a compromise between 

proteome solubilization efficiency and MS compatibility. The strategy outlined here initially 

employ SDS, which maximizes membrane proteome recovery [108], with an objective to retain 

proteome solubility throughout the process of SDS depletion. This is accomplished by 

incorporating 40% methanol within our electrophoretic detergent removal platform, TME, 

ensuring that membrane proteins remain soluble as the surfactant is removed. As intact proteins 

are retained in solution throughout the purification process, the workflow is ultimately 

compatible with both top-down and bottom-up MS analysis [151]. 

It has previously been suggested that 60% methanol can be employed as an MS-

compatible workflow for proteome solubilization and trypsin digestion ahead of bottom-up 

analysis [89,278]. To date, the approach has not been demonstrated for preparation and analysis 

of intact membrane proteins. Furthermore, no prior study had examined whether 60% methanol 

was optimal for membrane proteome extraction. Rather, 60% methanol was a logical solvent, 

based on prior use to minimize interactions between membrane proteins and lipids [291]. It had 

also been acknowledged that trypsin activity is significantly tempered in 60% methanol [278]. 

Our group has previously demonstrated that the addition of trypsin to precipitated protein is still 

capable of generating peptides, despite minimal protein solubility [280]. A study by Moore et al. 

identified over 10 times more proteins (941 vs 88) when comparing proteome sample preparation 

workflows involving MS-compatible surfactants to that of 60% methanol [110]. The present 

study shows that 60% methanol will precipitate most proteins. Alternatively, 40% methanol 

maximizes protein solubility, while retaining higher trypsin activity, and providing a direct route 

to process the detergent-depleted fraction for bottom-up analysis. During SDS depletion by 
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TME, a 33% increase in protein recovery was demonstrated with inclusion of 40% methanol in 

the sample buffer (Table 3.1).  

An additional objective of the TME workflow is to maximize the throughput of SDS 

depletion. Higher voltage will deplete SDS faster, but also results in greater heat generation 

which increases the likelihood of protein aggregation. As shown in Table 3.1 and 3.2, the 

addition of methanol to the TME buffer provided an enhancement in the rate of SDS depletion. 

This was rationalized by the resulting impact of methanol in raising the CMC of SDS. As 

highlighted in Figure 3.4, 40% methanol increases the CMC of the surfactant approximately 3-

fold, from 8.4 to 25.7 mM. Prior studies have confirmed an increase in the CMC of SDS, with 

some discrepancies based on the method of detection (e.g., conductivity vs surface tension), and 

some lab-to-lab variances [292-293]. A trend of increasing the CMC on addition of methanol 

serves to increase the rate of surfactant transport through the membrane. 

The influence of SDS-protein binding in MeOH was also examined. The classic ratio of 

1.4 grams SDS per gram of protein drops substantially, to 0.3 g SDS per g protein, in methanol. 

This could serve to enhance detergent depletion, noting that the strong electric field employed in 

TME is sufficient to overcome SDS-protein binding, implying that this is less impactful than the 

corresponding CMC increase in methanol. Nonetheless, the quantified drop in the SDS-protein 

binding ratio may prove insightful for other detergent depletion strategies, such as column 

chromatography, or centrifugal membrane filters.  

MS analysis of the recovered proteins following SDS depletion confirm the benefits of 

incorporating methanol into the depletion workflow. As expected, the intensity ratio of proteins 

recovered in the methanol fraction was generally higher than that of the water fraction. As seen 

in Figure 3.6, certain proteins were deemed to have statistically altered abundance. Our analysis 
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concludes that methanol did not impact the recovery of proteins according to their molecular 

weight, meaning that 40% methanol will not inadvertently precipitate larger molecular weight 

proteins. Interestingly, methanol did not appear to enhance the recovery of ‘hydrophobic’ 

proteins according to their GRAVY scores. This can be explained given that the addition of SDS 

for initial extraction serves to maximize solubility of all protein types. Though ionic surfactants 

are incompatible with downstream MS-analysis, their use to isolate and fractionate intact 

proteins and proteoforms serves as a favorable sample preparation strategy for top-down 

analysis. Thus, during TME depletion, the objective of including methanol is only to maintain 

protein solubility for a sample that is already free of lipid or protein aggregates. The organic 

solvent provides the greatest benefit in maintaining the solubility of intact proteins with minimal 

net charge, prior to subsequent digestion. The influence of charge on protein solubility is well 

documented. Thus, adding methanol serves to retain proteins most likely to aggregate during 

TME depletion, and suggests that the charge state of the protein is a primary factor determining 

their solubility. 

3.5  Conclusions 
 

Membrane proteins are important in clinical studies but possess a greater challenge for 

detection given their lower solubility. Here, an SDS-based workflow to maximize proteome 

extraction efficiency was demonstrated, followed by detergent depletion through an automated 

electrophoretic platform termed transmembrane electrophoresis. The addition of 40% methanol 

maximized the solubility of a membrane proteome fraction and provided the added benefit of 

accelerating the rate of SDS depletion. Therefore, a greater number of SDS-purified proteins was 

observed, and with greater MS signal intensity, particularly those exhibiting minimal net charge 

in the TME operating buffer. It is further recommended that organic solvent-based proteomic 
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workflows consider lowering the amount of organic solvent, from 60 to 40% methanol, to 

minimize the risk of protein precipitation and therefore improve the analysis of membrane 

proteins. 
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CHAPTER 4    Automated Online SDS Depletion from 

Proteins with Minimal Sample Consumption by 

Capillary Transmembrane Electrophoresis 
 

4.1 Introduction   
 

The successful implementation of proteomics in a clinical environment requires a 

capacity to analyze many samples in an uninterrupted format through minimal human 

intervention [293]. Doing so while also enabling minimal sample consumption is especially 

critical where samples are limited, such as with infant patients [293]. Considering the 

identification of new protein biomarkers to predict cancer for example, both the discovery 

and the clinical validation stages rely on robust, consistent proteomics data to properly 

classify effective biomarkers [294]. The discovery stage employs MS to identify and quantify 

specific proteoforms from patient samples, distinguishing potentially diagnostic-relevant 

biomarkers from other proteoforms. Once a biomolecule is identified, it undergoes validation 

with a larger pool of patients to establish its specificity and sensitivity (i.e., the ability of the 

biomarker to predict the outcome of a cancer) [295]. Therefore, clinical validation of protein 

biomarkers requires a highly reproducible workflow, with clinical-grade validation 

recommended to achieve a precision of better than 20% for both inter‐ and intra‐day 

assessments [296]. 

Several review papers have highlighted that the largest contributors to poor 

reproducibility of proteomics data are the series of labor-intensive sample preparation steps 

taken prior to MS analysis [293-295]. These steps not only diminish the precision of 

proteomics data but also challenge the capacity for high sample throughput. The required 

sample preparation steps for bottom-up proteomics include the enzyme digestion step, as well 



101 

 

as the initial proteome extraction, solubilization, purification, and possible prefractionation, 

ideally all while maintaining high throughput [297]. These steps can be performed by 

automated, robotic platforms, as emphasized in recent reviews outlining complete automation 

in bottom-up and top-down workflows [295,298]. The incorporation of robotic approaches to 

manipulate proteome samples has the benefit of minimizing human error in pipetting, as well 

as performing other required preparative tasks. The direct interfacing of these platforms to 

MS for peptide detection also improves precision and throughput [297].  

While it has been established that SDS is the most effective reagent to solubilize 

proteins [104, 130], the addition of SDS poses challenges for downstream processing by 

deteriorating reversed phase separation [128-129], reducing enzymatic digestion [4], and 

suppressing MS electrospray ionization [128]. A previous study by this group has indicated 

that the threshold tolerance level of SDS on ion suppression in MS is 100 ppm [128]. 

However, there has been no further investigation to determine if this threshold level applies 

universally to all protein concentrations. For example, the level of ion suppression may be a 

function of protein to surfactant ratio, rather than the absolute detergent concentration. For 

this reason, SDS depletion approaches may demand a higher level of protein purity, in cases 

where protein concentrations are minimal. 

Several online protein purification methods have been documented in the literature 

for detergent removal, including microdialysis [299], field flow fractionation [300], reversed 

phase separation [143], and electrophoretic approaches [300-302]. While these approaches 

can partially purify proteins, they fail to completely eliminate all SDS, such as the surfactant 

that is directly bound to proteins, as reported in [300]. This is evident from the in-line matrix 

removal platform created by the Kelleher group [300], utilizing cross-flow fractionation and 
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a porous membrane to eliminate small molecules including SDS from intact proteins. Despite 

successfully removing SDS, their MS results still exhibit SDS adduct peaks. 

As recently disclosed by this group, and expanded in Chapter 3 of this thesis, an 

electrophoretic approach has been employed to eliminate SDS from proteome mixtures, 

achieve SDS-free MS signals [182-183]. The TME electrophoretic approach is recognized 

for providing rapid (5 min) depletion of SDS (99.9% removal) while maintaining a high rate 

of protein recovery (98%) [179,182-183]. However, the TME approach currently lacks 

complete automation, as sample injection and collection must be performed manually. TME 

also cannot be directly integrated with other bioanalytical tools, including MS, which is 

crucial for comprehensive protein characterization. The conventional TME platform is also 

best suited to larger sample volumes, with a well capacity of 200 µL per sample; scaling 

down below 100 µL would not be possible with the current TME system, which would 

therefore force a large degree of sample dilution to process by TME. 

As an initial step towards the creation of a fully automated proteome sample 

manipulation platform, capable of processing small volumes of sample, and directly 

interfacing to MS, this chapter explores the development of a modified capillary TME system 

(cap-TME) built on a capillary electrophoresis (CE) platform. Modern CE instruments 

provide automated sample injection and can be directly interfaced to MS [200-204, 214]. The 

low sample consumption of CE (as little as 4 nL injection) is also particularly appealing for 

manipulation of trace level samples [207-210]. Furthermore, CE has previously been 

integrated with enzyme digestion strategies allowing the direct online cleavage of proteins 

into peptides, essential for the bottom-up workflow [211, 194]. To date, while online 

desalting has been performed in CE systems [301-303], the complete removal of SDS from 
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proteins by CE-based methods remains uncertain. For example, Kinde et al. demonstrated the 

isolation of small cationic analytes from SDS by CE, though their approach was not tested to 

separate SDS bound to proteins [301]. Rahman employed CE to remove salt (NaCl) from 

protein, but not SDS bound to protein [302] Sánchez‐Hernández et al. attempted SDS 

removal by injecting a cationic surfactant, cetyltrimethylammonium bromide (CTAB), post-

sample, as well as methanol (pre-sample) to the CE capillary [303]. The strategy relies on 

forming CTAB-SDS ion pairs [304], and though some improvements in MS peak intensity 

were noted, the strategy demonstrated variable consistency (53% to 98% signal 

improvement, depending on protein). Another example of an electrokinetic technology that 

has been used for sample clean-up is electromembrane extraction (EME), which uses a DC 

electrical potential to drive an ionized molecule across a supported liquid hydrophobic 

membrane to an aqueous acceptor [305]. Though this method has been used to extract small 

molecules from solutions such as benzodiazepines from human blood [306], it has not been 

used to remove SDS. Some studies even suggest the addition of salts to improve the 

extraction in EME, which can still pose a problem in MS [307]. The present study aims to 

adapt a CE system for TME experiments, demonstrating the capacity to deplete SDS from 

proteins, while maintaining high protein recovery, consistent efficiency, and with high 

throughput. 

4.2 Materials and Methods 

 

Bovine serum albumin (BSA), hemoglobin, and trypsin were purchased from 

Millipore Sigma (Oakville, Canada). The Pierce BCA assay kit and HPLC-grade solvents 

were sourced from Thermo Fisher Scientific (Ottawa, Canada). Milli-Q grade water was 

purified to 18.2 MΩcm. The regenerated cellulose dialysis membranes (6 and 12 kDa) were 
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purchased from Thermo Fisher Scientific. The capillary electrophoresis system was an older 

model, Applied Biosystems (now a division of Thermo Fisher Scientific), 270A-HT 

instrument. The two fused silica capillaries (75 µm ID, 50-cm in length each) were from 

Polymicro Technologies (Pheonix, USA). An IDEX Corporation (Northbrook, U.S.A) PEEK 

(polyetheretherketone) union (0.020" ID, 1/16" OD) housed the 1/16” diameter filter, cut out 

of the dialysis membrane. Teflon sleeves (0.0155" ID × 0.025" OD) from IDEX are used to 

connect the capillaries to the union. The CE background electrolyte used is the same buffer 

as described in Chapter 3, namely Tris/Tricine (63 mM /100 mM, pH 8.3). SDS was 

purchased from Bio-Rad Laboratories (Berkeley, U.S.A)  

4.2.1 Capillary Transmembrane Electrophoresis Setup 
 

A PEEK union of the cap-TME system housed a circular piece of dialysis membrane, 

as seen in Figure 4.1. A Pin punch tool was used to create the 1/16" (0.159 cm) membrane, 

which is then inserted into the base of one side of the union (Figure 4.1 D). Once inserted, the 

membrane remains in place as the capillary with Teflon sleeve is screwed into the union. 

As outlined in Figure 4.2, the cap-TME method involves four key steps. The initial 

step involves capillary washing, wherein buffer was drawn into the capillary by creating a 

vacuum difference of 26.7 mbar for 5 minutes (Figure 4.2 A). This ensures the capillary was 

filled with buffer before applying a voltage. Next, 6 μL of SDS-protein solution was injected 

into the capillary by applying 26.7 mbar vacuum for 1 min (Figure 4.2 B). It is important to 

note that the volume of the capillary is 2.2 µL, Therefore, the protein in the sample is being 

retained by the membrane during loading. 
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Figure 4.1 A) Image of the silica capillary, dialysis membrane, pin punch, and the union. B) 

Image of a circular cut dialysis membrane inside the PEEK union, with the yellow circle 

indicating the location of the transparent membrane. C) Capillary used in cap-TME after 

assembling. D) Schematic of a cross-section of the capillary, showing (1) PEEK union; (2) 

capillary; (3) Teflon sleeve; (4) Dialysis membrane (12 kDa) cut into a 1/16-inch circle."  

. 

Next, the autosampler was rotated to select vial A, and an SDS depletion voltage was 

applied for variable durations, causing SDS to be depleted through the dialysis membrane. 

(4.2 C). Finally, the purified protein sample was collected from the membrane into vial C by 

applying a voltage of -20 kV for various time durations (4.2 D).  
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Figure 4.2 Summary of a micro-TME device. A) Capillary washing using vacuum at 26.7 

mbar from vial A for 2 min. B) The autosoampler is rotated to vial B to load the SDS + 

protein sample into the capillary using hydrodynamic injection. C) The autosampler is 

rotated back to vial A and a positive voltage is applied to deplete the SDS from the protein. 

D) Autosampler rotated to vial C and a negative voltage is applied to collect the new purified 

protein by electromigration into 70 µL of buffer. 

 

The amount of sample injected was determined by calculating the flow rate of the buffer 

through the capillary, including the inserted dialysis membrane, as established by the 

application of vacuum. This was accomplished by injecting water for 5 minutes and 

measuring the mass of water in the injection vial before vs after injection. The mass 

difference was divided by the total load time to determine a per minute flow rate. 
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4.2.2   BCA and SDS assays 

Following cap-TME, 5 μL of the collected, purified BSA protein sample was diluted 

10-fold in water, and the protein concentration was determined by a BCA assay. To establish 

a calibration curve, a range of BSA standards spanning from 0.25 to 10 μg per 50 µL was 

prepared. The protein concentration was determined by measuring the absorbance at 562 nm. 

To determine the residual SDS concentration, 50 μL of the same collected protein sample 

was combined without dilution with 50 μL of methylene blue reagent (described in section 

3.2.3) followed by the addition of 200 μL of chloroform. The measurement of SDS was 

conducted by visible absorbance measurement of the SDS-methylene blue complex extracted 

into the chloroform layer, as previously described (see section 3.2.3). 

4.2.3 LC/ UV 
 

The LC/UV method utilized was the same as outlined in section 2.2.7. The percent 

protein recovery was assessed by comparing the peak area (214 nm) of a 17 μg intact BSA 

standard, to that of the samples collected following cap-TME. From the LC/UV experiment, 

protein samples were collected from the time period of 11 minutes to 16 minutes and 

evaporated to dryness in a SpeedVac.  

4.2.4 Trypsin Digestion 

 
BSA samples eluted from cap-TME underwent digestion following LC/UV analysis. 

The samples were first evaporated to dryness and re-dissolved in 50 µL water then following 

the protocol from section 2.2.6 was followed.  

4.2.5 LC-MS/MS 
 

Intact proteins or peptides were separated using an Agilent 1200 nano-flow RPLC 

system. Capillary columns, measuring 30 cm in length and 75 μm internal diameter, were 
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packed with reversed-phase Jupiter beads (C12, 4 μm particle size) acquired from 

Phenomenex (Torrance, U.S.A.). The LC method involved two eluents: eluent A (water with 

0.1% formic acid) and eluent B (acetonitrile with 0.1% formic acid) at a constant flow rate of 

0.25 µL/min. The gradient started at 5% B, increased to 7.5% B after 0.1 minutes, and 

progressed through a linear ramp until reaching 80% B at 61 minutes, maintaining this 

composition until 64.9 minutes. Finally, the mobile phase was returned to 5% B at 65 

minutes. 

MS analysis was performed on a Thermo Fisher LTQ linear ion trap mass 

spectrometer. The ionization source was a custom-modified dual-column nanospray system 

with a spray voltage of 2.5 kV. A high voltage switch was integrated into the LTQ nanospray 

source to control the voltage distribution to the capillary columns. 

 To determine the influence of SDS on protein ionization efficiency, samples were 

injected at a volume of 10 µL for every run. Various concentrations of hemoglobin protein 

(0.05, 0.1, and 0.5 µg/µL) were injected, together with varying concentrations of SDS (1, 5 

20 and 100 ppm). 

4.2.6 Data Analysis 
 

Peptide data searching was performed using Proteome Discoverer (version 1.4) with 

BSA as the protein. The precursor mass tolerance of 1.5 Da and a fragment mass tolerance of 

0.5 Da with FDR of 5%.  Intact protein analysis involved extracting the raw MS data into 

Excel, followed by spectral deconvolution using a program written in house. This program 

draws the deconvoluted MS spectrum from an input of the expected protein mass. 
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4.3 Results   

 

4.3.1 SDS Depletion in Cap-TME 

   
The cap-TME employs hydrodynamic injection, wherein vacuum facilitates the 

loading of protein samples containing SDS into the capillary. In aqueous solution, SDS binds 

to proteins at a ratio of 1.4 grams of SDS per gram of protein. Consequently, for the samples 

employed in this work, the solution comprises SDS directly bound to BSA as well as free 

SDS monomers in the solution with 23.8 ppm of SDS directly bound to protein. During 

infusion of the protein and SDS sample into the capillary through hydrodynamic injection, 

free SDS monomers can migrate through the pores of the MWCO membrane, equivalent to 

conventional dead-end filtration. Due to the size of the protein-SDS complex, any SDS 

directly bound to proteins would not permeate the membrane, necessitating the application of 

an electric field to overcome the SDS-protein binding and further deplete the surfactant. 

When SDS binds to proteins, it imparts a negative charge to the protein, which allows 

both the free SDS and the SDS-protein complex to migrate towards the anode side in the 

conventional TME platform [179]. However, the cap-TME system is different as the 

movement of SDS and protein also depends on the strong electroosmotic flow at high pH 

(8.3), which occurs due to the presence of electric double layer at the inner surface of the 

capillary resulting from the tris+ ion. The velocity of electroosmotic flow is directly 

proportional to the electric field (E) [308] as described by equation 1.18. Once the SDS is 

depleted from the proteins, the direction of protein migration can be reversed by applying a 

negative voltage, allowing the proteins to be collected at the inlet into vial C. The protein 

collection voltage drives the electroosmotic flow in the opposite direction [309]. 

Consequently, the electroosmotic flow drags the proteins back to the collection vial at the 
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capillary inlet when the electrode is now negative. Therefore, in cap-TME, several 

parameters can be manipulated, such as the magnitude and duration of the voltage used for 

SDS depletion, the membrane porosity, and the magnitude and duration of the voltage used 

to collect protein samples. Furthermore, the buffer pH can affect the electroosmotic flow, and 

thus this parameter can also be changed. 

All these variables have the potential to affect both the SDS depletion and the protein 

recovery, as it can be seen from Equations 1.7 and 1.8 that a higher applied voltage causes an 

increase in the flux of SDS (or the rate of SDS depletion) and a longer duration of applied 

electric field also increases the overall mass transfer of SDS. However, from equation 1.11 

and 1.12, a high electric field and longer voltage application increases the amount of Joule 

Heating produced which potentially can lower protein recovery. Membrane size has also 

been shown to affect the recovery of proteins as demonstrated by the Doucette group using 

the conventional TME [182]. 

Previous work from this group [183] employing a conventional TME system has 

successfully lowered the concentration of SDS in proteome samples from an initial 0.5% to 

under 0.0005% within 5 minutes. While faster rates of SDS depletion would be possible, it 

was noted that the required increase in the electric field gives rise to an unmanageable 

increase in the sample temperature owing to Joule heating. With their high surface-to-volume 

ratio, capillary systems allow extremely high voltage application while facilitating rapid heat 

dissipation. As a demonstration of this principle, the effect of the electric field on the rate of 

SDS depletion was tested by applying different magnitudes of SDS depletion voltage, each 

set to a constant 0.5 min voltage application. The TME had an upper limit of 250 mA which 
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corresponds to a maximal potential of 550 V or 5.5 V/cm. The CE system can only be set to 

perform runs at constant voltage.  

Initially, the cap-TME was set to apply the maximum voltage allowable (20 kV, 

across two 50-cm capillaries) and the % SDS depletion was measured by MBAS assay. 

Figure 4.3A summarizes the result of SDS depletion at for the duration (0.5 min, 1 min and 2 

min) with a constant voltage of 20 kV. The MBAS assay indicated that 95% ± 13% of the 

SDS was depleted in 0.5 minutes, with no significant difference in depletion observed at 1 or 

2 minutes (Figure 4.3A). In conventional TME, it was shown that the longer the duration of 

applied voltage, the more SDS is depleted. Here, it is indicated that there is no considerable 

difference in the depletion achieved by 0.5 minutes compared to 1 and 2 minutes, with the 

SDS being depleted to 4 ppm. This demonstrates that the SDS-bound proteins were also 

depleted, as the level is below 23.8 ppm. 

 

Figure 4.3 A) Bar graph showing the percent SDS depleted by cap-TME run with initial SDS 

concentration of 0.5% ppm at various times with a constant SDS depletion voltage of 20 kV. 

B) Bar graph of residual SDS in 70 µL after a cap-TME run at various SDS depletion voltage 

applied for a constant time of 0.5- minute. * represents a significant difference at p<0.05, 

error bars represent the standard deviation with n=3. 
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Next, the 0.5-minute duration was kept constant while varying the magnitude of the 

applied voltage. Figure 4.3 B summarizes the results of residual SDS as a function of the 

applied voltage, ranging from 1 to 20 kV (therefore, the electric field ranged from 10 to 200 

V/cm). As a control, the residual SDS in the collected protein sample was also evaluated for 

a sample which experienced no applied voltage to deplete the SDS. The original SDS 

concentration was 5000 ppm, together with 17 µg BSA injected into the cap-TME system. 

Given the mass of protein injected, and an SDS to protein binding ratio of 1.4 g/g, it can be 

predicted that the sum of all protein-bound SDS would translate to a final concentration of 

23.8 ppm in the collected sample. The calculated SDS concentration at 0 kV was 20.5 ± 0.9 

ppm, which is in close agreement with the predicted value of protein-bound SDS. This 

suggests that in the absence of an applied voltage to deplete SDS, the majority of free SDS in 

the sample solution can be removed by direct filtration and diffusion through the embedded 

MWCO membrane. However, all protein-bound surfactant remains in the sample, and 

requires a voltage application to induce additional depletion. 

As seen in Figure 4.3 B, applying 1 kV for 0.5 minutes caused a significant drop in 

the residual SDS concentration (p-value = 0.002). Further reductions on the residual SDS was 

observed until 5 kV was applied for 0.5 minutes, reaching a concentration of 4.3 ± 2.0 ppm 

of SDS. 

 

4.3.2 Improving Recovery   

 
Work from our group [179] noted that elevated voltage can accelerate SDS depletion, 

but Joule heating imposes an upper limit that compromises protein recovery. From the cap-

TME results discussed above, it was found that applying 5 kV or higher is sufficient for SDS 

depletion. Considering the final SDS concentration at 0 kV (23.8 ppm), the calculated half-
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life of SDS depletion at 5 kV was 0.139 ± 0.07 minutes, which compares favorably to the 

conventional TME, which demonstrated a depletion half-life of 0.48 ± 0.05 min from recent 

literature [183]. The accelerated SDS depletion achieved by cap-TME cannot be discussed in 

isolation, without also considering the recovery of protein. Theoretically, conventional TME 

could also operate faster, though it was seen that protein recovery would suffer. Therefore, it 

is important to test the recovery of proteins in cap-TME. At 20 kV, with 0.5 min voltage 

application, recovery was determined from a total of 3 replicate injections. As summarized in 

Figure 4.4, protein recovery was significantly compromised, and further demonstrated 

variable protein yields, ranging from 7 to 37% across 3 runs. This low recovery was initially 

thought to be due to the high magnitude of the SDS depletion voltage. Previous studies using 

an electrodialysis device have shown that the pore size of the MWCO membrane will affect 

the protein recovery, as well as the consistency of the experiment [180-181].  

A 12 kDa membrane was employed to obtain the above results. This pore size was 

chosen to ensure efficient flow of background electrolyte through the membrane following 

application of vacuum for sample injection and to allow for the ease of passage of SDS 

micelles with the average molecular weight of a micelle being 18000 Da [310]. Nonetheless, 

results show that when a smaller pore size (6 kDa) was utilized, the reproducibility of protein 

recovery was enhanced (Figure 4.4 A and C). This is supported by the comparison of 

variance (F test), whereby the variance in the larger pore size was 184.3, while for the 

smaller membrane was 8.4, which gave a significant difference at p=0.05 (F= 21). A possible 

explanation for the decrease in reproducibility, due to the increase in pore size, possibly due 

to the change in the physical structure of the MWCO filter upon heating. From previous 



114 

 

TME experiments, Joule heating was indicated as the main reason for poor protein recovery, 

as the excess heat causes protein samples to denature and aggregate [179].  

It is also established in the literature that regenerated cellulous (i.e. the material which 

makes up the MWCO membranes used in this study) changes chemically and physically on 

exposure to higher temperatures. For example, Cai et al. [311] observed larger pore size of 

cellulose membrane with higher temperatures at above 50°C. Similarly, Gelde et al. [312] 

have observed an increase in diffusion of NaCl across a regenerated cellulose membrane as 

the temperature increased from 25°C to 60°C and attributed this increase to the change in the 

elasticity of the membrane.  The Joule Heating generated can be estimated from the equations 

(1.3 and 1.10). Joule heating can be estimated from the resistance and the current. The 

current recorded was 20 µA in the cap-TME with 20 kV being the voltage applied. Therefore, 

according to Ohm’s law (equation 1.3) 1000 MΩ would be the resistance. Converting this 

resistance to the amount of heat produced (equation 1.10), 0.6 Joules of heat is produced.    

Assuming that the resistance is evenly distributed across the capillary, it would require 4.18 J 

of heating to raise the temperature of 1 mL of water by 1°C. Given that the Cap-TME has a 

volume of 2.2 µL, only 0.009 J would be needed to raise its temperature by 1°C. With the 

calculated heat produced being 0.6 J at 20 kV, theoretically, the temperature would increase 

by 40°C from room temperature (22°C), bringing the overall temperature to 62°C. However, 

it's important to note that these calculations do not account for the addition of the MWCO 

membrane, which increases resistance, particularly at the location of the membrane, leading 

to non-uniform heat distribution across the capillary. Furthermore, these calculations do not 

consider heat dissipation by the capillary, which can result in the cooling of the buffer. 
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Nonetheless, not taking these variables into account, there can potentially be enough heating 

generated at 20 kV to induce protein aggregation.  

 

Figure 4.4 A) Bar graph of percent protein recovery from different molecular weight cutoff 

membrane pore sizes, n=3. B) LC/UV (214 nm) peaks of the eluted intact protein at 16.3 

minutes from a 12 kDa membrane. C) LC/UV (214 nm) peaks of eluted BSA from a 6 kDa 

membrane. Recovery was obtained by injecting a standard 17 µg BSA sample. Error bars 

represents the standard deviation from n= 3.  

 

          Despite improvements in reproducibility, the issue of recovery remained problematic, 

as the conventional TME experiment had achieved over 98% protein recovery [183]. To 

enhance the recovery rate in cap-TME, the first approach was to extend the protein collection 

time by applying a protein collection voltage over a longer duration (Figure 4.5 A). Initially, 

in the cap-TME experiments, sample collection took place by applying -20 kV for 2 minutes. 

Therefore, this time was increased to 5 or 10 minutes to assess whether it would improve the 

recovery. However, a BCA assay performed on the collected proteins showed no significant 
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difference in protein recovery despite employing longer collection times (Figure 4.5 A) 

proving that prolonged collection time had no impact on recovery.  

        Since the collection time was ruled out as the cause of poor recovery, the next strategy 

was to employ a lower SDS depletion voltage (0, 1, 3, 5 kV). Decreasing the SDS depletion 

voltage from 20 kV to 1 kV led to a 2.6-fold increase in protein peak area, improving protein 

recovery to 81% (Figure 4.5 B). To confirm this, the voltage was then increased to 3 kV and 

to 5 kV from 1 kV resulting in a significant decrease in protein recovery. Figure 4.6 C 

illustrates the percent recovery of BSA based on LC/UV chromatograms. This improvement 

in recovery may be attributed to a significant reduction in Joule heating, as indicated by 

Equations 1.2 and 1.10. These equations suggest that the increase in voltage leads to a linear 

rise in the current and the rise in current increases the Joule heating to the power of 2. 

 

Figure 4.5 A) Bar graph of percent protein recovery with different collection times. 

Recovery was calculated via BCA assay. B) Peaks of the eluted intact protein at 16.3 minutes 

in 20 kV vs 1 kV applied for 0.5 min. C) Bar graph of percent protein recovery at each SDS 

depletion voltage. Recovery was calculated via measuring the area of each peak in LC/UV vs 

a 17 µg BSA standard. D) Bar graph of percent protein recovery at each time interval a SDS 

depletion voltage was applied. Recovery was calculated via BCA assay. Error bars 

representing n=3. 
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         The impact of the duration for which the SDS depletion voltage of 1 kV was applied on 

protein recovery was also assessed (Figure 4.5 D). As illustrated in this figure, extending the 

application time of the SDS depletion voltage led to a decrease in protein recovery. This  

result can perhaps be explained by Equation 1.11, which indicates that an increase in 

application time also results in heightened Joule heating generation. 

         Increasing the duration of the applied voltage (1 kV) from 30 seconds to two minutes 

caused a significant decrease in recovery (Figure 4.5 D). Specifically, protein recovery 

dropped from 81 ± 3% at 0.5 minutes to 37 ± 5% at 1 minute and further reduced to 33 ± 

11% at 2 minutes. Nevertheless, considering that smaller surface areas can dissipate heat 

more effectively, the application of higher electric fields in cap-TME becomes a viable 

option. Furthermore, non-uniform electric field caused by the increase in resistance at the 

membrane. It is also crucial to acknowledge that reduced recovery may not be solely 

attributed to Joule heating. A study by Sheldon and colleagues in 1991 [313] demonstrated 

that unfolded BSA proteins can accumulate on the surface of regenerated cellulose 

membranes, due to interactions between BSA and the membrane. Additionally, research has 

shown that unfolded proteins can be deposited onto MWCO membranes, affecting the protein 

influx through the membrane [314]. While these studies did not involve an electric field, it is 

reasonable to assume that higher voltage exerts a stronger electric force on proteins, resulting 

in closer interaction between proteins and the membrane. Similarly, extended durations of 

SDS depletion voltage may lead to prolonged interactions of unfolded proteins with the 

membrane, potentially causing permanent deposition and influencing recovery. To 

comprehensively understand the lower recovery observed in higher electric fields and longer 
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SDS depletion durations, future work should include temperature measurements for a 

definitive explanation. 

4.3.3 MS Analysis of Collected Proteins 

 
To provide further evidence that the observed peaks in LC/UV from analysis of 

collected samples following cap-TME processing represent intact BSA protein, the BSA 

collected from the LC was digested with trypsin for one hour, and the resulting mixture was 

again introduced to LC/UV (Figure 4.6 A and B). As illustrated in Figure 4.6 A and B, after 

the intact protein peak at 16.3 minutes was collected, subject to digestion, and re-injected 

onto LC/UV, an unresolved peak emerged from time 12.5 to 14 min, while the original peak 

decreased in intensity. The unresolved, earlier eluting peaks in the LC are due to the 

generation of various peptides by digestion of BSA with trypsin. The analytes that eluted 

over the earlier time interval (12.5 to 14 min) were collected in a single collection vial and 

analyzed by bottom-up proteomics, leading to the detection of 35 unique BSA peptides, thus 

confirming the presence of BSA protein with 51.4% sequence coverage obtained by MS 

analysis (Figure 4.6 C). 

 

Figure 4.6 A) Peaks before trypsin digestion, intact protein can be seen at 16.3 minutes. B) 

Peaks eluted from the LC/UV after digestion with trypsin. C) Peptides collected from LC/UV 

were identified by MS using peptides matching with reference BSA peptide sequence are 

coded in green along the length of the protein sequence. 
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    Next, a hemoglobin standard (3 g/L) containing 0.5% SDS was injected into the cap-

TME to verify the feasibility to employ this SDS depletion instrument in a top-down 

proteomics workflow.  Following collection of the purified hemoglobin from the cap-TME 

using 1 kV applied for 0.5 min, an intact mass spectrum was recorded, and the deconvolution 

of that spectrum yielded a mass of 15075 ± 2 Da (Figure 4.7 A and B).  No visible SDS 

adducts were observed in the mass spectrum. The mass of hemoglobin detected in this 

experiment is in close approximation with the mass alpha-globin hemoglobin variant which 

was previously reported as 15,080.0 ± 0.7 Da [311]. 

 

 

 

 

 

Figure 4.7 A) Mass spectrum result of a hemoglobin intact protein. B) Deconvoluted 

spectrum of hemoglobin yielding a single peak with mass 15075 ± 2 Da.  

 

4.3.4 Effect of Low SDS Concentration 

 
So far, the efficacy of cap-TME in achieving high protein recovery with significant 

SDS removal has been demonstrated. Though, the absence of applied voltage still resulted in 

the removal of the majority of free SDS, whereas the removal of SDS bound to proteins 

necessitated the activation of voltage. Even in the absence of voltage, the SDS concentration 

remained well below 100 ppm, which represents the maximum tolerable limit of SDS in an 
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MS experiment, as previously reported by this group [128]. This prompts the question: what 

level of purity is necessary for optimal MS analysis of a protein sample, particularly in the 

context of small-scale protein samples?  

An LC-MS experiment was conducted by spiking different amounts of SDS into 

varying concentrations of hemoglobin, and the MS spectra were compared.  In Figure 4.8, at 

a protein concentration of 0.5 µg/µL (equivalent to 5 µg of protein injected), only slight 

suppression was observed at SDS concentration of 5 ppm and 1 ppm, with a two-fold 

decrease at 20 ppm. However, data was still observed at 100 ppm SDS. It is important to note 

that a previous study [128] concluded a contrary finding, where 10 ppm SDS did not cause a 

reduction in the signal, however, their experiment did not test hemoglobin and only focused 

on 1 µg of protein. Nonetheless the concentration of protein was reduced enough to see the 

severity of ion suppression caused by SDS on low protein concentration. 

As illustrated in Figure 4.9, the impact of residual SDS on the analysis of proteins at a 

lower concentration of 0.1 µg/µL (equivalent to 1 µg injected) was more significant than at 

0.5 µg/µL, with no detectable protein signal at 100 ppm SDS. A 2-3-fold decrease in signal 

intensity was observed when the SDS concentration was raised from 1 ppm to 5 ppm, 

without further suppression at 20 ppm. A more marked suppression was noted upon further 

reducing the concentration of the intact protein to 0.05 µg/µL; increasing SDS concentration 

from 1 ppm to 5 ppm led to a 4-5-fold decrease in signal, with 20 ppm acting as the 

threshold. At this concentration, a detectable signal was observed in only one of two runs, 

and at 100 ppm, no detectable signal was observed. This finding implies that a higher level of 

SDS depletion is required for solutions with lower protein concentrations. The crucial factor 

is not the absolute quantity of SDS present but rather the protein-to-SDS ratio. The findings 
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in this section show that the signal of intact protein is entirely separated if the ratio of SDS-

to-protein is above 0.4 µg SDS per microgram of protein.  

 

 

Figure 4.8  Mass spectra of hemoglobin as intact protein at concentration 0.5 µg/µL, and 

deconvoluted spectra 

 

 

 

Figure 4.9 Mass spectra of hemoglobin as intact protein at concentration 0.1 µg/µL, and 

deconvoluted spectra.  
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Figure 4. 10 Mass spectra of hemoglobin as intact protein at concentration 0.05 µg/µL, and 

deconvoluted spectra. 

 

 

4.4 Conclusion and Future work. 

 
A fully automated method for SDS depletion, termed cap-TME, was introduced in 

this study. The incorporation of a capillary with a molecular weight cut-off (MWCO) 

membrane into a CE system proved effective in achieving high rate of SDS depletion. the 

cap-TME system demonstrated capability to handle higher voltage levels as proteins were 

still collected at 1 kV while maintaining high protein recovery.  Furthermore, an investigation 

into the impact of low SDS concentrations on small sample sizes of intact proteins revealed 

that the 100-ppm threshold does not hold true when low protein concentration is injected in 

the LTQ MS. It is important to note that these results are preliminary, and further 

optimization of SDS depletion parameters for the capillary-TME system is necessary. 

Potential areas for exploration include testing smaller pores in the dialysis membrane and 

exploring different SDS depletion voltage applications. Additionally, the influence of low 

SDS concentrations on peptide signals warrants further investigation. 
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CHAPTER 5 Conclusions and Future Work    
 

5.1 Thesis Summary 
 

 The field of proteomics involves a comprehensive examination of an organism's proteins, 

achieved through their identification and quantification using mass spectrometry (MS) 

instruments. While MS instruments are recognized for their sensitivity, and high throughput, 

their success hinges on labor-intensive and time-consuming sample preparation workflows. An 

optimal sample preparation process should ensure high recovery, reproducibility, and throughput, 

especially for clinical biomarker identification requiring a quantitative precision lower than 20% 

[296]. This thesis seeks to showcase multiple enhancements to the proteomic workflow with the 

goal of enhancing speed, recovery, and reproducibility of the sample preparation.  

The first chapter of this thesis provides an overview of proteomics, exploring the 

associated challenges. These challenges encompass the diverse locations where proteins are 

found, existing either in solution or embedded within a cell, encapsulated by a cell membrane 

and wall. Additionally, the thesis addresses the inherent chemical diversity of proteins, which 

can be either hydrophilic and thus easily solubilized or hydrophobic, posing greater difficulties in 

solubilization, especially for membrane proteins. The first chapter further introduces various 

ways to tackle the extraction of proteins from the cell, though these methods are static and lack 

dynamic flow through with varying degree of success. For instance, microwave-assisted 

extraction is static and notably ineffective for extracting hydrophobic proteins.  

Furthermore, the first chapter emphasizes different methods aimed at overcoming the 

poor solubility of membrane proteins. These strategies include the use of organic solvents, 

formic acid, chaotropic agents, and detergents. Arguably, detergent stands out as the most 
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effective method for solubilizing membrane proteins [108], creating an environment akin to the 

cell membrane. Consequently, the inclusion of detergent is crucial for maximizing recovery in a 

proteomic workflow. 

A variety of detergents is available, including some classified as MS compatible. 

However, Masuda et al. [108] have identified SDS as the most effective type for solubilizing 

membrane proteins. However, SDS is known to pose challenges in the subsequent steps of a 

proteomic workflow such as suppression of ESI MS ionization and diminishing activity of 

trypsin. Therefore, this thesis further introduces various methods for removing SDS, with TME 

identified as the ideal method, offering high recovery, reproducibility, and rapid SDS depletion 

[179,182-183]. The first chapter concludes by outlining limitations of TME, including its lack of 

complete automation, dependence on human intervention for sample introduction and collection, 

and inability to directly integrate with other bioanalytical tools, including MS. Furthermore, the 

introduction reveals that TME is constrained by an upper limit due to Joule heating, which 

adversely affects protein recovery. Despite efforts in previous TME experiments to address Joule 

heating, the latest TME modification still imposes an upper limit of 250 mA [183]. The section 

concludes by underscoring the potential advantages of transitioning from TME to another 

electrophoresis technique (CE), known for its complete automation and past integration with MS. 

CE is suggested to have the advantage of being less impacted by Joule heating compared to 

TME, attributed to the narrow channels through which ions travel, enabling CE to handle higher 

electric fields.  

The second chapter of this thesis presents a method for achieving high intact protein 

recovery during cell lysis using a dynamic extraction device. A subcritical water extraction 

device is introduced, allowing for sample extraction in a flow-through manner within 5 minutes. 
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Initially applied to yeast cells in subcritical water, the device yielded maximum recovery at 

120°C, with 30 ± 5% protein recovery. The study demonstrates that the addition of 5% SDS 

significantly enhances protein recovery to 84 ± 3%. Two key conclusions emerge from this 

chapter: the increase in temperature and the addition of SDS improve protein yield. However, the 

yield reaches an optimum at a certain temperature, beyond which recovery diminishes. The 

chapter also illustrates the preservation of intact proteins at subcritical temperatures by running 

an intact standard of myoglobin and ribonuclease B. Results indicate that at 140°C, intact protein 

is preserved, while at 190°C, no MS signal is observed for intact myoglobin indicating that the 

intact protein was lost. Furthermore, the chapter underscores the significance of adding SDS in 

preservation of intact proteins. For myoglobin samples heated at 140°C, those with 5% SDS 

exhibited higher intensity mass spectrum compared to those without SDS at the same 

temperature. In the case of ribonuclease B, samples lacking SDS at 120°C yielded no signal, 

whereas samples with SDS at the same temperature produced a recorded mass spectrum.  

The newly devised subcritical water extraction was subsequently applied to underexploited hemp 

seed plants, resulting in the identification of 6824 proteins. This represents the most extensive set 

of proteins extracted from hemp seeds to date. 

As can be seen in the second chapter of this thesis, SDS is crucial for enhancing recovery 

during cell lysis in subcritical water. In the third chapter, efforts are made to address SDS 

depletion while ensuring high recovery of low-solubility membrane proteins. Initially, the thesis 

suggests that adding methanol (up to 40%) improves membrane protein solubility, contradicting 

the study by Blonder et al. who favored 60% methanol. Despite the 40% methanol improvement, 

SDS proves superior in solubilizing membrane proteins, necessitating its inclusion, as 

emphasized in the second chapter. The third chapter demonstrates that a solution containing both 
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membrane proteins and SDS yields similar recovery as SDS alone. A TME experiment shows 

that methanol not only enhances membrane protein recovery but also accelerates SDS depletion 

by a factor of 1.73. The study explores reasons for the improved SDS depletion rate, testing 

parameters such as increased CMC of SDS in methanol, resistance due to lower methanol 

conductivity, and the reduction in SDS to protein binding ratio with methanol. Findings indicate 

that increased CMC and resistance significantly impact the enhanced SDS depletion rate, while 

the reduction in SDS to protein ratio has minimal effect, as the electric field overcomes the 

protein to SDS binding energy. Lastly, bottom-up proteomics on TME collected fractions that 

contained methanol and no methanol was done. MS results supported the inclusion of 40% 

methanol, demonstrating higher MS intensity and a greater number of identified proteins 

compared to the samples without methanol. The analysis of proteins enriched in 40% methanol 

versus those without indicates that methanol is especially advantageous in preserving low-charge 

proteins, which are susceptible to aggregation. 

The fourth chapter of this thesis aimed to develop a fully automated Transmembrane 

Electrophoresis (TME) system, improving reproducibility and throughput by minimizing human 

intervention and potentially facilitating integration with Mass Spectrometry (MS). Coined as 

capillary TME (cap-TME), the device integrates a MWCO membrane within a capillary to 

deplete SDS, even with small sample volumes. It utilizes positive and negative voltages for SDS 

depletion and purified protein collection, respectively. Additionally, sample injection is 

automated through conventional hydrodynamic injection employed by capillary electrophoresis 

(CE). 

Various parameters were examined to showcase cap-TME's ability to deplete SDS while 

maintaining high protein recovery. These parameters included the magnitude and duration of the 
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applied positive voltage, the size of the MWCO membrane, and the duration of the applied 

negative voltage. Results demonstrate that increasing the positive voltage from 0 to 20 kV 

significantly enhances SDS depletion. In cases where no voltage was applied, a substantial 

reduction in SDS concentration was observed, attributed to dialysis through natural diffusion of 

SDS, though SDS directly bound to protein was not depleted, supported by calculating the 

binding ratio of the resulting SDS concentration to the expected amount of injected protein. 

Nonetheless, activating the voltage proved effective in removing SDS directly bound to proteins. 

However, protein recovery was compromised by two factors: firstly, the inclusion of a larger 

membrane size, and secondly, by increasing the voltage beyond 1 to 3 kV. The enlargement of 

the membrane size, even with a cut-off less than that of the protein size, was found to retain 

lower protein levels. This was attributed to the generation of heat, causing pores in the cellulose 

membrane to expand in size, as noted by Cai et al. [311], along with an increase in membrane 

elasticity [312]. Moreover, the escalation of voltage also diminished protein recovery, attributed 

to the rise in Joule heating due to the increase in the electric field. The final section of this 

chapter addresses the necessity of including voltage in cap-TME, as suggested by a previous 

study indicating that MS can handle up to 100 ppm of SDS [128]. In the cap-TME without 

turning on the voltage, the concentration of SDS was well below that threshold. Different SDS 

concentrations were spiked into intact hemoglobin with varying protein concentrations. The 

results suggest that at low protein concentrations, even the presence of 20 ppm SDS significantly 

reduced the peak intensity of the MS spectrum, and therefore cap-TME becomes important when 

working with low protein concentrations. 

It is therefore, the objective of this thesis was to tackle issues relating to sample 

preparation workflow by addressing the issues relating to sample loss, which can be attributed to 
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poor extraction efficiency, poor solubility of proteins, or human intervention (i.e. poor pipetting), 

and also tackle the issue of sample preparation throughput such as building a flow through 

protein extraction technique, increasing the rate of SDS depletion, and finally automating the 

SDS depletion. The sample loss issue was addressed in three ways: firstly, the addition of SDS in 

extraction using subcritical water, second addition of methanol to maintain membrane proteins, 

and thirdly complete automation of SDS depletion by cap-TME which minimized errors relating 

to poor pipetting. While the throughput issue was addressed by building a SWE that is flow-

through and able to extract proteins within 5 minutes rather than the conventional 1 hour to 

overnight extraction, and also the addition of methanol which sped up the SDS depletion of 

proteins. Furthermore, changing from a conventional TME to a cap-TME which allowed for 

complete automation, minimizing Joule heating and therefore ability to reach higher voltages for 

a faster SDS depletion.  

5.2 Future Work 
 

The conclusions drawn from the cap-TME findings are preliminary, requiring further 

optimization of parameters. This involves reducing the cap-TME time (0.5 minutes) and 

exploring additional SDS depletion voltages to identify the fastest and most efficient voltage 

while maintaining high protein recovery. Consideration should also be given to using an even 

smaller pore size membrane (3 kDa) to potentially enhance protein recovery. Additionally, while 

the fourth chapter focused on the impact of SDS concentration on intact proteins, future work 

should investigate the effect of SDS concentration on peptides for bottom-up proteomics. 

Once the optimal voltage, time, and membrane size are determined, the next step involves 

exploring the feasibility of cap-TME to process a proteome sample (e.g. yeast or E.  coli) in fully 

automated fashion. The cap-TME could potentially enable complete online SDS purification and 
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direct integration with MS for a full cap-TME-LC-MS instrument. Another potential avenue is 

introducing a vial with trypsin enzyme into the cap-TME to facilitate capillary digestion of 

proteins post-SDS depletion, allowing for direct injection into MS. The cap-TME could be 

further integrated with subcritical water extraction SDS for an automated, online flow-through 

cell lysis, followed by SDS depletion and protein detection. Therefore, once proteins are 

extracted from the SWE, the sample can enter the cap-TME for SDS depletion followed by 

digestion (if needed for bottom-up), and finally direct MS analysis. 

  This could prove beneficial for cancer biomarker research and single-cell proteomics, 

addressing challenges related to sample loss during manual injection and protein transfer from 

different vials [316]. Furthermore, an investigation of the impact of adding methanol to the cap-

TME and testing its effects on SDS depletion and membrane proteome recovery, similar to 

Chapter 3 of this thesis, is an area for further improvement. Additionally, the cap-TME can be 

turned into a microfluidic chip for miniaturization of handheld SDS depletion device limiting the 

need for a large CE system.  

Further investigation could also be needed in the SWE, such as testing another sample 

(other than yeast and hemp seed) to see if this system can be applied universally for all samples. 

Furthermore, the impact of subcritical water on other intact proteins such as α-Casein to see the 

impact of heat and SDS on phosphorylation. Other areas of improvement could be automating 

the injection of samples into the extractor system, where robotic arms can be used to inject a 

sample containing SDS and proteins for extraction. As for the methanol SDS depletion, the 

project focused on yeast membrane proteins, further investigation on to check the impact of 

methanol other membrane proteome systems such as human membrane proteome or E.coli.  
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The improvements in throughput and sample recovery discussed in this study contribute 

to the development of a robust sample preparation technique capable of generating thousands of 

samples, essential for large-scale experiments in areas such as biomarker cancer research, drug 

screening, and single-cell proteomics. Moreover, the enhanced sample preparation, particularly 

with reduced sample size requirements and sample loss, could make protein detection in blood 

test less invasive, offering potential benefits for clinical applications. 
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