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Abstract 

The skeletal muscle is a major site of insulin stimulated glucose disposal. Skeletal muscle insulin 

sensitivity can be influenced by multiple circulating nutritional, hormonal, neuronal and bioactive 

factors, including adipose tissue secreted bioactive molecules known as adipokines. Autotaxin 

(ATX) is a novel adipokine that generates the bioactive lipid, lysophosphatidic acid (LPA). ATX-

LPA signaling is increased in mouse models of diet-induced obesity and insulin resistance and 

clinically correlates with indices of insulin resistance. Prior studies have also suggested that the 

ATX-LPA pathway contributes to the development and/or exacerbation of systemic insulin 

resistance. However, it remained unclear how ATX is regulated in an obese-insulin resistant 

milieu and whether the ATX-LPA pathway influences insulin sensitivity in muscle under obese-

insulin resistant conditions. ATX activity was demonstrated to be acutely and chronically 

nutritionally regulated by feeding/fasting and an obesogenic diet, respectively. We further 

identified glucose and insulin as novel regulators of ATX expression in adipocytes/adipose tissue.  

Glucose independently increased ATX expression in a time- and concentration-dependent 

manner. Insulin elicited a biphasic response; acute insulin stimulation increased ATX activity in a 

PI3Kinase-dependent and mTORC1-independent manner, whereas chronic insulin stimulation 

decreased ATX expression. Heterozygous whole body ATX knockout (ATX+/-) mice were 

partially protected from high fat high sucrose (HFHS) diet-induced obesity, insulin resistance and 

glucose intolerance. HFHS-fed ATX+/- mice also showed improved insulin-stimulated AKT 

phosphorylation and glucose uptake in the soleus muscle. Mechanistically, ATX deficiency 

improved palmitate-linked mitochondrial respiration in the soleus, which was independent of 

broad changes in myofiber reprogramming, mitochondrial content and ADP sensitivity. 

Interestingly, mitochondrial H2O2 generation was increased, concomitant with generally 

decreased antioxidant gene expression. Similarly, LPA directly inhibited insulin signaling, 

mitochondrial respiration and H2O2 secretion in C2C12 myotubes. Taken together, my thesis 

work identified glucose and insulin as novel, critical regulators of ATX expression. Furthermore, 

chronic ATX deficiency improves skeletal muscle insulin sensitivity, which may be linked to 

amelioration of mitochondrial dysfunction induced by an obesogenic diet. This work also 

suggests that targeting the ATX-LPA signaling pathway may be a therapeutic strategy for treating 

obesity-induced insulin resistance. 
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Chapter 1: Introduction  

Figures 1.3-1.4, Table 1 and sections 1.6, 1.8-1.9 present in this chapter have been reproduced 

from Nutrients(1) from the following manuscript and edited as appropriate:  

D'Souza, K., Paramel, G. V. and Kienesberger, P. C. (2018). Lysophosphatidic Acid Signaling in 

Obesity and Insulin Resistance. Nutrients. 10(4): pii: E399. 

Nutrients is an open-source journal and does not require copyright permission for use of text and 

figures. 
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1.1 Thesis Overview 

An ever-increasing consumption of calorically dense foods coupled with an increasingly 

sedentary lifestyle leads to an energy imbalance in many populations across the globe. The 

product of this imbalance is obesity, a chronic metabolic disorder characterized by excessive 

adipose tissue that affects 650 million adults worldwide(2). Obesity is associated with many 

different co-morbidities, including insulin resistance, which can develop into type 2 diabetes 

(T2D)(3).  

Apart from a remarkable capacity to act as a sink for excess nutrients, the adipose tissue 

also plays a key role in regulating systemic insulin sensitivity and glucose homeostasis(4).  One 

major mechanism by which this occurs is through the secretion of bioactive molecules known as 

adipokines(5). Adipokines can act locally or systemically and can promote several signalling 

responses that directly influence insulin sensitivity(6). These adipokines can function as pro- and 

anti-inflammatory mediators, regulating tissue remodelling and influencing energy 

homeostasis(5),(7). Adipokine secretion is dynamic and is heavily influenced by adipose tissue 

mass and its metabolic state. Indeed, metabolic diseases such as obesity and insulin resistance 

result in drastic changes in the adipokine profile in pre-clinical models and humans; these 

changes can further exacerbate adipose tissue and systemic metabolic dysfunction.   

Ectonucleotide pyrophosphatase/phosphodiesterase 2 (ENPP2), more commonly referred 

to as autotaxin (ATX), is a recently identified adipokine that generates the bioactive signaling 

lipid, lysophosphatidic acid (LPA)(8). Despite being best known for its role as a pro-oncogenic 

factor, by promoting proliferation, survival and metastasis, recent work has also implicated ATX-

mediated signalling in metabolic diseases(9). The relationship between the ATX-LPA pathway 

and metabolic diseases, specifically obesity-induced insulin resistance, is the focus of this thesis.    

The first chapter explores T2D, obesity-induced insulin resistance and mechanisms by 

which key insulin sensitive tissues contribute to this occurrence. This chapter will also introduce 

ATX-LPA signalling and summarize our knowledge of the mechanisms by which it promotes 
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obesity-induced insulin resistance. This chapter will establish the rationale for the second, third 

and fourth chapters which contain original research on questions pertaining to how ATX is 

regulated by an insulin resistant milieu and mechanisms by which ATX-LPA signaling alters 

tissue insulin sensitivity and mitochondrial function. The fifth and final chapter discusses 

implications of these results and future areas of research for exploring ATX-LPA signaling in 

obesity and insulin resistance.   

1.2 Diabetes 

1.2.1 Prevalence of Diabetes, Trends and Current Impact  

 The World Health Organization (WHO) estimates that in 2014, the number of adults 

living with diabetes was approximately 422 million; this represents an almost 4-fold increase in 

the incidence of diabetes since 1980(10). Current trends indicate that by 2045, this number will 

grow to a staggering 629 million(10). Diabetes is associated with several complications. Acute 

complications emanating from ketoacidosis due to hyperglycemia can be fatal. More prevalent 

are chronic complications that result in macrovascular diseases, including cardiovascular and 

cerebrovascular diseases and microvascular diseases, including retinopathy, nephropathy and 

neuropathy(3). As a result of these complications, an estimated $730 billion USD was spent on 

healthcare treating individuals with diabetes in 2013, which represents 12% of total worldwide 

healthcare costs(10). Despite these massive costs and efforts to treat this disease, diabetes was 

responsible for 4 million death in 2017(10). In line with worldwide trends, the number of 

Canadians living with diabetes has grown to nearly 3 million and accounts for 3.5% of public 

healthcare spending in direct costs(11).  

 Although no current statistics exist on the proportion of individuals with insulin 

resistance worldwide, the number likely far exceeds that of individuals with diabetes. Therefore, 

the high prevalence of diabetes and insulin resistance worldwide is a major economic burden for 

the health care system and an important concern for health care providers and policy makers. 
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1.2.2 Diagnosis   

 There are two major forms of diabetes, type 1 and type 2, both of which are characterized 

by an elevated blood glucose level (hyperglycemia). In type 1 diabetes, hyperglycemia results as 

a function of an autoimmune response that destroys insulin producing pancreatic ɓ-cells within 

the islets of Langerhans(12). Type 2 diabetes (T2D) is far more common than type 1 diabetes, 

comprising approximately 85% of diabetes cases. In T2D, hyperglycemia results as a 

consequence of increased tissue insulin resistance coupled with a decline in ɓ-cell islet secretory 

function(12). An earlier, clinically recognized state of T2D is prediabetes, which is characterized 

by peripheral insulin resistance, hyperglycemia and elevated insulin levels 

(hyperinsulinemia)(12). 

 As diabetes is a condition distinguished by chronic hyperglycemia, diagnosis can be 

made primarily by measuring blood glucose levels. Diabetes is diagnosed when fasting plasma 

glucose is Ó 7.0 mM or when plasma glucose is Ó 11.1 mM 2 hours after ingestion of a 75 g oral 

glucose load(13). Additionally, a diagnosis can also be made if glycated haemoglobin (HbA1c) 

levels are Ó 6.5% of total hemoglobin levels. HbA1c levels reflect the average blood glucose 

concentrations over several weeks and thus provide a more stable readout of blood glucose levels 

compared to the other listed measurements(13).  

 Prediabetes can be diagnosed when fasting plasma glucose is between 6.1-6.9 mM or 

when plasma glucose is Ó 7.8 mM, but less than 11.1 mM 2 hours after ingestion of a 75 g oral 

glucose load or when HbA1c levels are between 6.0-6.4%(13). 

1.2.3 Current treatment and management options 

An effective strategy for managing the complications from diabetes begins with lifestyle 

changes, either by decreasing calorie consumption and reducing obesity and/or via increasing 

energy expenditure through exercise(14). In addition to lifestyle changes, several oral antidiabetic 

medications were developed to control blood glucose levels. For individuals with type 2 diabetes, 
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the first-line drug prescribed for all age groups is the biguanide, metformin. Metformin primarily 

acts on the liver and activates adenosine monophosphate-activated protein kinase (AMPK) to 

promote glucose uptake and suppress hepatic glucose production(15,16). If HbA1c levels persist 

above 7.5% with metformin, typically a second medication is required, for example insulin 

secretion stimulators (e.g. incretin mimetics, sulfonylureas) and inhibitors of glucose reabsorption 

in the kidney (sodium-glucose cotransporter inhibitors)(13). If HbA1c levels are greater than 

8.5%, insulin therapy can be used in combination with metformin and/or second-line drugs to 

achieve stable, acceptable blood glucose levels(13).  

1.2.4 Etiology: The role of lifestyle, genetics and environmental factors 

The risk of developing T2D is strongly influenced by three factors: lifestyle, environment 

and genetics.  

A landmark study by Hu et al.(17) in 2001 suggested that the incidence of T2D could be 

lowered by the adoption of a healthier lifestyle. The most important predictor of T2D 

development was increased body mass index (BMI), with overweight or obese individuals having 

the highest risk. When compared to individuals with a BMI of <23, overweight (BMI between 

25.1 and 29.9), obese class I (BMI between 30-34.9) and obese class II and III (BMI Ó 35) 

individuals had a 7.6, 20.1 and 38.8 fold higher risk of developing diabetes(17). Subsequent 

studies have since demonstrated that increased visceral obesity and/or ectopic liver fat 

accumulation (steatosis), rather than BMI correlate best with risk of T2D development(18,19). 

Further risk factors for T2D include a lack of exercise, a poor diet high in carbohydrates, smoking 

and sleep deprivation(14,17).   

In addition to lifestyle impacting T2D development, the environment also plays a crucial 

role. Epidemiological studies have shown an association between increased exposure to noise 

(>10 decibels over control)(20), airborne particular matter (Ó10 Õg/m3)(21) or living on a busy 

residential road with T2D(22). The mechanisms underlying these associations are unclear, but 
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have been suggested to be related to stress and sleep disturbances(21, 22). Furthermore, stress due 

to work or óburning outô were also reported to have a significant association with developing 

diabetes later in life(23,24).     

Finally, the introduction of genome-wide association studies (GWAS) has allowed for the 

discovery of polymorphisms or loci that are tied to increased risk of developing T2D. To date, 

roughly 139 common variants and 4 rare variants have been associated with T2D(25). Variants 

code for genes that have broad functions, including those involved in ɓ-cell function, adipocyte 

differentiation or glucose uptake(26). Moreover, T2D associated variants have also been shown to 

have effector roles on transcripts. For example, the FTO locus is the first and one of the best-

known variants associated with obesity, with most focus placed on the FTO gene itself(27). 

However, it is now understood that the FTO locus can act as a long range enhancer of the 

Iroquois homeobox 3 gene (IRX3), with obesity-inducing variants reducing energy 

expenditure(28).  

1.3. Peripheral Maintenance of Glucose Homeostasis and Deregulation in Obesity-

Induced Insulin Resistance   

 
The pancreas is exquisitely sensitive to changes in nutritional status and increases insulin 

secretion in response to a corresponding increase in blood glucose(4). Several peripheral tissues, 

including the liver, skeletal muscle and adipose tissue play a critical role in maintaining glucose 

homeostasis, primarily due to their responsiveness to insulin. The presence of obesity-induced 

insulin resistance can disrupt this delicate balance to maintain euglycemia and can ultimately lead 

to hyperglycemia and diabetes.  

1.3.1 Liver 

Insulin is secreted into the portal vein; therefore, the liver is exposed to higher insulin 

concentrations than other peripheral tissues(29). In response to an increase in insulin (i.e. during 

ingestion of a meal or post-prandially), glycogen storage (glycogenesis) and lipid synthesis (de 

novo lipogenesis) are increased, while endogenous glucose production (hepatic gluconeogenesis 
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and glycogenolysis) is suppressed(30,31). When insulin levels are lower (fasting), the liver 

maintains euglycemia by increasing glycogen breakdown (glycogenolysis) and synthesizing 

glucose from non-carbohydrate sources, including lactate, glycerol and alanine, in a process 

known as gluconeogenesis(31,32). Non-esterified fatty acid (NEFA) production from adipose 

tissue during fasting can also stimulate gluconeogenesis indirectly; acetyl-CoA generated from ɓ-

oxidation serves as potent activator of pyruvate carboxylase (32).  

During obesity-induced insulin resistance, suppression of hepatic glucose production by 

insulin becomes blunted leading to increases in blood glucose during both fasting and fed states. 

Furthermore, glycogen metabolism is disrupted, with decreased glycogen synthesis and increased 

glycogenolysis seen during fed and fasting conditions, respectively(30,32,33). Taken together, 

increased glucose secretion from the liver can promote hyperglycemia and contribute to T2D. 

1.3.2 Skeletal Muscle  

The skeletal muscle is the primary site of insulin-stimulated glucose uptake, accounting 

for 75-80% of glucose disposal during hyperinsulinemic-euglycemic clamps and 25-30% of 

glucose disposal following a meal(34,35). Imported glucose is mainly shunted towards 

glycogenesis (~75%), although a significant portion is also oxidized due to increased 

flux(34,36,37). Fasting induces glycogenolysis of skeletal muscle stores to provide glucose to 

muscle for oxidation, along with glucose produced through hepatic gluconeogenesis(34,37).  

Skeletal muscle insulin resistance results in reductions in insulin-stimulated glucose 

uptake and glycogen synthesis. Because skeletal muscle plays a major role in glucose disposal, 

muscle insulin resistance is believed to be the primary defect in T2D that promotes 

hyperglycemia(34,38).  

1.3.3 White and Brown Adipose Tissue 

Adipose tissue can be broadly classified in two types -  white adipose tissue (WAT) and 

brown adipose tissue (BAT). WAT primarily serves as a nutrient sink post-prandially and 
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provides NEFA to other peripheral tissues during fasting. Consistent with its action as an anabolic 

hormone, insulin has a very powerful suppressive effect on triacylglycerol (TG) lipolysis in 

WAT. Raising insulin to post-prandial levels in rats can reduce NEFA levels by ~90% within 5 

min(39). Insulin also promotes glucose uptake in adipose tissue. Although overall glucose 

disposal in adipose tissue is minor (~5%) compared to skeletal muscle, it is crucial for activating 

de novo lipogenesis in adipose tissue(40,41).  

The function of BAT is to generate heat via non-shivering thermogenesis(42). BAT 

contains an abundance of mitochondria, with high expression of a protein known as uncoupling 

protein 1 (UCP1) in the inner mitochondrial membrane(42). UCP1 uncouples mitochondrial 

respiration from ATP production. Therefore, substantial levels of nutrients are oxidized, with heat 

rather than ATP generated as the major byproduct(43). BAT is activated by cold exposure, 

sympathetic innervation and nutrient excess and can utilize a high proportion of energy intake as 

fuel(43). Similar to WAT and skeletal muscle, BAT can also import glucose in response to 

stimuli, including insulin(44). 

During WAT insulin resistance, insulinôs ability to suppress lipolysis is impaired, 

resulting in increased lipolysis during both fed and fasted states. Additionally, NEFAs secreted 

from WAT are used by the liver to generate precursors for gluconeogenesis. BAT insulin 

resistance is characterized by increased lipid accumulation, reduced expression of UCP1 and 

decreased systemic energy expenditure (42,44). 

1.3.3.2 Adipokines and lipokines as modulators of glucose uptake and insulin 

sensitivity 

 
In addition to modulating glucose homeostasis through regulation of 

lipogenesis/lipolysis, WAT can also secrete bioactive proteins and lipids known as adipokines 

and lipokines, respectively.  Adipokines are involved in regulating multiple processes governing 

glucose homeostasis, including insulin secretion(45), inflammation(7,46,47), and insulin 

sensitivity(48), and have autocrine effects on adipocyte differentiation and lipolysis(8,49). 
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Similarly, several classes of endogenous lipokines have been shown to play a role in regulating 

insulin sensitivity(50,51). Advances in lipidomics and proteomics have allowed for the rapid 

identification of an ever-expanding list of adipokines and lipokines. Indeed, current estimates 

place the number of unique adipokines at over 600(5). 

1.4. Insulin Signaling Pathway and Metabolic Effects 

Insulin induces a broad anabolic response in multiple target tissues. Insulin signaling 

begins by binding of insulin to the insulin receptor on the plasma membrane of targets cells, 

including hepatocytes, adipocytes and myotubes. The insulin receptor is a receptor tyrosine 

kinase; binding of insulin to the insulin receptor induces a conformation change within the 

receptor and causes trans-autophosphorylation of several tyrosine residues on the cytosolic 

side(52). These phosphotyrosine binding sites allow proteins with phosphotyrosine binding (PTB) 

or src homology 2 (SH2) domains to be recruited to the plasma membrane(52). The best-known 

insulin receptor binding proteins are the insulin receptor substrate (IRS) proteins, which become 

tyrosine phosphorylated and thereby can recruit further downstream signaling proteins. IRS 

proteins recruit the catalytic and regulatory subunit of phosphoinositide-3-kinase (PI3K)(53). 

Binding to IRS induces a conformational change within the catalytic subunit of PI3K, freeing it 

from its regulatory subunit and allowing it to form the signaling lipid, phosphoinositol-(3,4,5)-

triphosphate (PIP3)(54). Generation of PIP3 allows proteins with pleckstrin homology (PH) 

domains to be recruited to the plasma membrane, including the critical signaling node, AKT(55). 

AKT is a serine/threonine kinase that mediates many of the metabolic effects of insulin 

(Fig. 1). AKT itself is phosphorylated at S473 by mechanistic target of rapamycin complex 2 

(mTORC2) and at T308 by 3-phosphoinositide-dependant kinase 1 (PDK1) to achieve maximal 

activity(55). Once activated, it promotes glucose uptake by phosphorylating and inactivating 

TBC1D4, which promotes translocation of glucose transporter 4 containing vesicles to the plasma 

membrane(56). AKT also promotes glycogen storage via inactivation of glycogen synthase kinase 

3 (GSK3), which relieves inhibition of glycogen synthase(57). AKT directly suppresses 
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gluconeogenesis in the liver by phosphorylating the transcription factor, forkhead box O1 

(FOXO1), which causes its exclusion from the nucleus(4). The gluconeogenic program further 

relies on the cyclic adenosine monophosphate (cAMP)-response element binding protein 

(CREB)-CREB-regulated transcriptional coactivator-2 (CRTC2) program  to enhance the 

expression of gluconeogenic genes during fasting; AKT regulates CRTC2 indirectly by activating 

salt-inducible kinase 2 (SIK2), which phosphorylates CRTC2 and excludes it from the 

nucleus(58).  

Insulin-induced activation of protein synthesis involves activation of mTORC1, which 

occurs through AKT-mediated phosphorylation of tuberous sclerosis complex 2 (TSC2) and/or 

proline-rich AKT substrate of 40 kDa(59,60). AKT suppresses lipolysis in adipose tissue by 

phosphorylating phosphodiesterase 3B (PDE3B), which degrades cAMP to attenuate protein 

kinase A (PKA)-mediated pro-lipolytic signaling(61). PKA targets include hormone sensitive 

lipase (HSL) and the lipid droplet coat protein, perilipin 1(62). In coordination with suppression 

of lipolysis, insulin promotes lipogenesis directly via activation of lipogenic transcription factors, 

such as sterol regulatory element binding protein 1 (SREBP1) and carbohydrate responsive 

element binding protein (chREBP)(4,40).  

1.5. Mechanisms of Insulin Resistance  

Insulin resistance has a very complex etiology, with several tissue and/or cellular factors 

that can promote its development. These include hyperinsulinemia, lipotoxicity, endoplasmic 

reticulum (ER) stress, inflammation, fibrosis, and mitochondrial dysfunction (Fig. 1.2).  

1.5.1 Hyperinsulinemia 

Hyperinsulinemia is a primary hallmark of obesity and insulin resistance. It was 

originally thought to be a compensatory response to insulin resistance; however, it has been 

recently suggested that chronic hyperinsulinemia promotes insulin resistance (63). In support of 

this, mice that express 50% less insulin are protected from diet-induced obesity and hepatic 
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steatosis(64). These mice have increased energy expenditure with similar food intake, in part by 

increased adipose tissue innervation and expression of uncoupling protein 1 (UCP1)(64). 

Hyperinsulinemia can also increase adipose tissue inflammation in obese mice(65). A second 

potential mechanism by which hyperinsulinemia promotes insulin resistance is through increased 

ligand-induced internalization and reduction of the number of insulin receptors at the plasma 

membrane. Once internalized, the insulin receptor is degraded in the lysosome or recycled to the 

cell surface(52).  

1.5.2 Inflammation 

Since the original discovery that the pro-inflammatory cytokine, tumor necrosis factor Ŭ 

(TNFŬ), is increased in the adipose tissue of obese-insulin resistant humans and mice, numerous 

studies have strongly associated inflammation with insulin resistance(66,67). Inflammatory 

signaling is mediated by four major signaling pathways in insulin resistance: 1. IəB kinase-

Nuclear factor kappa-light-chain-enhancer of activated B cells [IKK-NF-əB]; 2. c-Jun N-terminal 

kinase (JNK); 3. The inflammasome, including nucleotide-binding domain, leucine-rich-

containing family, and pyrin domain-containing-3 (NLRP3); 4. Janus kinase-signal transduction 

and activation of transcription (JAK-STAT)(68). 

Several factors can induce an inflammatory response in vitro and/or in vivo, including 

elevated levels of circulating cytokines and macronutrients such fatty acids (FA) and glucose. In 

addition to TNFŬ, several other pro-inflammatory cytokines are increased during insulin 

resistance, including but not limited to interleukin-6 (IL-6), IL-1ɓ and C-C Motif Chemokine 

Ligand 2 (CCL2)(69). These cytokines can stimulate multiple inflammatory signaling pathways 

and inhibit insulin signaling. For example, chronic incubation of skeletal muscle with IL-6 

activates both the JAK-STAT and JNK pathways(70). JAK-STAT can inhibit insulin signaling 

through upregulation of suppressor of cytokine signaling (SOCS), which blocks binding of IRS1 

to the insulin receptor, whereas JNK increases inhibitory phosphorylation of IRS1 at S307(70). 
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Saturated fatty acids (SFA), such as palmitate, can bind to toll-like receptors (TLR2/4), 

activate the innate immune system and induce an inflammatory response(71). SFA activate both 

NF-əB and JNK signaling, resulting in increased secretion of pro-inflammatory cytokines such as 

TNFŬ and IL-6(71ï73). Importantly, SFA-induced inflammation can be blocked by TLR 

deficiency in mice(71ï73). Consistent with the role of inflammation, TLR4-/- mice are protected 

from diet-induced systemic and tissue insulin resistance(71). Additionally, SFA can directly 

activate the inflammasome, resulting in upregulation of IL-1ɓ, a pro-inflammatory cytokine. 

Similar to TLR4-/- mice, NLRP3-/- mice are protected from SFA-induced insulin resistance and 

inflammation(74). Apart from having an effect on inflammatory signaling, palmitate is also 

required for the rate-limiting step of ceramide synthesis; a diet high in saturated fats (e.g. lard-

based), can increase ceramide accumulation significantly, further linking increased SFA to 

lipotoxicity and insulin resistance(75).  

Hyperglycemia, which is the defining characteristic of insulin resistance and T2D, can 

also induce an inflammatory response. Differentiation of 3T3-L1 adipocytes under hyperglycemic 

conditions (25 mM glucose) is associated with insulin resistance and increased secretion of pro-

inflammatory IL-6 secretion when compared to low glucose concentrations(76,77). In this study, 

hyperglycemia was associated with an increase in phosphorylation of IRS1 at S307; although not 

examined explicitly, this is a well-known inhibitory phosphorylation site that is targeted by 

JNK(76,78). 

1.5.3. ER Stress 

Disturbances in ER function can lead to ER stress, accumulation of unfolded proteins and 

activation of the unfolded protein response (UPR). The UPR involves activation of three major 

branches: 1. Inositol-requiring enzyme 1 (IRE1), which activate the transcription factor X-box 

binding protein 1 (XBP1); 2. Activating transcription factor 6 (ATF6); 3. Protein kinase RNA-

like ER kinase (PERK). Chronic ER stress was first observed in the liver of high fat diet (HFD)-

fed and leptin deficient ob/ob mice, concomitant with increases in UPR signaling(79). Induction 
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of ER stress with tunicamycin in vitro impaired insulin signaling through JNK mediated 

inhibitory phosphorylation of IRS1S307, while pre-treatment of cells with a JNK inhibitor 

preserved insulin signaling(79). ER-stress mediated activation of inflammatory signaling requires 

involvement of some aspects of the UPR. For example, IRE1Ŭ activation is known to recruit 

tumor necrosis factor receptor-associated factor 2 (TRAF-2) and activate JNK(80). Concurrent 

knockout of IRE1Ŭ in fibroblasts treated with tunicamycin prevented JNK activation and IRS1S307 

phosphorylation(79). However, broadly reducing the functionality of the UPR can also promote 

insulin resistance. For example, XBP1+/- mice  show decreased expression of ER chaperones, 

strong upregulation of inflammatory signaling and impaired systemic glucose homeostasis when 

fed an obesogenic diet(79). Taken together, current data suggest that ER stress intersects with 

various inflammatory signaling pathways to promote insulin resistance(81). 

1.5.4. Fibrosis 

The extracellular matrix (ECM) undergoes dynamic remodeling in response to tissue 

repair or injury. However, during obesity and insulin resistance, production of excessive 

connective tissue can give rise to tissue fibrosis(82). Increased level of fibrosis is observed in 

multiple insulin sensitive tissues, including skeletal muscle, adipose tissue and liver(83). 

Transforming growth factor ɓ (TGFɓ) is a primary driver of fibrosis by activating 

myofibroblasts, excess production of ECM and collagen deposition and inhibition of ECM 

degradation(83). For example, increased TGFɓ and collagen deposition are observed in the 

skeletal muscle of obese-insulin resistant mice and humans(84ï86). Concurrently, matrix 

metalloproteinase activity decreases, which prevents collagen degradation(86). Several putative 

mechanisms have been postulated by which increased fibrosis lead to obesity-induced insulin 

resistance. First, fibrosis can impair vascular development and can acts as a physical barrier for 

diffusion of glucose and insulin(87). Reduced capillary development, which can occur in matrix 

metalloproteinase knockout mice, lead to the development of insulin resistance(88). Secondly, 

communication between the ECM and cells occurs through cell surface receptors known as 
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integrins and activation of the intracellular signaling molecule, focal adhesion kinase (FAK) or 

integrin-linked kinase (ILK)(83). Integrins may coordinate with the insulin receptor and 

potentiate insulin signaling. For example, ILKs can act as scaffolds for the recruitment of 

multiple insulin signaling proteins, including PDK1, AKT and GSK3ɓ(89). ILK expression is 

also lower in HF-fed mice(89). Finally, increased fibrosis is associated with increased expression 

of inflammatory markers(86). Pharmacological inhibition of fibrosis using sildenafil in mice 

resulted in a significant decrease of pro-inflammatory markers, F4/80 and TNFŬ(86). 

Conflicting results are produced when knocking out integrin signaling in mice. For 

example, muscle specific deletion of integrin ɓ1 reduces skeletal muscle glucose uptake and 

systemic insulin sensitivity(90). However, whole body deletion of integrin Ŭ2 ameliorates diet-

induced skeletal muscle insulin resistance and improves insulin signaling(86). Hepatocyte 

specific ILK deficiency ameliorates insulin resistance in HF-fed mice, suggesting that the role of 

ILK as molecular scaffold in insulin signaling appears more complex and requires further 

examination(89). Similarly, knockdown of FAK using siRNA results in a marked induction of 

insulin resistance in chow-fed mice, with development of hyperglycemia and  

hyperinsulinemia(91).  

1.5.5. Mitochondrial Dysfunction and ROS  

Mitochondrial dysfunction is a broad term and can encompass a variety of factors, 

including changes in mitochondrial number, electron transport chain complexes, mitochondrial 

dynamics, oxidative phosphorylation (OXPHOS), reactive oxygen species (ROS) production 

and/or ADP sensitivity. Mitochondrial dysfunction during obesity-induced insulin resistance has 

been observed in all insulin sensitive tissues, including adipose, liver and skeletal 

muscle(76,92,93). However, most studies linking mitochondrial dysfunction and insulin 

resistance have focused on the skeletal muscle.  

A fundamental series of papers in the 2000s first highlighted a relationship between 

mitochondrial function and insulin resistance/T2D. When compared to lean, insulin sensitive 



15 

 

controls, the skeletal muscle of T2Ds had significantly reduced complex I activity and 

OXPHOS(92). Similarly, gene expression microarrays suggested that there is a coordinated 

downregulation of peroxisome proliferation activator receptor ɔ coactivator 1Ŭ (PGC1Ŭ) and 

nuclear receptor factor 1 (NRF1)-sensitive genes in T2D and insulin resistant individuals; overall, 

this results in reduced oxidative phosphorylation(94,95). Subsequent proteomic analysis of 

human skeletal muscle revealed similar reductions in mitochondrial proteins in obese, diabetic 

patients(96). Changes in expression of mitochondrial proteins were functionally associated with 

reduced oxidative capacity. In vivo magnetic resonance spectroscopy imaging of insulin resistant 

individuals showed a 30-40% reduction in resting ATP synthesis rates(97,98). Importantly, 

decreases in ATP synthesis rates were additionally associated with an 80% increase in muscle 

TG, although levels of diacylglycerols (DG) and ceramides were not examined(98). Mitochondria 

in T2Ds or insulin resistant individuals may also appear smaller and less abundant when 

compared to control skeletal muscles, although this has not been observed in all 

studies(92,99,100).  When decreases in mitochondrial OXPHOS were normalized to citrate 

synthase activity, the differences seen in T2D vs. controls were abolished, suggesting that 

mitochondrial dysfunction occurs because of reduced mitochondrial content rather than an 

intrinsic OXPHOS defect(101,102). 

A fundamental question remains whether mitochondrial dysfunction is a driver or by-

product of insulin resistance. Several studies have clearly dissociated mitochondrial dysfunction 

from insulin resistance in skeletal muscle. For example, muscle specific transcription factor A, 

mitochondria (TFAM) is a key transcription factor involved in the replication and maintenance of 

the mitochondrial genome. Surprisingly, muscle specific TFAM knockout mice show improved 

insulin sensitivity when subjected to an obesogenic diet, despite marked reductions in oxidative 

phosphorylation capacity (103). Similarly, skeletal muscle deletion of apoptosis initiating factor 

(AIF), a protein required for maintaining the electron transport chain, also improves insulin 

sensitivity despite markedly reducing oxidative phosphorylation (104). 
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It is unclear when mitochondrial dysfunction develops in an obese-insulin resistant 

milieu. Attempts to answer this question have focused on short-term obesogenic feeding studies 

in mice and rats. Interestingly, mitochondrial content tends to increase or remains unchanged in 

response to short term HF feeding, despite the presence of systemic insulin resistance(105ï110). 

Several mechanisms have been proposed for these short-term increases, including FFA-induced 

activation of peroxisome proliferator activated receptor ŭ (PPARŭ) and PGC-1Ŭ(107ï109). 

However, despite increases in mitochondrial content, sensitivity of mitochondria from the muscle 

of HF-fed mice to ADP is reduced, leading to decreased mitochondrial respiration in skeletal 

muscle during physiologically relevant ADP concentrations(107). Furthermore, increasing ɓ-

oxidation by a HF diet can markedly increase ROS production, as discussed below(111). In 

agreement with clinical observations, the majority of rodent studies suggest that more prolonged 

high fat feeding (> 1 month) reduces mitochondrial content and/or OXPHOS(105,110). Increased 

nutrient influx coupled with decreased OXPHOS could promote steatosis and inflammation, 

leading to or exacerbating insulin resistance.  

Apart from changes in mitochondrial content (mitochondrial number or protein levels), 

changes in mitochondrial dynamics can also influence mitochondrial function. Mitochondrial 

dynamics include fission and fusion, and both are critical to maintain the mitochondrial 

network(112). In healthy skeletal muscle, mitochondria form a highly reticular branched 

network(113). However, insulin resistance has been associated with increased network 

fragmentation in both mice and rats(114,115). Nutrient excess and reductions in fusion proteins, 

including mitofusin 2 (MFN2) and optic atrophy 1 (OPA1), are seen in an obese insulin resistant 

milieu and induce mitochondrial fragmentation(113,115). Concomitantly, key mitochondrial 

fission markers, including mitochondrial fission 1 (Fis1) and dynamin related protein 1 (Drp1), 

are increased(115). Despite the preponderance of studies that link increased mitochondrial 

fragmentation with insulin resistance, genetic manipulation of mitochondrial dynamics has 

yielded mixed results. For example, while HFD-fed MFN2-KO fed mice show impaired AKT 
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phosphorylation and systemic glucose homeostasis, HFD-fed OPA1-KO mice are protected from 

obesity and insulin resistance, despite marked mitochondrial dysfunction(116,117). 

A final major hallmark of mitochondrial dysfunction is altered ROS production. The 

mitochondria are a major site for ROS generation(118). Under physiologically relevant 

conditions, 0.1-0.2% of O2 is reduced by an electron escaping from the ETC, resulting in the 

generation of a superoxide radical (O2
.-)(118). Further conversion of O2.- yields hydrogen 

peroxide (H2O2) and hydroxyl radicals (OH.-). ROS can have many detrimental effects on cells 

and can cause oxidative damage to lipids, proteins and DNA(119). To combat the potentially 

destructive production of ROS and limit oxidative damage, cells have evolved a complex 

antioxidant defense system(119). 

Feeding mice a HFD for as short as 3 days or adult males a single HF meal can increase 

the ROS emitting potential of skeletal muscle significantly, in the absence of any changes in 

mitochondrial respiratory function(111). FA can induce higher levels of ROS production 

compared to non-FA substrates at similar concentrations, and can further lead to mitochondrial 

fragmentation(120). Prolonged, 6-week HF-feeding in rats can significantly shift the cellular 

redox state towards a more oxidized state, resulting in a significant decrease in the critical 

antioxidant, glutathione(111). Similarly, chronic HF-feeding studies also demonstrated a 

significant increase in protein carboxylation, a marker of oxidative stress(107,111). Use of 

various antioxidants ameliorates oxidative stress and ROS production, systemic glucose 

intolerance and tissue insulin resistance(110,111,121,122). Mechanistically, ROS can induce 

insulin resistance by activating several inflammatory pathways including IL-6, JNK 

phosphorylation and NFəB activation(76,123). However, acute elevation in ROS production is 

also needed for insulin signaling, as insulin-induced increases in H2O2 can reversibly oxidize and 

inhibit phosphatase and tensin homolog (PTEN), preventing it from terminating insulin 

signaling(124). Therefore, ROS signaling can be adaptive or maladaptive for insulin signaling, 

depending on the duration, amplitude and its source of production.  
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1.5.6. Lipotoxicity  

Lipotoxicity occurs where excess lipids accumulate (steatosis) in non-adipose tissue, such 

as the liver and skeletal muscle. Some of the lipids that are implicated in lipotoxicity and may be 

increased in obesity-induced insulin resistance in mice and humans are TG, DG and ceramides.  

Liver steatosis is extremely common and is present in nearly all obese people with T2D57. 

Accumulation of TG within the liver is a particularly strong predictor of insulin resistance in 

humans(126,127). Consequently, reducing levels of TG in mice, either through decreased de novo 

lipogenesis or increased oxidation, leads to improvements in insulin resistance(128,129). The 

association between skeletal muscle TG accumulation and insulin resistance is less clear; this is 

exemplified by the óathleteôs paradoxô, where highly trained athletes have increased skeletal 

muscle TG levels but are highly insulin sensitive(130,131). This broadly suggests that TG 

accumulation may itself not be insulin resistance promoting, but is rather a marker for increased 

accumulation of more lipotoxic species, as discussed below. 

Increases in TG accumulation are also mirrored by increases in DG in the liver and 

skeletal muscle during obesity-induced insulin resistance(132). Clinically, levels of hepatic and 

skeletal muscle DG positively correlate with homeostatic model assessment of insulin resistance 

(HOMA-IR) measurements(133). DG are well known to recruit and activate classical (Ŭ, ɓ, ɔ) and 

novel protein kinase C (PKC) (ŭ, Ů, ɗ, ɖ) isoforms to the plasma membrane, which can then 

activate several signaling pathways(134). In particular, several studies in mice and humans 

suggest that PKCŮ is the primary isoform recruited to the plasma membrane in response to 

insulin-resistance-inducing stimuli(135,136). PKCŮ can inhibit insulin signaling though inhibitory 

phosphorylation of the insulin receptor at Thr1160, which maps to its activation loop(135,136). In 

skeletal muscle both PKCɗ and PKCŮ are recruited to the plasma membrane and activated in 

response to increased DG(137,138). Interestingly, PKCɗ is thought to inhibit insulin signaling in 

the muscle by phosphorylating IRS1 at Ser1101, rather than by targeting the insulin receptor(139). 
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In addition, PKCɗ has been reported to phosphorylate PDK1, which reduces AKTT308 

phosphorylation and insulin signaling.  

Ceramides are an additional class of lipids that are strongly associated with the 

development of insulin resistance. Overall ceramide levels are increased in many rodent models 

of diet-induced obesity(140ï142).  Similar associations have been shown clinically, with levels of 

skeletal muscle, adipose tissue and liver ceramides all positively correlating with HOMA-IR 

measurements(133,143,144). Interestingly, increases in the levels of 16:0 and 18:0 ceramides 

alone positively correlate with HOMA-IR in skeletal muscle of humans(145).  In agreement with 

the insulin resistance promoting effect of ceramides, blocking ceramide biosynthesis in vivo using 

myriocin ameliorated the presence of obesity-induced insulin resistance in mice(140). Initial in 

vitro studies using short-chain ceramides in skeletal muscle cell lines demonstrated that these 

lipids induce insulin resistance primarily through inhibition of AKT via two mechanisms. First, 

ceramides increase protein phosphatase 2A (PP2A) activity, resulting in AKT dephosphorylation 

(146). Second, ceramides through the atypical PKCɕ isoforms block translocation of AKT to the 

plasma membrane by interacting with AKTôs PH domain(147). This interaction appears to be 

specific for AKT, as recruitment of PDK1 to the plasma membrane is unaffected(147). Taken 

together, these data suggest that ceramides can reduce activation of the insulin signaling pathway 

at the point of AKT. Ceramides are also strong inducers of inflammatory signaling, as discussed 

in section 1.5.6. 

Most of the research on lipotoxicity and insulin resistance has focused on intracellular 

accumulation of TG, DG and ceramides and the signaling pathways they activate. However, 

extracellular lipids, such as SFA, can also be potent signaling molecules that induce insulin 

resistance(73). We will now focus on another potentially toxic extracellular lipid that has recently 

been implicated in obesity-induced insulin resistance.  
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1.6 Lysophosphatidic Acid (LPA) - a Potent Signaling Lipid/Lipokine 

As illustrated above, the etiology of insulin resistance is very complex. Understanding 

and characterizing how insulin resistance develops is key to its treatment and prevention of T2D. 

In particular, one fascinating and ever-expanding area of interest is how adipokine/lipokine 

secretion changes during the development of insulin resistance and how this influences systemic 

and tissue insulin sensitivity. I will now focus my thesis on lysophosphatidic acid (LPA), a 

bioactive lipid that has been relatively newly implicated in obesity-induced insulin resistance, and 

the adipokine that produces the majority of LPA, ATX. 

1.6.1 Synthesis and Degradation of LPA 

Due to its potent bioactive nature, LPA levels are tightly regulated. Circulating, 

extracellular LPA can be generated through two distinct enzymatic mechanisms (Fig. 3). In the 

first, phosphatidic acid (PA) is converted to LPA through the actions of group IIA secretory 

phospholipase A2 (sPLA2-IIA) or membrane-bound PA-selective PLA1 (mPA-PLA1)(148,149). 

PA itself can be presented at the cell surface through phospholipid scrambling or generated 

extracellularly via phospholipase D-mediated cleavage of phosphatidylcholine (PC)(148,149). 

The second major mechanism of LPA synthesis involves the conversion of PC to 

lysophosphatidylcholine (LPC) through the actions of lecithin-cholesterol acyltransferase (LCAT) 

or sPLA2-IIA (149). LPC can then be hydrolyzed to form LPA through the activity of the 

lysophospholipase D, ectonucleotide pyrophosphatase/phosphodiesterase 2 (ENPP2), an enzyme 

more commonly referred to as autotaxin (ATX)(150,151). 

Several lines of evidence suggest that the ATX-mediated mechanism of LPA synthesis 

produces the majority of extracellular LPA in vivo. LPA formation is significantly restricted in 

plasma samples of LCAT-deficient patients(149). More strikingly, LPA levels closely correlate 

with ATX protein content and/or activity. Heterozygous whole body ATX knockout (ATX+/-) and 

fat-specific ATX knockout (FATX-/-) mice have approximately 50% and 40% less circulating 
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LPA than wild type mice, respectively(8,151ï154). Inducible whole-body deletion of ATX in 

adult mice, resulting in ~80% reduction of ATX mRNA levels and plasma ATX activity, was 

similarly associated with a ~60% decrease in plasma LPA(155). Pharmacological inhibition of 

ATX, through the use of potent inhibitors such as PF-8380, led to a >95% decrease in plasma 

LPA(155,156). Conversely, overexpression of ATX in mice corresponded with increased 

circulating LPA levels(8,152,157). 

The major route for LPA degradation involves its dephosphorylation to monoacylglycerol 

(MAG) through mammalian lipid phosphate phosphatases (LPP) (Fig. 3)(158,159). There are 

three enzymes characterized in this family: LPP1 [PPAP2A], LPP2 [PPAP2C] and LPP3 

[PPAP2B](160). Knockdown of LPP1 in mice increased circulating LPA levels and extended the 

half-life of injected LPA 4-fold, with no obvious effect on phenotype(161). In contrast to LPP1 

deficient animals, LPP3 knockout mice are not viable, due to their inability to form a chorio-

allantoic placenta and vascular defects in the yolk sac(162). Culture of embryonic mouse 

fibroblasts lacking LPP3, however, resulted in a ~2.5-fold increase in extracellular LPA(162). 

LPP2 mice are viable with no overt phenotype, although levels of LPA were not reported(163). 

LPP2 may play a specific role in regulating the timing of cell cycle progression, as increasing 

LPP2 activity in fibroblasts led to the premature entry of cells into the S-phase of the cell cycle 

and decreased proliferation rate(164,165). LPP2 did not influence levels of LPA in these 

fibroblast models, suggesting that the effects of LPP2 modulation on cell cycle progression are 

not due to changes in LPA degradation(163). Taken together, these findings suggest that LPPs 

may play unique, isoform specific roles in regulating circulating LPA levels during development 

and post-natal life. Apart from degradation of LPA through LPPs, LPA is also cleared from 

circulation by nonparenchymal cells in the liver(166). Intravenously administered LPA rapidly 

accumulated in the mouse liver and ligation of the hepatic circulation blocked the clearance of 

LPA, suggesting that uptake of LPA by liver cells is an important mechanism for the regulation 
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of circulating LPA levels and contributes significantly to the short half-life [< 30s] of LPA in the 

blood stream(166). 

1.6.2 Sources of Circulating LPA 

LPA is primarily bound to serum albumin in the blood stream with reported 

concentrations of up to 1 ɛM in plasma and >10 ɛM in serum, demonstrating that LPA levels can 

vary greatly dependent on factors such as nutritional status and clotting (Fig. 4)(167). During 

clotting, platelets produce a significant amount of LPA. This is exemplified by a study showing 

that administration of an anti-platelet antibody in rats reduces serum LPA levels by almost 

50%(149). Similarly, pharmacological inhibition of platelet aggregation using an integrin ŬIIbɓ3 

antagonist reduced circulating LPA levels by 70% in a mouse model of metastatic breast 

cancer(168). In addition to platelets, circulating lipoproteins serve as a source of LPA, 

particularly when subjected to oxidation. For example, it has been shown that the production of 

LPA from oxidatively modified low-density lipoproteins via ATX is critically required for 

monocyte recruitment and promotion of atherosclerosis(169). Moreover, ATX activity is 

associated with lipoprotein[a], which transports oxidized phospholipids and LPC generated by 

lipoprotein-associated PLA2, suggesting that lipoprotein[a] also constitutes a source of 

LPA(170,171). Interestingly, a recent study demonstrated that exosomes may serve as a vehicle 

and/or delivery system for ATX-LPA (Fig. 4)(172). Packaging of LPA in exosomes may be a 

means by which LPA is delivered to target tissues and cells for signaling and could potentially 

increase the stability of circulating LPA. It remains to be determined whether LPA present in 

exosomes significantly contributes to circulating LPA levels in vivo and whether the 

concentration of LPA in exosomes changes during disease states. Moreover, future studies should 

investigate whether LPA derived from different sources varies in fatty acid composition and 

signaling properties.  
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1.6.3 Influence of Diet on LPA 

Marked changes in ATX-LPA levels are associated with many physiological and 

pathophysiological processes including development, cell differentiation, cancer, atherosclerosis, 

myocardial infarction, and have also been linked to alterations in the nutritional status(154,173ï

175). Circulating LPA, along with ATX, are regulated by feeding-fasting, with higher levels of 

ATX-LPA detected in the fed vs. fasted state in animal models(176,177). In addition to acute 

nutritional regulation of ATX-LPA, several studies showed that chronic overfeeding of animal 

models with obesogenic diets results in altered circulating LPA levels. Feeding male FVB mice a 

HFHS, 45% kcal fat, 17% kcal sucrose diet for 13 weeks elevated plasma LPA levels by 

62%(178). Increases in plasma LPA were also noted in male C57Bl6/J mice fed a HFHS diet or 

high fat diet [60% kcal fat, no added sucrose] for a shorter period of 9 and 8 weeks, 

respectively(179,180). Similarly, female low density lipoprotein receptor-null (LDLR-/-) mice had 

increased unsaturated, but not saturated levels of LPA in the small intestine following 

consumption of a Western diet [42% kcal fat, 34% w/w sucrose, 0.2% w/w cholesterol] for only 3 

weeks, which was also paralleled by an increase in 20:4 LPA in plasma(181). Since LPA content 

in the Western diet was lower than in the control chow diet and animals were fed the same 

amount [by weight] of diet, increased intestinal LPA in mice fed a Western diet is unlikely the 

result of higher consumption of preformed LPA(181). Taken together, these studies suggest that 

the consumption of a fat-rich diet leads to increased circulating levels of LPA in mice of different 

genetic backgrounds. While reports on LPA measurements in humans are limited, a very recent 

study showed that plasma LPA positively correlates with BMI, an indicator of nutritional 

imbalance(182). The same study also suggested that fasting has a marginal effect on circulating 

LPA concentrations in humans, although these data have not been adjusted for sex  - LPA levels 

are higher in women compared to men - and the exact duration of fasting is unclear(182). 

Although the precise mechanisms underlying the dietary regulation of LPA levels remain 

to be uncovered, it is possible that higher dietary content of preformed LPA contributes to 
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variations in circulating LPA levels. LPA has been detected in several plant and animal foods, 

including eggs(183), cabbage leaves, broccoli(184), soybeans, and sunflower seeds (Fig. 4)(185). 

Dietary LPAs, especially those containing mono- and poly-unsaturated fatty acids, appear to be 

well-absorbed in the mouse and rat intestine(181,186). Interestingly, however, a standard chow 

diet contains higher levels of preformed LPA than a Western diet, suggesting that increases in 

circulating and intestinal LPA in LDLR-/- mice following Western diet feeding were not due to 

increased absorption of preformed LPA(181). Therefore, it is plausible that obesogenic, lipid-rich 

diets increase LPA levels in vivo via a more indirect mechanism, e.g., by influencing levels of 

LPA precursor lipids [see above]. For example, PA can be converted to LPA by pancreatic 

phospholipase A2 mediated hydrolysis. Since levels of preformed PA were much lower than 

levels of intestinal LPA in Western diet-fed LDLR-/- mice, this mechanism does not appear to 

significantly contribute to increased LPA content in this mouse model either(181).  

However, compared to chow-fed mice, Western diet-fed LDLR-/- mice showed a 8- and 

10-fold increase in intestinal and plasma LPC content, respectively(187), although preformed 

LPC or PC levels were similar or lower in the Western vs. chow diet(181,187). This suggests that 

increases in LPC content may underlie the Western diet-induced upregulation of LPA. Within the 

enterocyte, LPC can be converted to LPA via ATX-mediated hydrolysis(174). Interestingly, 

inhibition of ATX using PF-8380 only significantly decreased levels of unsaturated LPA in the 

jejunum, liver and plasma of male LDLR-/- mice fed chow diet supplemented with oleoyl-LPC 

[18:1 LPC], suggesting that saturated LPA is formed by an ATX-independent mechanism in the 

intestine(174).  

The third, and perhaps most prominent mechanism by which diet can modulate LPA 

levels is through the upregulation of ATX. Prior studies using mice with high fat diet-induced 

obesity show increased ATX mRNA and protein expression in adipose tissue, a major source of 

circulating ATX(178,180); this is also reflected by increased circulating ATX and/or serum ATX 

activity in obese mice, which correlates well with increases in LPA(176,180). On the other hand, 
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a study by Nishimura et al.(8) showed that an obesogenic diet decreases ATX levels in adipose 

tissue and circulation. The reason for this discrepancy between studies is not immediately clear 

since only minor differences in experimental conditions are evident. Therefore, future studies 

need to clarify precisely how diet-induced obesity is linked to changes in ATX-LPA.  

1.6.4 LPA Receptors and Downstream Signaling 

LPA is a very potent signaling molecule, capable of activating a variety of signaling 

pathways via binding to six identified LPA receptors (LPA1-6) (Fig. 5)(167) LPA1-3 show 

sequence similarity to the endothelial differentiation gene family, while LPA4-6 are members of 

the purinergic family (167). All LPA receptors are class A rhodopsin-like GPCRs which transmit 

extracellular binding of LPA to intracellular signaling, via the activation of GŬ proteins (167). 

LPA is found in virtually all biological fluids and through LPA1-6 can influence cell 

proliferation and growth, cell survival, development, and calcium dynamics(167). The diversity 

of cellular responses to LPA is likely a result of the different expression patterns of LPA 

receptors. For example, while all six LPA receptors were expressed in the murine and human 

heart and cardiomyocytes, LPA3 mRNA was undetectable in murine cardiomyocytes and human 

subcutaneous adipose tissue(188). 

However, a comprehensive understanding of LPA receptor expression at baseline and 

under pathophysiological conditions is still lacking in many tissues. This is exemplified by a 

study showing the presence of LPA1, 3 and 4 in mouse skeletal muscle, while it remains unclear 

whether LPA5 and 6 are present in this tissue(189). The importance of LPA receptors in disease 

has been underscored by studies linking aberrant LPA signaling to a broad range of 

pathophysiological conditions, including cancer, arthritis, pulmonary fibrosis, neurological 

disorders, and obesity-induced insulin resistance and impaired glucose 

homeostasis(167,173,190,191). LPA receptors have also emerged as promising drug targets. 

Indeed, modulators targeting LPA1-3 have passed clinical trials assessing their ability to treat 
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idiopathic pulmonary fibrosis and systemic sclerosis, suggesting that LPA receptor inhibitors 

could be used for the treatment of inflammatory diseases(192).  

1.7 Structure and Activity of Autotaxin (ATX), an Adipokine that Produces LPA  

As mentioned, ATX-mediated LPC hydrolysis is the major mechanism by which 

circulating LPA is produced(155,193).  Increases in ATX expression markedly increase LPA 

levels and thus significantly influence LPA signaling in tissue. 

ATX belongs to a family of ectonucleotide pyrophosphatase/phosphodiesterases (ENPP), 

of which there are seven members. ATX is the only member that shows lysophospholipase D 

activity; other ENPP members primarily act as nucleotide pyrophosphatases, ectophospholipase C 

and sphingomyelinases(194). ATX is structurally similar to ENPP1/3 and is defined by 2 N-

terminal somatomedin B (SMB) domain, a central phosphodiesterase (PDE) domain and a C-

terminal inactive nuclease (NUC) domain(195,196).  ATX also has a large, lasso loop domain, 

which wraps around the PDE and NUC domains and maintains the structural integrity of the 

enzyme(195,196). What makes ATX a unique lysophospholipase D is the evolutionarily driven 

deletion of an 18 amino acid sequence within its central phosphodiesterase domain, which creates 

a deep lipid binding site(195,196).  

Interestingly, crystal structures of ATX have revealed that the active site is organized in a 

tripartite, T-junction. One end of the T-junction contains the catalytic site, which is mediated by a 

single threonine residue and coordinated by 2 Zn2+ ions(195ï198). The two other ends of the T-

junction contain the hydrophobic pocket, which accommodates the acyl chain and an open tunnel, 

which is thought to release the product LPA(198).  

1.7.1 Expression, Processing and Secretion of ATX 

There are 3 major isoforms of ATX, named ATXŬ, ATXɓ and ATXɔ. ATXɓ is the 

canonical ATX isoform, is ubiquitously expressed and is the most highly expressed isoform in the 

periphery and in circulation (199). ATXŬ is also ubiquitously expressed but is less abundant than 
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ATXɓ. The Ŭ isoform has a 52 amino acid insertion in the PDE domain that confers specific 

binding to cell-surface heparin sulfate proteoglycans(200). ATXɔ is only expressed in the brain 

and is characterized by a 21 amino acid insertion within the NUC domain. This insertion contains 

a modulator of oligodendrocyte remodeling and focal adhesion organization (MORFO) domains 

and is required for mediating anti-adhesive properties of oligodendrocytes(201).  

ATX is synthesized as a pre-pro-enzyme and the vast majority (>95%) is secreted once 

proteolytically cleaved. The pre-pro-enzyme has a 27 amino acid N-terminal signal sequence that 

targets ATX to the classical secretion pathway and is cleaved via signal peptidases(202). The pro-

enzyme is then processed by furin proteases, which is required for increased activation of 

ATX(202). ATX is also glycosylated at five aspartate residues; in particular, glycosylation at 

Asn-524 is structurally important and critical for ATX activity(203). 

1.8. ATX-LPA Signaling in Obesity-Induced Insulin Resistance  

In humans, the relationship between ATX-LPA and obesity  remains somewhat unclear. 

In severely obese women [BMI 35.0-64.5], serum ATX did not correlate with markers of obesity, 

including weight, BMI or waist circumference(204). However, ATX mRNA was significantly 

increased in the visceral adipose tissue of massively obese female patients [BMI > 40.0] 

compared to non-obese controls [BMI < 25.0](153). Moreover, serum ATX correlated with both 

BMI and waist circumference in older, overweight or obese patients [BMI: 25.0-37 kg/m2](205). 

Consistent with these data, 16:0 LPA was significantly increased in obese [BMI > 30.0] 

individuals compared to individuals with normal BMI [BMI 18.5-25.0](206). On the other hand, 

a different study showed that ATX levels in subcutaneous adipose tissue and serum negatively 

correlate with BMI, respectively(8). Notably, these data were not normalized to sex and the study 

population consisted almost exclusively of individuals with normal BMI or pre-obesity with less 

than < 1% individuals being obese based on BMI(8).  
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Overall, evidence to date suggests that tissue ATX expression and circulating ATX-LPA 

levels may not correlate well with parameters of obesity across different study populations. Our 

understanding of the relationship between the ATX-LPA pathway and obesity could be improved 

by examining circulating LPA levels in human cohorts, in addition to ATX expression and 

activity. A recent study by Brown et al. demonstrated that mRNA levels of distinct LPA receptors 

in insulin sensitive mouse and human tissues are associated with obesity(188). For example, 

LPA4, LPA5 and/or LPA6 were significantly increased in myocardial tissue and cells from 

HFHS-fed mice and humans with pre-obesity or obesity(188). These data suggest that changes in 

tissue LPA receptor expression may also contribute to alterations in ATX-LPA signaling during 

obesity. 

1.8.1. ATX-LPA Signaling Promotes Preadipocyte Proliferation, while the Effect on 

Adipocyte Differentiation  is Unclear 
Adipocyte hyperplasia and hypertrophy are two mechanisms by which adipose tissue 

expands during development and obesity(207). Through autocrine and paracrine signaling, the 

ATX-LPA axis is believed to influence both processes and play a key role in altering adipose 

tissue biology and metabolism during obesity. The effect of ATX-LPA signaling on adipose 

tissue has been examined predominantly using preadipocyte models (Table 1). Preadipocytes 

secrete low levels of ATX into the extracellular medium, which, in the presence of LPC, results 

in the production of minimal levels of LPA(150). Nevertheless, even low concentrations of ATX-

LPA stimulate preadipocyte proliferation, as was assessed in murine 3T3-L1 and 3T3-F442A 

preadipocytes, and primary Pref1+ CD34+ adipocyte progenitors, exposed to exogeneous ATX or 

LPA, consistent with the well-known mitogenic effect of LPA(8,208ï210).  

In agreement with these observations, mice with adipose-specific ATX deficiency had 

significantly less preadipocytes in the stromal vascular fraction of epididymal fat pads, suggesting 

that ATX-LPA signaling stimulates preadipocyte proliferation in vivo(8). ATX-LPA induced 

proliferation of white preadipocytes appears to be primarily mediated by LPA1, a major LPA 

receptor in Pref1+ CD34+ adipocyte progenitors, and possibly ras-mitogen activated protein 
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kinase (MAPK)(8,208,209,211). Interestingly, although knockdown of LPA1 diminished 

preadipocyte proliferation induced by LPA, it only resulted in partial reduction of ATX-induced 

proliferation, suggesting that ATX can promote preadipocyte proliferation independent from 

LPA-LPA1(8). Whether ATX influences preadipocyte signaling and metabolism in an LPA-

independent manner is unclear, but may involve binding to heparin sulfate proteoglycans or 

integrins (190, 194). Contrary to the ATX-LPA-induced proliferation of white preadipocytes, 

neither LPA nor ATX inhibitors appeared to influence proliferation of primary murine brown 

preadipocytes(212), suggesting that the ATX-LPA pathway stimulates preadipocyte proliferation 

specifically in white preadipocytes. 

While overwhelming evidence points towards a pro-proliferative effect of LPA in white 

preadipocytes, studies examining the role of LPA signaling in preadipocyte differentiation 

produced more ambiguous results (Table 1). Notably, levels of ATX mRNA and secreted ATX 

protein and activity increased markedly during differentiation in 3T3-L1, 3T3-F442A, and 

primary preadipocytes, indicating a prominent role of ATX-LPA signaling in preadipocyte 

differentiation(8,150,176). Indeed, some studies have suggested that LPA is a potent suppressor 

of preadipocyte differentiation. Murine 3T3-F442A and 3T3-L1 preadipocytes, porcine DFAT-P 

preadipocytes, human Simpson-Golabi-Behmel syndrome (SGBS) preadipocytes, and primary 

murine white and brown preadipocytes did not differentiate into mature adipocytes as efficiently 

when incubated with LPA, as determined by the expression of adipogenic and lipid metabolism 

markers and lipid droplet/triacylglycerol accumulation(212ï214).  

Conversely, inhibition of ATX activity promoted the differentiation of primary murine 

brown preadipocytes(212). The differentiation-inhibiting effects of ATX-LPA appear to be 

mediated through the LPA1-dependant downregulation of peroxisome proliferator-activated 

receptor ɔ2 [PPARɔ2] in preadipocytes(213,214). ATX-LPA induced downregulation of PPARɔ 

and PPARɔ-sensitive proteins was also observed in mature 3T3-L1 adipocytes(176). In agreement 
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with this notion, the anti-adipogenic effect of LPA was not observed in preadipocytes isolated 

from LPA1-knockout mice, which may underlie the increased adiposity in these mice(214).  

However, a recent study showed that Pref1+ CD34+ preadipocytes isolated from 

epididymal white adipose tissue from mice with global heterozygous ATX deficiency 

differentiated less efficiently than preadipocytes from wild type mice, suggesting that the ATX-

LPA pathway promotes preadipocyte differentiation (Table 1)(8). It is possible that constitutive 

ATX deficiency and reduced LPA levels during and after development alter the adipogenic 

potential of preadipocytes in vivo. Indeed, the expression of adipogenic genes was reduced in 

preadipocytes from ATX+/- and FATX-/- mice(8), which may explain their impaired ability to 

differentiate. 

1.8.2 ATX-LPA in Diet -Induced Obesity 

The effect of ATX-LPA in diet-induced obesity is controversial with studies showing 

both a pro- and anti-obesogenic effect of the ATX-LPA axis. Despite the prominent role of ATX-

LPA signaling in preadipocyte proliferation and differentiation demonstrated in vitro, modulation 

of the ATX-LPA pathway in vivo appears to have little effect on adiposity in mice at 

baseline(8,178,212,214). Having said that, the profound impact of ATX-LPA signaling on 

adiposity becomes evident when mice are fed an obesogenic diet (Table 1). For example, 

administration of the LPA1/3 antagonist, Ki16425, for six weeks increased fat mass and the size 

of white adipocytes in HFHS-fed C57Bl6 mice(179). The same group also showed that adipose-

specific ATX deletion increases white and brown adipose tissue mass in HFHS-fed mice [on a 

mixed FVB/Bl6 background], which was associated with upregulated mRNA levels of PPARɔ 

and PPARɔ sensitive genes, including adiponectin and leptin, predominantly in subcutaneous 

adipose tissue from these mice(178). Conversely, a more recent study showed that global 

heterozygous and adipose-specific ATX deficiency protect mice on a C57Bl6 background from 

diet-induced obesity while adipose-specific ATX overexpression driven from the FABP4 

promoter enhanced adiposity following high fat diet feeding(8). The resistance to diet-induced 
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obesity in FATX-/- mice was ascribed to improved brown adipose tissue (BAT) function, lipid 

oxidation capacity, and energy expenditure(8). Similarly, overexpression of ATX driven by the 

Ŭ1-antitrypsin promoter in FVB/N mice, resulting in a moderate increase in circulating ATX and 

LPA levels in adult mice, increased weight gain and adiposity following consumption of a HFHS 

diet(212). This effect was linked to reduced expression of BAT-related genes, indicative of lower 

brown adipocyte abundance, in peripheral white adipose tissue of HFHS-fed ATX transgenic 

mice(212). Differences in the background strain of mice and composition of obesogenic diets 

may have contributed to these, in part, divergent results among studies examining the role of 

ATX-LPA in diet-induced obesity(8,153,176,212). Clearly, more research is needed to address 

the precise role of ATX-LPA signaling in diet-induced obesity. 

Future studies should employ ATX/LPA receptor inhibition/deletion in adult mice before 

and after the induction of obesity, to determine whether the ATX-LPA pathway impacts adiposity 

independent of its possible effect on preadipocyte development/programming and whether 

increased adiposity can be reversed or ameliorated by ATX-LPA modulation. 

1.8.3 The ATX -LPA Axis Impairs Glucose Homeostasis and Promotes Insulin 

Resistance 

 
Most studies to date suggest that ATX-LPA-LPA1/3 signaling promotes glucose 

intolerance and impairs systemic insulin sensitivity and tissue insulin signaling. Subjecting 

ATX +/- and FATX-/- mice to an obesogenic diet resulted in improvements in systemic glucose 

tolerance and insulin resistance compared to wild type(8,153). Interestingly, however, 

overexpression of ATX in mice did not significantly alter glucose tolerance(212). A single 

intraperitoneal injection of a supraphysiological dose [~1.4-1.5 mM] of LPA in male chow and 

HFHS-fed C57Bl6 mice impaired glucose tolerance(191). These acute systemic effects appear 

broadly mediated by LPA1 and LPA3, as pre-injection of a dual LPA1/3 antagonist, Ki16425, 

negated the LPA-mediated impairment in glucose tolerance(191). Importantly, chronic treatment 
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with Ki16425 also improved glucose and insulin tolerance in insulin resistant HFHS-fed 

mice(191).  

Studies in humans showed that serum ATX levels correlate with several measures of 

glucose homeostasis and insulin sensitivity, including fasting glucose and insulin, glucose 

infusion rate (GIR), and HOMA-IR in overweight or obese non-diabetic individuals(204,205). 

Additionally, serum ATX was found to predict measures of glucose homeostasis and insulin 

sensitivity in older humans(205). In agreement with these studies examining ATX protein in 

serum, ATX mRNA levels were significantly higher in the intra-abdominal adipose tissue of 

massively obese women who exhibited impaired glucose tolerance or diabetes when compared to 

women with normal glucose tolerance(215). Taken together, clinical evidence suggests that the 

ATX-LPA axis is associated with impaired glucose homeostasis and insulin resistance and that 

ATX-LPA may serve as therapeutic target and/or marker for obesity-related insulin resistance in 

humans.  

While a relationship between ATX-LPA and systemic glucose homeostasis has been well 

established (Table 1), the underlying mechanisms and effect of ATX-LPA signaling on tissue 

insulin function and metabolism are less well understood. Improved glucose tolerance in HFHS-

fed mice subjected to chronic [3 weeks] administration of a LPA1/3 antagonist was associated 

with metabolic changes in multiple insulin sensitive tissues, including increased glycogen storage 

in the liver, glucose oxidation in skeletal muscle, and pancreatic islet mass(191). Increased 

hepatic glycogen synthesis was paralleled by reduced mRNA expression of enzymes involved in 

gluconeogenesis, including glucose-6-phosphatase and phosphoenolpyruvate carboxykinase, in 

HFHS-fed mice treated with LPA1/3 antagonist(191). In agreement with these findings, 

incubation of primary hepatocytes with LPA for 5-12 h led to inhibition of insulin-stimulated 

glucokinase expression and glycogen synthesis, effects that were mediated primarily by 

LPA3(206). In 3T3-L1 adipocytes, a more chronic [16 h] incubation with LPA impaired insulin 

signaling, as determined by reduced AKT phosphorylation(180). However, a 24-h inhibition of 
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ATX activity using PF-8380 did not alter insulin-stimulated AKT phosphorylation in insulin 

sensitive or insulin resistant 3T3-L1 adipocytes(176). Few studies have examined the effect of 

very acute stimulation with LPA on the cellular insulin signaling pathway with conflicting 

results; pre-incubation of primary rat hepatocytes with LPA for 15 min impaired insulin-

stimulated AKT phosphorylation(206) while a 10-min incubation with LPA promoted increased 

AKT phosphorylation, GLUT4 translocation to the plasma membrane, and 2-deoxyglucose 

uptake in 3T3-L1 and L6-GLUT4myc myotubes at baseline, although the effect of LPA on 

insulin stimulated cells was not examined(216). 

Future studies should clarify the precise molecular mechanisms by which the ATX-LPA 

pathway influences glucose homeostasis and insulin signaling in vivo and in vitro and examine 

the role of individual LPA receptors in this process. 

1.9. Potential Mechanisms by Which The ATX-LPA Axis Promotes Insulin 

Resistance 

 
 The majority of studies examining ATX-LPA signaling in the development of insulin 

resistance have focused on the adipose tissue. However, as a circulating factor, ATX and LPA 

can influence insulin signaling in other key tissues, such as skeletal muscle and liver. In 

particular, the skeletal muscle is critical for insulin stimulated glucose uptake and can drive 

hyperglycemia, the defining characteristic of insulin resistance and diabetes. Identifying whether 

ATX-LPA acts as novel factors in promoting insulin resistance in this tissue is paramount to truly 

defining the role of this signaling axis in the etiology of this metabolic disorder.  

 

1.9.1. ATX -LPA Signaling Upregulates Pro-Inflammat ory Transcription Factors 
  

Local and systemic inflammation constitute an important mechanism by which the ATX-

LPA pathway promotes insulin resistance. As discussed above, inflammation is a major 

mechanism by which tissue and systemic insulin resistance can develop. Increased ATX-LPA 

signaling has been linked to inflammation and inflammatory disorders including rheumatoid 
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arthritis and hepatitis (Fig. 6)(190,217). Exposure of 3T3-L1 and 3T3-F442A adipocytes to the 

inflammatory cytokines, IL6 and TNFŬ, leads to the upregulation of ATX mRNA(180,215). 

Similarly, inhibiting the pro-inflammatory transcription factor NFəB in 3T3-L1 adipocytes 

downregulated ATX mRNA(180). ATX is not only stimulated by inflammation but appears to 

enhance inflammation in a feed-forward mechanism. FATX-/- mice show a significant decrease in 

adipose tissue and circulating levels of IL-6, TNFŬ, and MCP-1(8). Overexpression of ATX 

driven by the Ŭ1-antitrypsin promoter did not systemically alter IL-6 and TNFŬ(212). Although 

circulating ATX and LPA were elevated in this mouse model, adipose tissue levels of LPA were 

unchanged, suggesting that the ATX-LPA-induced stimulation of inflammatory cytokines is 

primarily due to enhanced ATX-LPA signaling in adipose tissue(212). Upregulation of pro-

inflammatory cytokines in response to ATX-LPA pathway stimulation likely originates from 

immune cells. Co-culture of 3T3-L1 preadipocytes and bone-marrow derived macrophages 

(BMDM) increased levels of TNFŬ in BMDMs; these increases were abolished by ATX 

knockdown in preadipocytes(8).  

Similarly, incubation of adipose tissue CD8+ T-cells with recombinant ATX increased 

expression of CD44 and interferon-ɔ, which play a predominantly pro-inflammatory role(8). 

Importantly, IL-6 mediated lipolysis and induction of systemic insulin resistance in HFD-fed 

mice required ATX and LPA1/3, since administration of Ki16425 for 1 week decreased plasma 

free fatty acids and improved glucose homeostasis(191). More recently, modulation of ATX has 

been shown to influence inflammatory signalling in tissues other than the adipose tissue. Global 

inducible post-natal inactivation of ATX was shown to protect mice from HF-feeding induced 

liver steatosis and inflammation(218). Similarly, administration of the ATX inhibitor, PF-8380, 

was shown to attenuate HF-diet induced cardiac inflammation in mice(219).   

1.9.2 ATX -LPA Upregulate Transcription Factors Implicated in Fibrosis 

Increases in ATX-LPA-LPA1 signaling have been linked to multiple fibrotic diseases, 

including idiopathic pulmonary fibrosis(220), chronic liver diseases(173) and renal fibrosis(221). 
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An unbiased, microarray-based approach in brown preadipocytes revealed that ATX-LPA 

signaling increases the expression of proteins involved in extracellular matrix remodeling(212). 

Treatment of obese-diabetic db/db mice with Ki16425 for 7 weeks improved systemic insulin 

sensitivity, which was associated with reduced adipose tissue fibrosis(222). Exposure of human 

adipose tissue explants to LPA increased collagen 3 and the pro-fibrotic cytokine, TBFɓ, effects 

that were abolished upon co-incubation with Ki16425 and were dependant on activation of 

hypoxia inducible factor 1Ŭ (HIF1Ŭ)(222). Interestingly, adipose tissue of HFD-fed ATX+/- mice 

did not show any significant changes in collagen 1a or 6a mRNA levels, indicating the absence of 

overt fibrosis(8).  Taken together, these studies suggest that the ATX-LPA pathway promotes 

fibrosis in severe cases of insulin resistance/diabetes [e.g., db/db mice], a mechanism by which 

ATX-LPA may further exacerbate impaired insulin function (Fig. 6).  

1.9.3 ATX -LPA Suppresses PPARɔ Signaling 

The ATX-LPA pathway may contribute to obesity-induced insulin resistance by 

impairing PPARɔ expression and activity (Fig. 6). Peroxisome proliferator-activated receptor 

gamma [PPARɔ] is a ligand-activated transcription factor that regulates various metabolic 

processes, including glucose and lipid homeostasis(223). There are two major isoforms of 

PPARɔ: PPARɔ1, which is widely expressed, and PPARɔ2, which is primarily expressed in 

adipose tissue(223). A role for PPARɔ in insulin resistance is evident in that several dominant 

negative PPARɔ mutations are present in some patients with severe insulin resistance; these 

individuals show lipodystrophy and accumulate lipids in non-adipose tissues, such as skeletal 

muscle and liver (224). Thiazolidinediones [TZD], a class of drugs that activate PPARɔ, are used 

clinically for their ability to act as insulin sensitizers(223). The mechanisms by which PPARɔ and 

TZDs promote insulin sensitivity are complex, multifactorial, and involve several tissues(225). 

Interestingly, treatment of 3T3-L1 and 3T3-F442A adipocytes with the TZD, rosiglitazone, 

decreased ATX mRNA, protein content, and secreted ATX activity, suggesting that PPARɔ 

inhibits ATX-LPA signaling(176,215). The mechanism by which this occurs is unknown, but 
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could involve a negative regulation of pro-inflammatory cytokines and transcription factors by 

PPARɔ agonists(226,227). Conversely, the ATX-LPA axis appears to reciprocally downregulate 

PPARɔ signaling. FATX-/- mice fed an obesogenic diet show increased mRNA levels of PPARɔ 

and PPARɔ sensitive genes [adiponectin, glut-1, glut-4 and leptin] in subcutaneous adipose tissue, 

and elevated levels of circulating adiponectin(8,178). Notably, circulating adiponectin is 

inversely correlated with obesity and insulin resistance and has insulin sensitizing effects on 

skeletal muscle and liver(228ï230). Inhibition of ATX activity in 3T3-L1 adipocytes resulted in 

increased protein levels of PPARɔ, adiponectin, CD36, and Glut-4 at baseline, but was not able to 

restore levels of these proteins in insulin resistant adipocytes(176). The mechanism by which this 

occurs remains to be elucidated. It should also be clarified whether the reciprocal negative 

regulation of PPARɔ and inflammatory cytokines and transcription factors involve the ATX-LPA 

axis.  

1.9.4 ATX -LPA Signaling Impairs Energy Metabolism by Inhibiting Brown Adipose 

Tissue Development and Reducing Mitochondrial Function 
Altered energy homeostasis, signified by greater intake than expenditure of calories, is a 

hallmark of obesity and obesity-induced insulin resistance. BAT thermogenesis through 

respiration uncoupling plays a key role in regulating energy expenditure in rodents and 

humans(231). Studies on humans demonstrated an inverse relationship between BAT activity and 

obesity/BMI(232). In line with this notion, increasing BAT activity through cold acclimatization 

increased glucose disposal and improved insulin sensitivity(233,234). Moreover, BAT transplants 

in the visceral cavity of mice improved glucose homeostasis, lowered fat mass, and reversed diet-

induced insulin resistance(43). These studies demonstrate that BAT activity is a primary 

determinant of organismal energy expenditure in rodents. ATX-LPA signaling plays a key role in 

adipocyte proliferation and differentiation in both white and brown adipose tissue. Inhibition of 

ATX activity using HA155 or PF-8389 promoted the differentiation of primary BAT 

preadipocytes, concomitant with UCP1 upregulation(212). Conversely, adding recombinant ATX 

or LPA directly to BAT preadipocytes inhibited their differentiation and decreased UCP1 and 
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Prdm16, a master regulator of BAT differentiation(212). Similarly, a microarray-based approach 

in brown preadipocytes revealed that ATX-LPA signaling downregulates proteins involved in 

mitochondrial function and energy metabolism. Mice with ATX overexpression exhibited a 

reduction in inducible BAT, UCP1, and transcriptional regulators of mitochondrial biogenesis in 

white adipose tissue. Interestingly, while these mice showed increased diet-induced obesity, 

glucose homeostasis was unchanged(212). In HFD-fed FATX-/- mice, improved insulin sensitivity 

was associated with enhanced BAT activity and energy expenditure(8). Morphologically, 70% of 

adipocytes from HFD-fed FATX-/- mice showed multiple lipid droplets, compared to 30% of 

adipocytes from HFD-fed WT controls, which was mirrored by increased mRNA expression of 

UCP1 and PGC1Ŭ, along with increased mitochondrial membrane potential in FATX-/- mice(8).  

Overall, these data suggest that ATX-LPA signaling inhibits BAT development and 

function, which may promote diet-induced insulin resistance (Fig. 6). Future studies should 

explore how altered ATX-LPA signaling in other metabolically active tissues, including skeletal 

muscle, influences energetics and mitochondrial mass and function.  

1.10. Concluding Statements 

Insulin resistance and T2D are increasingly prevalent pathophysiological conditions. 

Current treatments for T2D tend to lose effectiveness in the long term, require multiple drugs and 

cannot fully prevent micro- and macro-vascular complications. Identifying and characterizing 

novel targets that are implicated in obesity-induced insulin resistance and T2D is critical to 

develop new and effective therapies.  

The ATX-LPA pathway is a relatively novel signaling axis that is upregulated in obesity-

induced insulin resistance. Several mechanisms by which this occurs have been well defined in 

the adipose tissue, including inflammation, fibrosis, PPARɔ suppression and mitochondrial 

dysfunction. However, it remains unclear how ATX-LPA can affect distal tissues, including 

heart, liver and skeletal muscle, which is the focus of my thesis. ATX-LPA being recently 
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implicated in adipose tissue and systemic insulin resistance and the importance of skeletal muscle 

in overall glucose homeostasis make this an attractive area of research. 
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Figures: 

Figure 1.1. AKT mediates many of the metabolic actions of insulin.  

AKT is a serine/threonine kinase that has a pleiotropic effect on glucose, protein and lipid 

metabolism.  In response to insulin, AKT is phosphorylated at S473 by mechanistic target of 

rapamycin complex 2 (mTORC2) and at T308 by 3-phosphoinositide-dependant kinase 1 (PDK1). 

Once activated, AKT promotes glucose uptake and glycogen storage, while inhibiting 

gluconeogenesis. AKT promotes protein synthesis through activation of mTORC1 signaling. 

AKT also stimulates lipid synthesis through transcriptional activation of lipogenic programs and 

simultaneous suppression of lipolysis. chREBP, carbohydrate responsive element binding protein; 

CREB-CRTC2, cAMP-response element binding protein (CREB)-CREB-regulated 

transcriptional coactivator-2 (CRTC2); FOXO1, forkhead box O1; GSK3, glycogen synthase 

kinase 3; GSV, Glut4 secretory vesicles; PDE3B, phosphorylating phosphodiesterase 3B; PGC-

1Ŭ, Peroxisome proliferator activated receptor gamma coactivator 1Ŭ; PKA, protein kinase A; 

PRAS40, proline-rich AKT substrate of 40 kDa; SREBP1c, sterol regulatory element binding 

protein 1c; TBC1D4, TBC1 domain family member 4; TSC2, tuberous sclerosis complex 2. 
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Figure 1.2: Potential mechanisms by which insulin resistance develops.  

Several potential mechanisms have been shown to promote tissue insulin resistance including 

hyperinsulinemia, lipotoxicity, endoplasmic reticulum (ER) stress, inflammation, fibrosis, and 

mitochondrial dysfunction. 
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Figure 1.3: Circulating LPA can be metabolized via distinct mechanisms.  

LPA is synthesized from PA through the actions of PLA1/PLA2 or via ATX mediated choline 

release of LPC. LPA is rapidly degraded to MAG through the actions of LPP1/3 or cleared from 

circulation via the liver. LPA, lysophosphatidic acid; LPC, lysophosphatidic choline; LPP, lipid 

protein phosphatase; MAG, monoacylglycerol; PLA, phospholipase A. Figure modified from 

DôSouza et al., Nutrients(1).   
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Figure 1.4: Sources of circulating LPA.  

Circulating LPA can be generated via multiple sources, including lipoproteins, exosomes, 

activated platelets and from the diet. Reproduced from DôSouza et al., Nutrients(1).   
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Figure 1.5: Summary of the major LPA signaling pathways 

Six LPA receptors, LPA1-6, have been identified that mediate LPA signaling. LPA1-6 are G-

protein coupled receptors (GPCR) that can couple via several GŬ proteins to activate downstream 

signal transduction pathways.  
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Figure 1.6: Mechanisms by which ATX-LPA signaling can promote insulin resistance.  

ATX-LPA can promote insulin resistance via several potential mechanisms, including increased 

inflammation and fibrosis and suppression of BAT function and PPARɔ signaling. BAT, brown 

adipose tissue; PPARɔ, peroxisome proliferator activated receptor ɔ. 
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Table 1.1. The influence of ATX-LPA signaling on adipocyte proliferation and differentiation, 

diet-induced obesity, insulin resistance (IR) and glucose intolerance (GI). Reproduced from 

DôSouza et al, Nutrients(1).   

Effect of ATX and/or LPA on:  Models Ref 

Preadipocyte 

proliferation  

Preadipocyte 

differentiation  

Diet-

induced 

adiposity 

Diet-

induced 

IR/GI  

  

ŷ Ź ŷ ŷ 

3T3-L1 (pre-)adipocytes, 

primary murine pre-

adipocytes, ATX+/- mice, 

FATX-/- mice, fat specific 

ATX-overexpressing mice  

(8) 

ŷ n.d. n.d. n.d. 
3T3-F442A preadipocytes, 

NIH-3T3 fibroblasts 

(202, 

204) 

ŷ Ź n.d. n.d. 

3T3-L1 pre-adipocytes, 

DFAT-P porcine 

preadipocytes 

(213) 

ź Ź ŷ ź 

Primary murine brown pre-

adipocytes, ATX-

overexpressing mice 

(212) 

n.d. Ź Ź n.d. 

3T3-F442A pre-adipocytes, 

SGBS pre-adipocytes, LPA1-

KO mice, primary murine pre-

adipocytes 

(214) 

n.d. n.d. Ź ŷ FATX-/- mice (178) 

n.d. n.d. ź ŷ 

Chow fed db/db mice treated 

with LPA1/3 antagonist 

(Ki16425)  

(222) 

 

n.d. n.d. n.d. ŷ 
Chow and HFHS-fed WT mice 

treated with Ki16425  
(191) 

n.d. n.d. ź ŷ 

3T3-L1 adipocytes, chow and 

high fat diet-fed WT mice 

treated with Ki16425  

(180) 
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Thesis Hypothesis and Objectives 

A growing number of preclinical and clinical studies support that the ATX-LPA pathway is 

enhanced during the development of obesity-induced insulin resistance. ATX has primarily been 

shown to be upregulated by pro-inflammatory mediators, suggesting that nutritional factors that 

are increased in a diabetic milieu may also regulate ATX expression. Furthermore, while several 

mechanisms have been postulated for how ATX-LPA may promote insulin resistance in adipose 

tissue, examination of whether this axis influences insulin function in skeletal muscle, the major 

site of insulin-stimulated glucose disposal, is unknown. I hypothesize that ATX expression and 

secretion in adipose tissue is regulated by a pro-diabetic milieu, specifically hyperglycemia and 

hyperinsulinemia.  Furthermore, I hypothesize that increased ATX-LPA signaling promotes 

skeletal muscle insulin resistance by increasing inflammation, fibrosis and by altering 

mitochondrial function. Chapters 2-5 contain experiments that investigate these hypotheses 

through the following objectives: 

1. Determine the effect of high levels of glucose and insulin on ATX expression in adipocytes.  

2. Examine whether alterations in ATX-LPA signaling influence systemic insulin sensitivity and 

insulin function in metabolically relevant tissues. 

3. Examine mechanisms by which the ATX-LPA axis influences skeletal muscle insulin 

signaling. 
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Chapter 2: Nutritional Regulation of ATX  

2.1. Rationale and Objectives  

 As highlighted in the introduction, despite recent studies implicating adipose-derived 

ATX in metabolic disorders including obesity and insulin resistance, the nutritional and hormonal 

regulation of ATX in adipocytes remains unclear. Prior studies have shown that a pro-

inflammatory milieu, marked by significant increases in inflammatory cytokines, such as TNFŬ 

and IL-6, strongly influence ATX expression(180,215). Direct addition of insulin to human 

adipose tissue significantly counteracted dexamethasone-induced repression of ATX mRNA 

expression(235). Conversely, use of the insulin sensitizing PPARɔ agonist, rosiglitazone, reduced 

ATX expression(215). Taken together, these studies show that insulin can alter ATX expression. 

Interestingly, increases in adipose ATX expression also coincided with the development of 

hyperglycemia in leptin receptor deficient, db/db mice, suggesting that ATX expression could be 

additionally regulated by nutritional factors(215). Therefore, the first objective of this thesis was 

to examine the potential nutritional and hormonal regulation of ATX by glucose and insulin, 

respectively (Figure 2.1).  

Figures 2.2A-C, 2.3, 2.5-2.7, 2.8A-B and 2.9 and portions of the text present in this 

chapter have been reproduced with copyright permission from Endocrinology (Appendix 1)(176) 

from the following manuscript and edited as appropriate:  

D'Souza, K., Kane, D. A., Touaibia, M., Kershaw, E. E., Pulinikunnil, T. and Kienesberger, P. C. 

(2017). Autotaxin is regulated by glucose and insulin in adipocytes. Endocrinology. 158(4): 791-

803. 

2.2. Materials and Methods  

 

2.2.1 Chemicals and Reagents  

 
Unless otherwise stated, chemicals and reagents were obtained from Sigma. The ATX 

inhibitor, PF-8380, was prepared in five steps from 2-benzoxazolone and 3-chloropropanoyl 
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chloride as detailed in(236) and provided by Dr. Mohamed Touaibia, Université de Moncton, 

Moncton, NB, Canada.  

2.2.2 Animals  

C57BL6/J mice were procured from The Jackson Laboratory. Mice were housed on a 12 

h light: 12 h dark cycle at 23.5°C with ad libitum access to chow diet (LD5001 from Lab diet 

with 13.5 kcal% from fat, 3.02 kcal/g) or high fat-high sucrose (HFHS) diet (12451 from 

Research Diets with 45 kcal% from fat and 17 kcal% from sucrose, 4.70 kcal/g) and water. Nine 

to ten week-old male mice were randomly assigned to chow or HFHS cohorts and fed for 16 

weeks. Mice were euthanized either in the fed state (1 h food withdrawal) or following a 16 h 

fast. Blood was spun at 2000 × g for 15 min at 4°C to collect serum, which was frozen and stored 

at -80°C until further use. All protocols involving mice were approved by the Dalhousie 

University Institutional Animal Care and Use Committee.  

For explant studies, 25-40 week old female C57BL6/J mice from Jackson Laboratory was used. 

2.2.3 Cell Culture  

3T3-L1 cells (ATCC) were grown and differentiated to mature adipocytes, as previously 

described, with minor modifications(237).  Briefly, 3 × 105 3T3-L1 cells were seeded in 35 mm 

dishes and maintained in Dulbeccoôs modified Eagleôs medium (DMEM) containing high (25 

mM) glucose concentration (DMEM-HG, SH3024301; Hyclone Laboratories) supplemented with 

10% fetal bovine serum (FBS, 97068-085; Seradigm). Two days post-confluence (Day 0), cells 

were differentiated in DMEM-HG containing 10% FBS, 10 µg/ml insulin from bovine pancreas, 

0.4 µg/ml dexamethasone and 0.5 mM 3-isobutyl-1-methylxanthine. After two days (Day 2), the 

media was changed to DMEM-HG supplemented with 10% FBS and 10 µg/ml insulin. At Day 4, 

the media was changed to DMEM-HG containing 10% FBS and 0.5 µg/ml insulin. After Day 6, 

cells were maintained in DMEM-HG containing 10% FBS. Experiments were performed with 
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adipocytes at Day 8-9. Treatment of adipocytes with different glucose, insulin or palmitate 

concentrations was performed either for 2-6 h (acute exposure) or up to 30 h (chronic exposure). 

Insulin resistance was induced by 24-h exposure to high glucose and insulin, as 

previously described(238). Briefly, adipocytes were washed once in phosphate buffered saline 

(PBS) and incubated in 1 ml of DMEM (11966-025; Gibco, Thermo Fisher Scientific) 

supplemented with 4.5 g/L glucose (25.0 mM, Amresco), 0.5% (w/v) fatty acid-free (FAF) 

bovine serum albumin (BSA), 110 mg/ml sodium pyruvate (P2256, Sigma) and 100 nM insulin 

for 24 h. Insulin sensitive (IS) 3T3-L1 adipocyte controls were cultured in DMEM supplemented 

with 1.1 g/L glucose (6.1 mM), 0.5% (w/v) FAF-BSA and 110 mg/ml sodium pyruvate. Where 

indicated, 1 µM rosiglitazone was added to the media of insulin resistant (IR) or insulin sensitive 

(IS) adipocytes and cells were incubated for 24 h. Following incubation, media aliquots were 

collected and stored at -80ºC until further analysis. Adipocytes were washed once in PBS and 

acutely stimulated with 20 nM insulin in 1 ml DMEM + 1.1 g/L glucose for 15 min. Cells were 

washed and scraped in ice-cold PBS. Cells were subsequently pelleted through centrifugation at 

10,000 × g for 10 min at 4°C, flash frozen in liquid nitrogen and stored at -80°C until further use. 

Cell pellets were lysed in 100 µL of lysis buffer (20 mM Tris-HCl pH 7.5, 5 mM EDTA, 10 mM 

Na4P2O7, 100 mM NaF, 1% NP-40) containing 2 mM sodium orthovanadate, 2 mM protease 

inhibitor cocktail (P8340, Sigma) and 100 µg/mL phosphatase inhibitor cocktail (524628, 

Calbiochem). Protein concentrations in cell lysates were quantified colorimetrically using a 

bicinchoninic acid (BCA) protein assay kit (Thermo Scientific) and BSA as standard.  

To examine how glucose and insulin regulate ATX secretion acutely (6 h) and 

chronically (30 h), 3T3-L1 adipocytes were washed once in PBS and pre-incubated for 30 min 

with 1 ml of DMEM + 4.5 g/L glucose + 0.5% (w/v) FAF-BSA and 110 mg/ml sodium pyruvate 

with the following chemical inhibitors, as indicated: 5 mg/ml actinomycin D, 1 µM wortmannin, 

100 nM rapamycin (Alfa Aesar), a combination of 5 µg/ml brefeldin A and 5 µM monensin 

(Enzo), or 10 µg/ml cycloheximide (Biovision). Following pre-incubation, 100 nM insulin or 
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PBS was added to adipocytes (t = 0). For acute stimulations, media aliquots of 100 µl were 

collected and stored at 2, 4 and 6 h following incubation with PBS or insulin. Due to the short 

half-lives of wortmannin, brefeldin A/monensin and cycloheximide, an equal volume of DMEM 

supplemented with 4.5 g/L glucose and 0.5% (w/v) FAF-BSA plus indicated inhibitors was added 

to cells after an aliquot of media was removed. For chronic stimulation, inhibitors were added 

every 6 h. ATX activity in the media was adjusted for dilution factor. Adipocytes were collected 

and homogenized as described above. All cell culture data reflect at least three independent 

experiments. 

2.2.4 Subcutaneous Adipose Tissue Explants  

Adipose tissue explants were prepared as previously described(239). Briefly, SCAT from 

the anterior of 25-40 week old female C57Bl6 mice from Jackson Laboratory was surgically 

removed, washed once in PBS and incubated in pre-warmed (37 °C) DMEM, no glucose media 

for 30 min. SCAT explants were cut into pieces (~20 mg) using scissors and incubated in 100 ɛl 

DMEM containing 2% FAF-BSA, 110 mg/ml sodium pyruvate and indicated glucose 

concentrations or insulin concentrations for 8 h. Thereafter, media aliquots were collected and 

stored at -80ºC until further analysis. SCAT explants were homogenized in ice-cold lysis buffer, 

incubated for 30 min on ice and spun at 14,000 x g for 30 minutes at 3°C. The resulting 

supernatants were spun again at 14,000 x g for 30 minutes at 3°C. Lysate protein concentrations 

were quantified using a BCA protein assay kit and BSA as standard.  

2.2.5 ATX Activity Assay  

 

2.2.5.1 FS-3 

 
ATX activity in serum or conditioned media was determined using FS-3 (Echelon), a 

fluorogenic LPC analog (Fig. 2.2A) (240). 10 µl of serum or media were incubated with 10 µl of 

100 µM FS-3 in 80 µl of freshly prepared assay buffer (50 mM Tris, 140 mM NaCl, 5 mM KCl, 1 

mM CaCl2, 1 mM MgCl2, pH 8.0). Samples were incubated at 37°C for 2 h, during which 
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fluorescent measurements were taken every 5 min. ATX activity was quantitated by measuring 

the rate of linear increase in fluorescence at 528 nm with excitation at 485 nm and was expressed 

as relative fluorescence units/(min x mg cellular protein). 

2.2.5.2 Choline Release Assay 

ATX activity in plasma and serum was quantified as previously described(241). Briefly, 

2 µl of plasma or serum was added to 18 µl buffer A containing 100 mM Tris-HCl, pH 9.0, 500 

mM NaCl, 5 mM MgCl2 and 0.05% v/v Triton X-100. For samples examined in the presence of 

the ATX inhibitor, PF-8380 or ONO-8430506(236), 5 µl of buffer A containing 10% DMSO or 5 

mM PF-8380 was added. Samples were pre-incubated at 37°C for 30 min and 25 µl of 6 mM 1-

myristoyl-2-hydroxy-sn-glycero-3-phosphocholine (14:0 LPC, Avanti Cat:  855575P) was added. 

The reaction mixture was incubated at 37°C for 6 h to allow for ATX-mediated choline release. 

Subsequently, 20 µl of sample was incubated with 90 µl of buffer C [9.65 ml buffer B (100 mM 

Tris-HCl, pH 8.5, and 5mM CaCl2), 110 µl of 30 mM N-ethyl-N-(2-hydroxy-3-sulfopropyl)-3-

methylaniline (TOOS, Cedarlane), 110 µl of 50 mM 4-aminotipyrine, 6.6 µl of 1000 U/ml 

horseradish peroxidase, and 110 µl of 300 U/ml choline oxidase] at 37°C for 20 min and choline 

oxidation was recorded at 550 nm for 30 min. 

 In the choline release assay, natural LPC is utilized as enzyme substrate, rather than the 

fluorescent LPC analog, FS-3. Recently, it has been demonstrated that lipids contained in serum 

may interfere with the fluorogenic ATX activity assay using FS-3 (241). Therefore, the choline 

release assay is more appropriate to assess ATX activity in plasma/serum. 

2.2.6 Immunoblotting Analysis  

Cells were homogenized in lysis buffer (20 mM Tris-HCl pH 7.5, 5 mM EDTA, 10 mM 

Na4P2O7, 100 mM NaF, 1% NP-40) containing 2 mM sodium orthovanadate, 2 mM protease 

inhibitor cocktail (P8340, Sigma), and 100 µg/mL phosphatase inhibitor cocktail (524628, 
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Calbiochem) using a sonicator. Protein concentrations in tissue and cell lysates or plasma were 

quantified colorimetrically using a BCA protein assay kit and BSA as standard.  

3T3-L1 cell lysates were subjected to SDS-PAGE and proteins were transferred onto a 

nitrocellulose membrane. Proteins were visualized using a reversible protein stain (Memcode, 

Pierce, Thermo Fisher Scientific), blocked for 1 hr in 1× TBST + 5% milk and incubated 

overnight in primary antibodies (1:1000 dilution). The list of primary antiobodies used to probe 

the membranes are summarized in Table 2.2.  Immunoblots were developed using the Western 

Lightning Plus-ECL enhanced chemiluminescence substrate (Perkin Elmer). Densitometric 

analysis was performed using Image lab software (Bio-Rad).  To normalize protein samples, 

densiometric analysis of protein loading was obtained through the Memcode protein stain and 

used to normalize the immunoblot signal to protein content. Phosphorylated protein levels were 

normalized to total protein levels and expressed as a ratio of phosphorylated protein/total protein. 

Representative immunoblots are shown. 

2.2.7 RNA Extraction and Gene Expression Analysis  

RNA was isolated from 3T3-L1 cells following indicated treatments using RIBOZOL 

(Amresco) and chloroform according to the manufacturerôs directions. The RNA was re-

suspended in 50 µL nuclease free water (Ambion). The quality and quantity of RNA was assessed 

using a QIAxcel Advanced System (Qiagen) and QIAxcel RNA QC Kit v2.0 (Qiagen) according 

to the manufacturerôs instructions. cDNA was synthesized using qScript cDNA supermix (Quanta 

Biosciences) from 500 ng of RNA. qPCR reactions were carried out in 96-well plates on a ViiA7 

Real-time PCR machine (Thermo Fisher Scientific) and contained 2 ɛl of cDNA template, 5ÕL of 

SYBR green Low ROX PCR supermix (Thermo Fisher Scientific), 0.25 µM for each forward and 

reverse  primer, and nuclease free water in a total of 10 µL per reaction. Primer sequences are 

summarized in Table 1. ATX mRNA levels were determined using Biogazelle qbase + software 

and normalized to two reference genes, Rpl27 and Rpl41. ATX mRNA levels are presented as 

fold change.  
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2.2.8 Statistical Analysis 

Results are expressed as mean ± SEM. Comparisons between two groups were performed 

using an unpaired, two-tailed Studentôs t-test. Comparisons between multiple groups were 

performed using a paired or unpaired one- or two- way analysis of variance (ANOVA) followed 

by a Tukey or Bonferroni post hoc test, as appropriate. All statistical analysis was performed 

using Prism (GraphPad Software). P-values of less than 0.05 were considered statistically 

significant. For animal studies, ñnò refers to the number of mice used, unless otherwise specified. 

For cell culture studies, experiments were performed in triplicates and data are from at least two 

independent experiments. 

2.3. Results 

2.3.1 ATX is Regulated by Acute and Chronic Nutritional Stimuli In Vivo 

 
It remains unclear how ATX is regulated by short-term (i.e. feeding/fasting) and long-

term changes in nutritional status (i.e. obesity). Prior studies examining the regulation of ATX in 

murine adipose tissue during obesity provided conflicting results(8,178,215). To test whether 

serum ATX is regulated by acute nutritional changes in vivo, we isolated serum from fed and 16 

h-fasted male C57Bl6 mice and measured ATX activity (Fig. 2.2A). The source of ATX in serum 

likely includes adipose tissue, platelets, liver, immune cells and endothelial cells, among other 

cell types(8,242). ATX activity was markedly decreased in serum from fasted mice compared to 

fed mice, suggesting acute nutritional regulation of ATX in vivo.  

To examine whether this effect persists even after the induction of obesity, we subjected 

C57Bl6 mice to 16 weeks of HFHS or chow diet feeding. HFHS-fed mice displayed a 44% 

increase in body weight compared to chow-fed mice (Fig. 2.2B). As previously shown, this 

feeding regimen not only leads to obesity, but impaired glucose homeostasis (243). Serum ATX 

activity was upregulated in obese HFHS-fed mice compared to chow-fed mice (Fig. 2.2C). 

Fasting led to a decrease in serum ATX activity in both chow-fed and HFHS-fed mice (Fig. 
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2.2C). Since it has recently been suggested that lipids contained in serum may interfere with the 

fluorogenic ATX activity assay using FS-3(241), I also confirmed these nutritional changes in 

ATX activity by quantifying choline released from LPC (Fig. 2.2D). Taken together, these data 

suggest that acute fasting decreases serum ATX activity while the induction of obesity using a 

diet rich in fat and sucrose increases serum ATX in mice. 

2.3.2 ATX is Increased in Insulin-Resistant 3T3-L1 Adipocytes Exposed to High 

Glucose and Insulin  

 
Adipose tissue is a major source of circulating ATX, accounting for ~40% of serum ATX 

and LPA in mice(8,178). We used 3T3-L1 adipocytes, which display a marked increase in 

secreted ATX activity during differentiation (Fig. 2.3A), to examine the regulation of ATX in 

vitro. To determine whether the upregulation of ATX activity in serum from obese mice can be 

mimicked by exposing adipocytes to an obese-diabetic milieu, we incubated differentiated 3T3-

L1 adipocytes in the presence of high levels of glucose (25 mM) and insulin (100 nM) for 24 h 

(Fig. 2.3B-E).  

Subsequent insulin signaling analysis confirmed that adipocytes exposed to high glucose 

and insulin concentrations were insulin resistant since acute insulin stimulation failed to increase 

Akt phosphorylation at Ser473 (Fig. 2.3B and C), consistent with a previous study(238). Protein 

expression of ATX in the media and cell lysates was markedly increased in insulin resistant 

adipocytes compared to the insulin sensitive control cells (Fig. 2.3B and D). Upregulation of 

ATX protein expression was paralleled by a corresponding increase in ATX activity in the media 

from insulin resistant compared to insulin sensitive adipocytes (Fig. 2.3E). As expected, 

adiponectin levels in the media were reduced in insulin resistant adipocytes compared to control 

cells (Fig. 2.3B and D). Consistent with a prior study demonstrating that the insulin sensitizer and 

PPARɔ agonist, rosiglitazone, diminishes ATX mRNA levels in 3T3F442A adipocytes(215), our 

data show that incubation with rosiglitazone decreases ATX mRNA and secreted ATX protein 
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levels and activity in both insulin sensitive and insulin resistant 3T3-L1 adipocytes (Fig. 2.3F-H). 

Our data also suggest that PPARɔ is a potent inhibitor of ATX. 

In contrast to the effect of high glucose and insulin on ATX levels and secretion, 

exposure of adipocytes to FFAs (0.3 and 1 mM palmitate) did not alter secreted ATX activity 

(Fig. 2.4 A and B). Taken together, these data suggest that chronic exposure of 3T3-L1 

adipocytes to conditions that mimic an obese-diabetic environment, i.e. high glucose and insulin 

concentrations, lead to the upregulation of ATX expression and corresponding increase in 

secreted ATX activity, whereas PPARɔ activation via rosiglitazone prevents these effects. 

2.3.3 Glucose and Insulin Differentially Regulate ATX Acutely and Chronically in 

Adipocytes 

 
To differentiate between the effect of glucose and insulin, per se, on the regulation of 

ATX expression and activity in adipocytes, we incubated 3T3-L1 adipocytes with either no 

glucose, low (6 mM) glucose or high (25 mM) glucose in the presence or absence of 100 nM 

insulin for 2 h, 6 h, or 30 h and determined ATX mRNA levels, cellular ATX protein levels, and 

secreted ATX activity (Fig. 2.5A-I). At 2 h, ATX mRNA, protein, and activity were similar 

across all groups (Fig. 2.5A-C). At 6 h, high (25 mM) glucose but not low (6 mM) glucose 

significantly upregulated ATX mRNA, which was paralleled by a mild increase in ATX protein 

and activity (Fig. 2.5D-F). Insulin increased ATX activity independent of glucose at 6 h (Fig. 

2.5F). Interestingly, insulin-stimulated upregulation of secreted ATX was paralleled by a decrease 

in ATX mRNA levels in the high glucose group (Fig. 2.5D), whereas cytosolic ATX protein 

levels were not influenced by insulin at 6 h (Fig. 2.5E). At 30 h, both low (6 mM) and high (25 

mM) glucose concentrations increased ATX mRNA, protein, and activity (Fig. 2.5G-I).  

The glucose-induced upregulation of ATX mRNA, protein, and activity was inhibited by 

the mRNA synthesis inhibitor, actinomycin D (Fig. 2.6A-D), suggesting that stimulation of ATX 

mRNA synthesis is necessary for glucose-induced upregulation of ATX activity. Moreover, 

incubation of cells with cycloheximide, an inhibitor of protein synthesis, or a combination of 



62 

 

brefeldin A and monensin, inhibitors of protein secretion through the classical secretory pathway, 

diminished ATX activity in the high glucose group comparable to control (Fig. 2.6D), suggesting 

that the upregulation of ATX by glucose also involves the classical secretory pathway and 

synthesis of new ATX protein. As expected, cycloheximide decreased while brefeldin 

A/monensin increased cytosolic ATX protein levels (Fig. 2.6B and C). As no significant increases 

in secreted ATX are observed in brefeldin A and monensin treated adipocytes under 

hyperglycemic conditions, it is unlikely that secretion of ATX occurs via a non-classical pathway, 

such as through exosomes(172). 

Interestingly, a 30 h-incubation with 100 nM insulin significantly reduced ATX mRNA 

levels, cytosolic ATX protein levels and ATX activity independent of glucose (Fig. 2.5G-I). To 

examine whether the effect of insulin on ATX is concentration-dependent, we incubated 

adipocytes with either 0, 0.01, 0.1, 1, 10, or 100 nM insulin for up to 30 h and determined 

secreted ATX activity. Insulin concentrations ranging from 0.1 to 100 nM gradually increased 

ATX activity for up to 16 or 24 h compared to controls incubated in the absence of insulin (Fig. 

2.7A and B). However, the effect of insulin on ATX did not appear to be dose-dependent. At 30 

h, 100 nM insulin reduced ATX activity although lower insulin concentrations had no effect on 

ATX activity (Fig. 2.7A and B). 

To determine whether glucose and insulin modulate ATX also in whole adipose tissue, 

we incubated SCAT explants from female C57Bl6 mice with either glucose (6 and 25 mM) or 

100 nM insulin for 8 h and determined secreted ATX activity compared to no glucose/no insulin 

controls (Fig. 2.8A and B). In contrast to the regulation of ATX by glucose in 3T3-L1 adipocytes, 

ATX activity was not upregulated by glucose in a concentration-dependent manner in SCAT 

explants, with only a ~3-fold increase observed in the high glucose group (Fig. 2.8A). Moreover, 

corresponding with upregulated ATX activity following acute (6 h) exposure of 3T3-L1 

adipocytes to insulin, secreted ATX activity was increased ~2.3-fold in SCAT explants after 

incubation with 100 nM insulin for 8 h compared to control explants incubated without insulin 
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(Fig. 2.8B). The insulin-induced stimulation of ATX activity was paralleled by a trend towards 

increased Akt Ser473 phosphorylation (Fig. 2.8C and D). Taken together, these data suggest that 

glucose increases ATX mRNA expression, protein expression, and activity in a time-and 

concentration-dependent manner in murine adipocytes. 

These data also suggest that exposure to high (100nM) insulin concentrations elicits a bi-

phasic response in adipocytes ï insulin initially increases secreted ATX activity, however, long-

term incubation with 100 nM insulin decreases ATX activity due to downregulation of ATX 

mRNA and protein expression. 

2.3.4 Acute Stimulation of ATX Secretion by Insulin is Dependent on PI3Kinase but 

not mTOR Activation  

 
To examine potential mechanisms that underlie the transient stimulatory effect of insulin 

on ATX secretion, 3T3-L1 adipocytes were incubated with wortmannin, a PI3Kinase inhibitor, or 

rapamycin, an inhibitor of mTORC1, in the presence or absence of 100 nM insulin for 6 h. As 

expected, wortmannin diminished insulin-stimulated phosphorylation of Akt at Ser473 and 

p70S6K at Thr389 (Fig. 2.9A). Wortmannin also blunted the increase in ATX activity induced by 

insulin, suggesting that PI3Kinase activation was essential for insulin stimulation of ATX 

secretion (Fig. 2.9E). This was mirrored by decreased secreted and cellular ATX protein levels in 

the media of wortmannin-treated cells (Figure 2.9A-D). Incubation with rapamycin led to 

diminished phosphorylation of p70S6K at Thr389, a known mTOR target site, while Akt 

phosphorylation at Ser473 was unchanged (Fig. 2.9A). In contrast to PI3Kinase inhibition, 

inhibition of mTOR signaling using rapamycin had no significant effect on ATX activity or 

protein at baseline or in the presence of insulin (Fig. 2.9A-E). Incubation of adipocytes with 

brefeldin A/monensin blunted secreted ATX activity and protein levels in the absence and 

presence of insulin (Fig. 2.9C-E), which resulted in an increased accumulation of cellular ATX 

protein levels (Fig. 2.9A and B). Incubation of adipocytes with cycloheximide reduced cellular 

ATX protein levels, which was accompanied by a drastic reduction in secreted ATX activity and 
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protein in presence and absence of insulin (Fig. 2.9A-E). Taken together, these data suggest that 

acute insulin-stimulated ATX secretion is PI3Kinase-dependent but does not require mTOR 

activation. These data also suggest that ATX secretion at baseline and following acute insulin 

stimulation requires the classical secretory pathway and synthesis of new ATX protein.   

2.4 Discussion 

Adipose-derived ATX has been implicated in metabolic disorders including obesity and 

insulin resistance(8,178,180,215). However, the regulation of ATX in adipocytes remains 

incompletely understood. Specifically, it is unclear whether ATX secretion from adipocytes is 

influenced by modulators of energy metabolism. In this study we show that serum ATX activity 

is not only increased by chronic overfeeding in mice but responds acutely to nutritional stimuli as 

was evidenced by a downregulation of ATX activity upon fasting. In addition, ATX secretion 

from cultured adipocytes and explanted adipose tissue was acutely (6 h) stimulated by high levels 

of glucose and insulin in an additive manner. Moreover, we demonstrate that acute insulin 

stimulation of ATX secretion from adipocytes is mediated by PI3Kinase but not mTOR signaling. 

Our data also suggest that upregulation of ATX secretion by glucose and insulin requires the 

classical secretory pathway and synthesis of new ATX protein. In addition, glucose also increased 

ATX mRNA synthesis. Interestingly, while the stimulatory effect of glucose on ATX was also 

observed following prolonged incubation (30 h), chronic stimulation with high levels of insulin 

decreased ATX mRNA, protein, and activity, suggesting that insulin at concentrations mimicking 

an obese-insulin resistant milieu has a bi-phasic effect on ATX secretion in adipocytes. During 

acute changes in nutritional status (i.e. feeding), insulin may serve to increase ATX secretion; 

however, chronic increases in insulin may be associated with decreased ATX levels. To 

determine whether hyperinsulinemia downregulates ATX expression in vivo in insulin 

resistant/diabetic mice, it could be determined how circulating ATX activity changes in mice 

treated with streptozotocin(215).  Taken together, this study suggests that ATX secretion from 
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adipose tissue is influenced acutely and chronically by changes in glucose homeostasis, which 

may underlie its regulation during feeding/fasting and obesity/insulin resistance.  

 Previous studies examining the regulation of ATX in adipocytes have shown that ATX is 

markedly upregulated during adipocyte differentiation(8,244). Ferry et al.(244) observed that 

ATX/Enpp2 mRNA expression increases during differentiation in cultured murine 3T3F442A 

adipocytes, peaking at 10 days following differentiation start. The increase in ATX mRNA 

expression coincided with elevated LPA levels in the media, consistent with an upregulation of 

ATX secretion(244). Differentiation-dependent upregulation of ATX mRNA was also observed 

in primary mouse preadipocytes with a peak at day 6-12 while it returned to lower levels as 

adipocytes matured and became hypertrophic(8,244). Consistent with these studies, we 

demonstrated a marked upregulation of secreted ATX activity during 3T3-L1 adipocyte 

differentiation starting from day 2 of differentiation. 

The regulation of ATX during diet-induced obesity remains controversial as prior studies 

suggested that ATX is either upregulated(178), downregulated(8), or unchanged(215) in obese 

mice fed a high fat diet. This discrepancy was attributed to mouse strain differences, starting age 

of mice for high fat feeding, and possible environmental factors(8). It is plausible that diet 

composition and feeding duration also contributed to these differences. We showed that serum 

ATX activity is upregulated in obese mice with impaired glucose tolerance fed HFHS diet in both 

fed and 16-h fasted states, suggesting that ATX secretion from adipocytes is increased in our 

obesity model. Upregulation of ATX during diet-induced obesity in mice corresponds with prior 

studies from our group showing a positive correlation between serum ATX levels and measures 

of adiposity (BMI, waist circumference) as well as impaired glucose homeostasis/insulin 

resistance (fasting glucose, fasting insulin, 2 h glucose following an oral glucose tolerance test, 

glucose infusion rate during a hyperinsulinemic euglycemic clamp, HOMA-IR, QUICKI) in 

relatively large human cohorts of 60-101 non-diabetic individuals(204,205).   
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 A study by Boucher et al.(215) suggested that two modulators of insulin sensitivity, 

TNFŬ and rosiglitazone, influence ATX expression in adipocytes. Specifically, while incubation 

of 3T3F442A adipocytes with the pro-inflammatory cytokine TNFŬ, which promotes insulin 

resistance, led to an increase in ATX mRNA expression, the insulin-sensitizing drug rosiglitazone 

decreased ATX mRNA levels(215). We demonstrated similar results in 3T3-L1 adipocytes where 

incubation with rosiglitazone decreased ATX mRNA, protein, and activity in both insulin 

sensitive and insulin resistant cells. These findings suggest that ATX expression is upregulated 

during insulin resistance-promoting conditions in adipocytes and can be decreased using insulin-

sensitizing drugs. Consistent with this concept, ATX secretion is markedly increased following a 

24-h incubation of 3T3-L1 adipocytes with high concentrations of insulin and glucose, which 

coincided with the development of insulin resistance in these cells. Interestingly, both insulin and 

glucose upregulated ATX secretion in adipocytes acutely and fasting decreased serum ATX 

activity in vivo. These data suggest that ATX secretion is modulated by short-term changes in 

energy metabolism. PI3Kinase activation appears to be critical for acute insulin-stimulated 

increases in ATX secretion, which is dependent, in part, on new protein synthesis and the 

classical secretory pathway. The latter observation is consistent with a previous study showing 

that secretion of human ATX expressed in HEK293T cells is blocked by the Golgi-disturbing 

agents, brefeldin A and monensin(245). Interestingly, prolonged stimulation with high levels of 

insulin led to the downregulation of ATX in adipocytes, which appeared to be driven by a 

reduction in ATX mRNA expression. Although the mechanisms for the insulin-mediated 

reduction in ATX mRNA expression have not been examined in this study, it is conceivable that 

ATX mRNA synthesis is under the control of transcription factors such as FoxO proteins, which 

are inhibited by insulin receptor-Akt signaling(246).    

 In contrast to insulin, high levels of glucose increased ATX mRNA synthesis in 

adipocytes both acutely and chronically, which coincided with increased ATX protein expression 

and secreted ATX activity involving new protein synthesis and the classical secretory pathway, 
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respectively. The mechanisms underlying the stimulatory effect of glucose on ATX secretion 

remain unclear, but may involve the induction of an inflammatory response and/or the generation 

of ROS, processes that are triggered by exposure of adipocytes to hyperglycemic conditions(76). 

It has previously been shown that high (25 mM) glucose concentrations in the media activate the 

pro-inflammatory transcription factor NFəB in vascular smooth muscle cells, which was 

paralleled by increased superoxide production. Hyperglycemia-induced upregulation of NFəB 

appeared to be dependent on protein kinase C activation, a mechanism that has been suggested to 

contribute to diabetes-related vascular smooth muscle cell injury(76). Han et al.(247) also 

reproduced these findings in 3T3-L1 adipocytes, where exposure to high glucose led to NFəB 

transactivation while transactivation of PPARɔ, an anti-inflammatory transcription factor, was 

reduced. Interestingly, NFəB was required for TNFŬ-induced upregulation of ATX expression in 

hepatoma cells(248). A potent role of pro-inflammatory cytokines in the regulation of ATX has 

also been demonstrated by Benesch et al.(241) as both TNFŬ and interleukin ɓ1 were able to 

negate the negative feedback inhibition of ATX expression by LPA and sphingosine 1-phosphate 

in thyroid cancer cells. Likewise, pro-inflammatory toll-like receptor 4/interferon signaling 

increased ATX expression via the JAK-STAT and PI3Kinase/Akt pathway in monocytic THP-1 

cells(249). A role for the PI3Kinase/Akt signaling pathway in NFəB activation via IKK and 

FoxO1 has also been established in non-adipocyte cell types(250,251). Therefore, it is tempting to 

speculate that the regulation of ATX by glucose and insulin converges at the level of NFəB 

activation, which should be examined in future studies. In addition to the induction of adipocyte 

inflammation and ROS production, glucose could also regulate ATX secretion via modulation of 

protein glycosylation. It has previously been suggested that N-glycosylation is required for ATX 

secretion and activity in 3T3F442A adipocytes(252). Specifically, blockade of N-glycosylation 

using tunicamycin or deletion of glycosylation sites reduced ATX secretion. 

 Taken together, this study provides further insight into the regulation of ATX. Our data 

confirm that ATX is modulated by short-term and long-term changes in nutritional status. This 
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study also shows that cellular signaling triggered by glucose and insulin plays an important role 

in regulating ATX secretion from adipocytes, which may underlie changes in circulating ATX 

levels during feeding/fasting and obesity-related metabolic disease.  
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2.5 Figures 

 

Figure 2.1: Schematic representation of chapter objectives. Using 3T3-L1 adipocytes, the 

regulation of ATX mRNA and protein expression and enzymatic activity by glucose and insulin 

will be examined. 
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Figure 2.2: ATX is regulated by acute and chronic nutritional stimuli in mice.  

(A) Structure of FS-3 and examination of serum ATX activity using FS-3 in 8 week-old chow-fed 

male C57Bl6 mice following a 1-h food withdrawal (fed) or 16-h fasting (n=4). (B) Body weight 

and serum ATX activity (C) using FS-3 and (D) choline release assay in 25-26 week-old male 

C57Bl6 mice fed a chow or HFHS diet for 16 weeks (n=4-10). Statistical analysis was performed 

using an unpaired two-tailed Studentôs t-test (A and B) or a two-way ANOVA followed by a 

Tukeyôs multiple comparison test (C); ***p<0.001, ****p<0.0001, ####p<0.0001 vs. Chow. (A-C) 

reproduced from DôSouza et. al, Endocrinology(176).   
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Figure 2.3: ATX is upregulated in insulin resistant 3T3-L1 adipocytes.  

(A) Secreted ATX activity during 3T3-L1 adipocyte differentiation from pre-adipocytes (Day 0) 

to mature, differentiated adipocytes (Day 8). (B, C) Differentiated 3T3-L1 adipocytes were 

incubated in presence of 25 mM glucose and 100 nM insulin for 24 h (IR) and induction of 

insulin resistance was determined through immunoblotting analysis of Akt phosphorylation at 

Ser473 following stimulation with 20 nM insulin for 10 min. Insulin sensitive (IS) 3T3-L1 

adipocytes, incubated with 6 mM glucose and in the absence of insulin, were used as controls. (B, 

D) Protein levels of secreted and cellular ATX (ATX-S, ATX-C) and adiponectin (Adn-S, Adn-

C). (E) Secreted ATX activity in the media of IS and IR 3T3-L1 adipocytes. (F) ATX/Enpp2 

mRNA, (G) secreted protein, and (H) activity following incubation of IS and IR adipocytes with 

1 µM rosiglitazone (Rosi) or DMSO (control, Ctrl). Statistical analysis was performed using one-

way ANOVA (A) or two-way ANOVA followed by a Tukeyôs multiple comparison test (C-D, F-

H), or an unpaired two-tailed Studentôs t-test (E); **p<0.01, ***p<0.001, ****p<0.0001; 

###p<0.001, ####p<0.0001 vs. IS Ctrl; n = 9 from at least three independent experiments; S: 

secreted, C: cellular, PS: protein stain. (A-H) reproduced from DôSouza et. al, 

Endocrinology(176).   
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Figure 2.4: Palmitate does not alter ATX activity.  

3T3-L1 adipocytes were incubated with media containing (A) 6 mM or (B) 25 mM glucose in the 

presence of 0, 0.3 mM or 1.0 mM palmitate for 30 h. Statistical analysis was performed using one-

way ANOVA followed by a Tukeyôs multiple comparison test; n = 9 from at least three independent 

experiments.  
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Figure 2.5: Glucose and insulin differentially regulate ATX in adipocytes.  

3T3-L1 adipocytes were exposed to 0, 6 or 25 mM glucose in the presence or absence of 100 nM 

insulin for 2 h (A-C), 6 h  (D-F) or 30 h  (G-I) and (A, D, G) ATX/Enpp2 mRNA, (B, E, H) 

cellular ATX protein levels and (C, F, I) secreted ATX activity were determined. Statistical 

analysis was performed using a two-way ANOVA followed by a Tukeyôs multiple comparison 

test; *p<0.05, **p<0.01, **** p<0.0001; #p<0.05, ###p<0.001, ####p<0.0001 vs. untreated controls; 

n = 9 from at least three independent experiments; C: cellular, PS: protein stain. (A-I) reproduced 

from DôSouza et. al, Endocrinology(176).   
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Figure 2.6: The effect of glucose on ATX levels is transcriptionally mediated. 

(A-D) 3T3-L1 adipocytes were incubated with media containing 0 or 25 mM glucose for 30 h. 

Where indicated, adipocytes were additionally incubated with either 5 µg/ml actinomycin D 

(ACT), 10 µg/ml cycloheximide (CHX), a combination of 5 µg/ml brefeldin A and 5 µM 

monensin (B/M) or DMSO/methanol (control, Ctrl). (A) ATX/Enpp2 mRNA, (B, C) cytosolic 

ATX (ATX -C) protein expression, (D) secreted ATX activity. Statistical analysis was performed 

using a two-way ANOVA followed by a Tukeyôs multiple comparison test. In A, C, D, *p<0.05, 

** p<0.01, ***p<0.001, ****p<0.0001; #p<0.05, ####p<0.0001 vs. no-glucose controls. n = 9 from 

at least three independent experiments; S: secreted, C: cellular, Ctrl: control. (A-D) reproduced 

from DôSouza et. al, Endocrinology(176).   
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Figure 2.7: Insulin regulates ATX activity in a time- and concentration-dependent manner.  

(A, B) 3T3-L1 adipocytes were incubated in media containing 25 mM glucose and either 0, 0.01, 

0.1, 1, 10 or 100 nM insulin for 0, 1, 4, 16, 24 or 30 h and secreted ATX activity was determined. 

Statistical analysis was performed using a two-way ANOVA followed by a Tukeyôs multiple 

comparison test; In A, ++++p<0.0001 for 0.01 nM vs. 0 nM insulin, ####p<0.0001 for 0.1 nM vs. 0 

nM insulin; in B, ##p<0.01 and ####p<0.0001 for 1 nM vs. 0 nM insulin, ++++p<0.0001 for 10 nM 

vs. 0 nM insulin, *** p<0.001 for 100 nM vs. 0 nM insulin; n = 9 from at least three independent 

experiments. (A-B) reproduced from DôSouza et. al, Endocrinology(176).   

 

 

 

 

 

 

 

 

 



82 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



83 

 

Figure 2.8: ATX is acutely upregulated by high glucose and high insulin in subcutaneous 

adipose tissue (SCAT) explants.  
 

(A, B) SCAT explants from 25-40 week-old chow-fed female C57Bl6 mice were incubated in the 

presence of (A) 0, 6 or 25 mM glucose or (B) 0 or 100 nM insulin for 8 h and secreted ATX 

activity was determined. (C) Immunoblot analysis of secreted ATX (ATX-S) protein levels and 

(C, D) Akt phosphorylation at Ser473 in SCAT explants. Statistical analysis was performed using 

(A) one-way ANOVA followed by a Tukeyôs multiple comparison test or a (B-C) Studentôs t-test; 

*p<0.05, **p<0.01; n = 5-10 from 5-10 mice; S: secreted, PS: protein stain. (A-B) reproduced 

from DôSouza et. al, Endocrinology(176).   
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Figure 2.9: Acute insulin stimulation of ATX secretion is PI3Kinase-dependent and mTOR-

independent.  
 

3T3-L1 adipocytes were incubated with media containing 25 mM glucose in the presence or 

absence of 0 or 100 nM insulin for 6 h. Where indicated, adipocytes were additionally treated 

with either 1 µM wortmannin (W), 100 nM rapamycin (R), 10 µg/ml cycloheximide (CHX) or a 

combination of 5 µg/ml brefeldin A and 5 µM monensin (B/M). (A, B) Cellular ATX protein 

expression, (C, D) secreted ATX protein expression, and (E) activity. Statistical analysis was 

performed using one-way ANOVA followed by a Tukeyôs multiple comparison test; *p<0.05, 

**p<0.01, *** p< 0.001, ****p<0.0001 vs. untreated controls; ##p<0.01, ###p<0.001, ####p<0.0001 

for insulin plus chemical inhibitors vs. insulin minus chemical inhibitors; n = 9 from at least three 

independent experiments; C: cellular, S: secreted. (A-E) reproduced from DôSouza et. al, 

Endocrinology(176).   
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Table 2.1: Primer sequences used to amplify murine mRNA.  

Primer Sequence (5ô to 3ô) 

ATX F CTTGTGAAACGTTACGCTA 

ATX R CTTCATTATCTGATCGGTGT 

RPL27 F ACGGTGGAGCCTTATGTGAC 

RPL27 R TCCGTCAGAGGGACTGTCTT 

RPL41 F GCCATGAGAGCGAAGTGG 

RPL41 R CTCCTGCAGGCGTCGTAG 
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Table 2.2: List of primary antibodies used for immunoblots.  

Target Company/Supplier, Catalog Number 

ATX  Cayman Chemicals, 10005375 

Adiponectin Novus, NBP2-22450 

pAKTS473 Cell Signaling, 9271 

AKT Millipore, 05-591 

pP70S6KT389 Cell Signaling,9234 

P70S6K Cell Signaling, 2708 
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Chapter 3: Investigating the Effect of ATX-LPA on Diet-Induced Insulin Resistance  

 

3.1. Rationale and Objectives 

 
Several studies from multiple groups have demonstrated a link between ATX-LPA 

signaling and obesity-induced insulin resistance(8,178,180,191).  In Chapter 2, we demonstrated 

that ATX expression is regulated by certain factors that are increased in an insulin-

resistant/diabetic milieu, such as glucose and insulin. However, it remains unclear whether the 

ATX-LPA pathway influences insulin function in target tissues, particularly skeletal muscle, the 

major site of insulin-stimulated glucose disposal. Therefore, the objective of this study was to test 

whether the ATX-LPA pathway impacts tissue and cellular insulin function using two mouse 

models with reduced ATX activity. The first model is a heterozygous whole body ATX knockout 

mouse with an approximately 50% reduction of circulating ATX and LPA. The second model is a 

mouse with pharmacological blunting of ATX activity.  

Figures 3.2-3.6 and 3.11 and text present in this chapter have been reproduced from The 

Journal of Lipid Research article(253), below and edited as appropriate: 

DôSouza, K., Nzirorera, C., Cowie, A., Varghese, G. P., Trivedi, P., Eichmann, T., Biswas, D., 

Touaibia, M., Morris, A. J., Aidinis, V., Kane, D. A., Pulinilkunnil, T. and Kienesberger, P.C. 

(2018). Autotaxin-Lysophosphatidic Acid Signaling Contributes to Obesity-Induced Insulin 

Resistance in Muscle and Impairs Mitochondrial Metabolism. The Journal of Lipid Research. 

59(10): 1805-1817.  

The Journal of Lipid Research does not require copyright permission for use of text and figures. 

3.2. Materials and Methods 

 

3.2.1 Chemicals and Reagents  

 

Unless otherwise stated, chemicals and reagents were obtained from Sigma. PF-8380 was 

provided by Dr. Mohamed Touaibia, Université de Moncton, NB, Canada. 
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3.2.2 Studies Involving Animals 

All protocols involving mice were approved by the Dalhousie University Institutional 

Animal Care and Use Committee. 

3.2.2.1 Whole Body Heterozygous ATX Knockout Mice  

ATX +/- mice (C57Bl6/J-Enpp2<tm1.1Vart>/FLMG) were generated by Dr. Vassilis 

Aidinis, óAlexander Flemingô Biomedical Sciences Research Center, Vari, Greece(154). Briefly, 

loxP-flanked neomycin selection cassettes were inserted upstream of exon 1 and downstream of 

exon 2(154). Transgenic expression of Cre recombinase in mice bearing this allele resulted in 

excision of both exons, thus abolishing protein expression. Experimental ATX+/- mice were on a 

C57Bl6/J background and bred with wild type (WT) mice. Upon arrival at the animal facility at 

Dalhousie Medicine New Brunswick, Saint John, NB, Canada, ATX +/- mice were bred with 

C57Bl6/J mice to expand the colony. Mice were genotyped as detailed previously(154). Mice 

were housed on a 12 h light: 12 h dark cycle with ad libitum access to chow diet (LD5001 from 

Lab diet with 13.5 kcal% from fat) or HFHS diet (12451 from Research Diets with 45 kcal% 

from fat and 17 kcal% from sucrose) and water. The HFHS diet was chosen to mimic a óWestern 

dietô, which contains high levels of both fat and sugar. Seven to nine week-old male and female 

mice were randomly assigned to chow or HFHS cohorts and fed for 20 weeks. For food intake 

studies, male mice were individually housed and food consumption was monitored daily over a 5-

day period 2 weeks post diet start. Mice were subjected to an insulin tolerance test (ITT) or 

glucose tolerance test (GTT) at 15 and 17 weeks post diet start, respectively. Peripheral fat 

accumulation in isoflurane-anesthetized mice was determined by X-ray imaging using a Bruker 

In-Vivo Xtreme imager 18 weeks post diet start. Planar X-ray images were analyzed using 

ImageJ software (NIH) and area of peripheral fat was expressed as percent of total body area. 

 Mice were euthanized by decapitation following a 3-h food withdrawal and tissues were 

collected. Perigonadal adipose tissue (PGAT) and BAT were weighed prior to being flash frozen. 
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EDTA-plasma was collected and spun at 15,600 × g for 10 min at 4°C. For serum collection, 

blood was spun at 2,000 × g for 15 min at 4°C. Plasma and serum were frozen and stored at -

80°C until further use. A schematic of this experimental plan is shown in Figure 3.1A. 

3.2.2.2 ITT and GTT 

ITT and GTT were performed as previously described(254). For ITT, awake mice were 

injected intraperitoneally with 1 U human insulin (HumulinR, Eli Lilly)/kg body weight 

following a 3-h food withdrawal. For GTT, awake 16-h fasted mice were injected 

intraperitoneally with 20% (w/v) D-glucose at 2 g/kg body weight. Blood glucose was measured 

using an Aviva Nano glucometer (Accu-Chek). 

3.2.2.3 Plasma and Serum Analysis 

Serum insulin was determined using an ELISA kit assay (Crystal Chem). NEFA (WAKO 

Chemicals) and TG (Thermo Fisher Scientific) analysis were performed using colorimetric kit 

assays, as per the manufacturerôs instructions. Plasma LPA levels were determined by 

HPLC/ESI/MS/MS analysis in collaboration with Dr. Andrew Morris at the University of 

Kentucky, Lexington, KY, USA as previously described(255). 

3.2.2.4 In vivo and Ex vivo Insulin Signaling  

For insulin signaling studies performed in vivo, mice were injected intraperitoneally with 

10 U insulin/kg body weight or an equal volume of saline. After 10 min, mice were euthanized 

and tissues were collected. For ex vivo insulin signaling studies in muscle, isolated soleus muscles 

were pre-incubated for 30 min in pre-gassed (95% O2, 5% CO2) Krebs-Henseleit bicarbonate 

buffer (KHB), pH 7.4 (118.5 mM NaCl, 4.7 mM KCl, 1.2 mM KH2PO4, 25 mM NaCHO3, 2.5 

mM CaCl2, 1.2 mM MgSO4 and 5 mM Hepes) at 37°C. Following subsequent incubation in 

buffer with or without 33 nM insulin for 10 min, muscles were removed, connective tissue, fat, 

and tendons were excised, and tissues were blotted dry and snap-frozen in liquid nitrogen. 
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3.2.2.5 Muscle Glucose Transport Assay 

Glucose transport in soleus muscle was determined ex vivo as previously described(254), 

with slight modifications. Soleus muscles from mice were rapidly dissected, pre-incubated for 1 h 

in KHB containing 10 mM D-glucose at 37°C, and rinsed by incubation in KHB supplemented 

with 10 mM D-mannitol for 10 min. Glucose transport was assessed by incubation in KHB with 1 

mM 2-deoxyglucose, 9 mM mannitol, 1.5 µCi/ml 2-deoxy-D-[1,2-3H]glucose (Perkin Elmer), and 

0.3 µCi/ml D-[1-14C]mannitol (Perkin Elmer) for 20 min at 37°C. All buffers were pre-gassed 

with 95% O2, 5% CO2 and were supplemented with saline or 33 nM insulin. Basal and insulin-

stimulated glucose transport were determined in contralateral muscles. Following the final 

incubation, muscles were cleaned by excising connective tissue, fat, and tendons, and tissues 

were blotted dry and snap-frozen in liquid nitrogen. Muscles were weighed and digested for 30 

min in 300 µl of 1 N NaOH at 65°C and centrifuged at 13,000 x g for 10 min. Radioactivity in the 

supernatant was determined by liquid scintillation counting and glucose transport into tissues was 

calculated. 

3.2.2.6 Pharmacological Inhibition of ATX in Mice In Vivo 

The ATX inhibitor, ONO-8430506, was obtained from ONO Pharmaceutical Co., Osaka, 

Japan, and was dissolved in 7.5 mM NaOH as previously described(256). C57Bl/6J mice were 

obtained from The Jackson Laboratory and were placed on a chow or HFHS-diet for 20 weeks, 

starting at 8 weeks of age. At 17 weeks post-diet start, mice were orally gavaged with 30 mg/kg 

of vehicle (7.5 mM NaOH) or ONO-8430506 once daily for 3 consecutive weeks. GTT was 

performed at 15 weeks post-diet start to confirm the development of glucose intolerance and at 19 

weeks post-diet start, after vehicle or ONO-8430506 were administered for 2 weeks. To 

determine food intake mice were individually housed and food consumption was monitored daily 

over a 5-day period 1 week before and after the start of vehicle or ONO-8430506 administration. 

A schematic of this experimental plan is shown in Figure 3.1B. 
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3.2.3 Cell Culture  

Insulin resistance was induced in C2C12 cells as previously described(257). Following 

differentiation of myoblasts into myotubes, cells were serum starved for 24 h in DMEM-1x 

(Fisher Scientific, Cat: 11966025) supplemented with 5 mM glucose. Cells were then incubated 

in DMEM-1x  supplemented with 5 mM glucose containing 2% (w/v) fatty acid-free (FAF) BSA 

and 0.8 mM sodium palmitate for 16-18 h, mimicking an insulin resistance state. Myotubes were 

cultured with 2% FAF-BSA in the absence of palmitate to mimic an insulin sensitive state. To 

examine insulin signaling, cells were incubated with 100 nM insulin or phosphate buffered saline 

(PBS) for 15 min. Cells were washed once and harvested in ice-cold PBS, followed by 

centrifugation at 20,000 × g for 10 min at 4°C.  

 Cell pellets were flash frozen in liquid nitrogen and stored at -80°C until further use. For 

experiments involving LPA, 1-oleoyl-2-hydroxy-sn-glycero-3-phosphate (18:1 LPA, Avanti, Cat: 

857130) was dissolved in PBS + 0.1% FAF-BSA after evaporation of the chloroform solvent, 

gently shaken and mixed with DMEM-1x supplemented with 5 mM glucose prior to its addition 

to C2C12 myotubes. Cells were cultured in the absence of serum during LPA treatment to avoid 

potential additional sources of LPA, LPC, and ATX. For acute LPA experiments, C2C12 

myotubes were pre-incubated in DMEM-1x supplemented with 5 mM glucose containing 2% 

FAF-BSA media for 10, 30 and 60min with 0, 1 and 10 µM. For chronic LPA experiments, 

C2C12 myotubes were co-incubated with 0, 1 and 10 µM for 16-18 h. 

3.2.4 ATX Activity Assay ï Choline Release Method 

ATX activity in plasma and serum was quantified using the choline release assay 

described in Section 2.2.5.2.  

3.2.5 Immunoblotting Analysis 

Tissues and cells were homogenized in lysis buffer (20 mM Tris-HCl pH 7.5, 5 mM 

EDTA, 10 mM Na4P2O7, 100 mM NaF, 1% NP-40) containing 2 mM sodium orthovanadate, 2 
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mM protease inhibitor cocktail (P8340, Sigma), and 100 µg/mL phosphatase inhibitor cocktail 

(524628, Calbiochem) using a tissue homogenizer (Omni TH, Omni International) or by 

sonication, respectively.  

Immunoblotting was performed as described in Section 2.2.6. The primary antibodies 

used to probe the membranes are summarized in Table 3.1. Representative immunoblots are 

shown. 

3.2.6 RNA Extraction and Gene Expression Analysis 

RNA isolation, reverse transcription, and real-time quantitative PCR was performed as 

previously described(257) and as detailed in section 2.2.7. Primer sequences are provided in 

Table 3.2. 

3.2.7 Statistical Analysis 

Results are expressed as mean ± standard error of the mean (SEM). Comparisons 

between two groups were performed using an unpaired, two-tailed Studentôs t-test. Comparisons 

between multiple groups were performed using a paired or unpaired one- or two- way ANOVA 

followed by a Tukey or Sidak post hoc test, as appropriate. All statistical analysis was performed 

using Prism (GraphPad Software). P-values of less than 0.05 were considered statistically 

significant. For animal studies, ñnò refers to the number of mice used, unless otherwise specified. 

For cell culture studies, experiments were performed in triplicates and data are from at least two 

independent experiments. 

3.3. Results 

 

3.3.1. Male Mice with Heterozygous ATX Deficiency (ATX+/-) Have Reduced  

Obesity and Improved Glucose Homeostasis on an Obesogenic HFHS Diet 

 
Although prior studies have suggested that ATX haploinsufficiency or adipocyte-specific 

ATX deficiency improves systemic glucose homeostasis in mice fed a high fat diet, the effect of 

ATX deficiency on adiposity and insulin signaling in different target tissues remains relatively 

unexplored (8,178). To clarify the role of ATX in diet-induced obesity, glucose metabolism, and 
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insulin signaling, we fed male WT and ATX+/- mice chow or HFHS diet for 20 weeks. In 

agreement with previous studies(8,154), plasma LPA levels, ATX activity, and ATX protein 

content were markedly reduced in ATX+/- mice compared to WT (Fig. 3.2A-E).  

Body weights were similar between WT and ATX+/- mice immediately prior to HFHS 

feeding (WT: 22.45 ± 0.26 g, ATX+/- 22.30 ± 0.56 g, n = 15-18). However, HFHS-fed ATX+/- 

mice showed significantly reduced body weight gain compared to HFHS-fed WT mice while 

food intake was unchanged between genotypes (Fig. 3.3A, B). Total energy consumed, once 

accounting for different energy density between chow and HFHS diets, was unchanged between 

diets and genotypes. In agreement with lower body weight gain, HFHS-fed ATX+/- mice showed 

reduced peripheral fat accumulation and PGAT and BAT weights (Fig. 3.3C-E). Furthermore, 

HFHS-fed ATX+/- mice had improved glucose tolerance and insulin sensitivity, as assessed by a 

GTT and ITT, respectively (Fig. 3.3F, G). ATX+/- mice were also protected from HFHS diet-

induced hyperglycemia (Fig. 3.3H), hyperinsulinemia (Fig. 3.3I), and hypertriglyceridemia (Fig. 

3.3J), while serum NEFA levels were similar between groups (Fig. 3.3K). Taken together, these 

data suggest that partial ATX deficiency protects from diet-induced obesity and impaired glucose 

and lipid homeostasis in male mice. 

3.3.2 Female Mice are Resistant to HFHS Diet-Induced Obesity and Changes in 

ATX Activity  

 
HFHS-induced body weight gain was much less pronounced in female mice and was 

unchanged between genotypes (Fig. 3.4A). Modest body weight gain in female HFHS-fed WT 

mice was associated with unchanged serum ATX activity (Fig. 3.4B) and insulin-stimulated AKT 

phosphorylation in muscle when compared to chow-fed mice (Fig. 3.4C and D). Therefore, 

subsequent studies were performed in male mice. 
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3.3.3 HFHS-Fed ATX+/- Mice have Improved Insulin Signaling in Liver and 

Perigonadal Adipose Tissue  

 
To examine whether enhanced tissue insulin function underlies the improvement in 

glucose homeostasis in HFHS-fed ATX+/- mice, we performed in vivo insulin signaling analysis in 

metabolically relevant tissues. HFHS-fed WT mice developed insulin resistance in the liver and 

PGAT as was evidenced by a two- to three-fold decrease in insulin-stimulated phosphorylation of 

AKT at S473 (Fig. 3.5A-C). Importantly, insulin-stimulated AKT phosphorylation in the liver 

was significantly improved in HFHS-fed ATX+/- mice compared to HFHS-fed WT mice, which 

was associated with reduced hepatic TG accumulation (Fig. 3.5D). Insulin-stimulated AKT 

phosphorylation was also unchanged in the PGAT of HFHS-fed ATX+/- mice compared to chow-

fed ATX+/- mice (Fig. 3.5A, C). These results correspond with insulin-stimulated p70S6K 

phosphorylation at T389, where p70S6K phosphorylation was higher in liver and PGAT from 

insulin-injected HFHS-fed ATX+/- mice compared with WT mice (Fig. 3.5E, F). Taken together, 

our results suggest that ATX+/- mice are protected from HFHS diet-induced insulin resistance in 

liver and PGAT.  

3.3.4 HFHS-Fed ATX+/- Mice have Improved Insulin Signaling in Muscle  

We next examined insulin signaling in skeletal muscle. Similar to PGAT and liver, 

insulin-stimulated AKT phosphorylation in the gastrocnemius and soleus muscle, which consist 

of primarily glycolytic and oxidative fibers, respectively, was improved in HFHS-fed ATX+/- 

mice compared to WT (Fig. 3.6A-C). HFHS feeding resulted in significant reductions in insulin-

stimulated p70S6K phosphorylation at T389 in the gastrocnemius and soleus of WT but not 

ATX +/- mice (Fig. 3.6A, D and E). Improved insulin signaling in skeletal muscle also 

corresponded with preserved insulin signaling in the heart of HFHS-fed ATX+/- mice(253).  

To determine whether improvements in skeletal muscle insulin signaling in HFHS-fed 

ATX +/- mice are maintained in the absence of acute changes in circulating or neuronal factors, we 

performed insulin signaling analysis in soleus muscle ex vivo (Fig. 3.6A and F). Similar to 
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improved insulin signaling in gastrocnemius and soleus muscle from HFHS-fed ATX+/- mice in 

vivo (Fig. 3.6A-E), insulin-stimulated AKT phosphorylation ex vivo was higher in soleus muscle 

from HFHS-fed ATX+/- than HFHS-fed WT mice (Fig. 3.6A and F). Furthermore, sustained 

muscle insulin signaling in HFHS-fed ATX+/- mice was associated with preserved insulin-

stimulation of glucose transport in soleus muscle of HFHS-fed ATX+/- mice ex vivo while the 

ability of insulin to stimulate glucose transport was reduced in soleus muscle from HFHS-fed WT 

compared to the chow control (Fig. 3.6G and H). In agreement with sustained insulin-stimulated 

glucose transport in HFHS-fed ATX+/- mice, soleus muscle from ATX+/- mice was protected from 

HFHS-induced decline of Glut4 mRNA levels (Fig. 3.6I) while Glut1 mRNA was unchanged 

between groups (Fig. 3.6J). Taken together, this suggests that insulin signaling is preserved in the 

muscle from HFHS-fed ATX+/- mice and that HFHS-induced reductions in glucose transport in 

the soleus are partially rescued by ATX deficiency. 

3.3.5 The levels of distinct LPA receptors are altered in skeletal muscle from ATX+/- 

Mice   

 
To determine whether levels of LPA receptors are altered in muscle from ATX+/- mice 

and by HFHS-feeding, we measured mRNA levels of LPA1-6 in the soleus muscle of 16-h fasted 

mice. Lpa1-6 expression was not affected by diet (Fig. 3.7A-F). However, Lpa2 and Lpa4 were 

differentially expressed in HFHS-fed ATX+/- vs. WT mice, with reduced Lpa2 levels and 

increased Lpa4 levels in ATX+/- mice (Fig. 3.7B and D).  

3.3.6 Pharmacological inhibition of ATX may moderately improve tissue insulin 

signaling in vivo 

 
Heterozygous whole-body deletion of ATX resulted in improved systemic and tissue 

insulin sensitivity. To determine whether short-term pharmacological inhibition of ATX could 

also improve systemic glucose homeostasis and tissue insulin signaling, we administered vehicle 

or ONO-8403506 to male C57Bl6/J mice via oral gavage once a day for 3 consecutive weeks 

after 20 weeks of chow or HFHS feeding. Prior to gavage at 15 weeks post diet start, HFHS-fed 
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mice showed glucose intolerance as measured by a GTT (Fig. 3.8A and-B). Treatment with 

ONO-8403506 potently inhibited plasma ATX activity compared to vehicle control, with an 85% 

and 92% inhibition in chow and HFHS-fed mice, respectively (Fig. 3.8C). Glucose tolerance was 

similar between vehicle and ONO-8403506 groups after 2 weeks of treatment, although HFHS-

induced changes in AUC did not reach statistical significance in the ONO-8403506 group (Fig. 

3.8D and E). Food intake was similar between vehicle and ONO-8403506 groups prior to and 

following gavage, but gavage was associated with reduced food intake in HFHS-fed mice treated 

with ONO-8403506 (Fig. 3.8F). Body weight was similar between vehicle and ONO-8403506 

groups, however, percentage of weight change over the 3-week gavage period was augmented in 

HFHS-fed mice treated with ONO-8403506 vs. vehicle (Fig. 3.8G and H).  Interestingly, 

treatment with ONO-8403506 for 3 weeks ameliorated HFHS-induced hyperglycemia, suggesting 

that ONO-8403506 may improve systemic glucose homeostasis (Fig. 3.8I).     

To determine whether ATX inhibition alters tissue insulin sensitivity, we performed an in 

vivo insulin signaling experiment. The livers of HFHS-fed mice treated with vehicle or ONO-

8403506 showed insulin resistance when compared to the chow-fed controls, as measured by 

AKT phosphorylation at Ser473 (Fig. 3.9A and B). However, ONO-8403506 treatment appeared 

to lessen the degree of hepatic insulin resistance since Akt phosphorylation increased 

significantly following insulin stimulation in this group, which was not observed in HFHS-fed 

mice treated with vehicle (Fig. 3.9B). Interestingly, fold stimulation of AKT phosphorylation 

following insulin administration was greater in HFHS-fed mice receiving ONO-8403506 

compared to vehicle (Fig. 3.9C). Taken together, these data suggest that pharmacological 

inhibition of ATX could potentially ameliorate systemic glucose homeostasis and liver insulin 

resistance in mice. 

3.3.7. The effect of LPA on Insulin Signaling in C2C12 Myotubes is Time Dependent  

So far, our in vivo studies suggested that partial ATX deficiency and reduced LPA 

production improve skeletal muscle insulin sensitivity. We next sought to investigate whether the 
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resistance of ATX+/- mice towards obesity-induced impairment of skeletal muscle insulin 

signaling is due to a direct effect of LPA on skeletal muscle cell insulin function. C2C12 

myotubes were incubated with 1-oleoyl-LPA at concentrations of 1 and 10 µM to mimic 

physiological and pathophysiological LPA concentrations, respectively(8,9,178), for 10, 30, and 

60 min followed by insulin signaling analysis. Pre-incubation of myotubes with LPA for 10 min 

had no effect on AKT Ser473 phosphorylation, despite LPA increasing extracellular signal 

regulated kinase (ERK) 1/2 phosphorylation, a known LPA signaling target (Fig. 3.10A-C). 

Interestingly, 30 min pre-incubation with either 1 or 10 µM LPA significantly increased insulin-

stimulated AKT phosphorylation when compared to no-LPA controls (Fig. 3.10A, D), which 

corresponded with LPA-induced ERK phosphorylation (Fig. 3.10A, E). Surprisingly, when the 

LPA pre-incubation period was increased to 60 min, insulin-stimulated AKT phosphorylation was 

blunted with both 1 and 10 µM LPA (Fig. 3.10F). ERK phosphorylation was only increased by 

LPA under basal, but not insulin-stimulated conditions (Fig. 3.10G). Taken together, these data 

suggest that LPA influences insulin-stimulated AKT activation in C2C12 myotubes in a time-

dependent manner with longer durations of LPA incubation resulting in insulin resistance. These 

data also suggest that physiological and pathophysiological levels of LPA can similarly impair 

insulin signaling in muscle cells. 

3.3.8. Long-term LPA Treatment Impairs I nsulin Signaling and Exacerbates 

Palmitate-Induced Insulin Resistance in C2C12 Myotubes 
 

We next wanted to determine how a more chronic treatment with LPA in the absence or 

presence of high palmitate, thereby modelling an obese-insulin resistant milieu, influences 

myocyte insulin sensitivity. C2C12 cells do not secrete significant amounts of ATX, as measured 

by FS-3 activity assays (data not shown), therefore LPA was used to modulate ATX-LPA 

signaling. C2C12 myotubes were incubated for 18 h in the absence or presence of 1 or 10 µM 

LPA (Fig. 3.11A). Cells were also simultaneously incubated in the absence or presence of 

palmitate to induce insulin resistance, as determined by a 2-fold reduction in insulin-stimulated 
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AKT phosphorylation at S473 (Fig. 3.11A, B). At baseline, incubation with LPA impaired 

insulin-stimulated AKT phosphorylation in C2C12 myotubes, similar to palmitate (Fig. 3.11A, 

B). Moreover, LPA exacerbated the palmitate-induced reduction in insulin-stimulated AKT 

phosphorylation (Fig. 3.11A, B). Acute and prolonged treatment of C2C12 cells with LPA has 

been linked to the activation of ERK, which has been implicated with the development of insulin 

resistance (Fig. 3.10A, C, E, G)(189,258). LPA-induced impairment of insulin function and 

exacerbation of palmitate-induced insulin resistance in C2C12 cells was associated with an 

upregulation of ERK phosphorylation (Fig. 3.11A, C). Taken together, these data suggest that 

prolonged exposure of muscle cells to LPA directly promotes the development of insulin 

resistance and worsens impaired insulin signaling induced by a lipotoxic milieu. 

3.3.9. Palmitate-Induced Lipotoxicity, but not Incubation with LPA is Associated 

with Marked Changes in LPA Receptor Levels in C2C12 Myotubes 

 
Because distinct LPA receptors are altered with ATX deficiency in the soleus muscles of 

fasted mice (Fig. 3.7B, D), we next wanted to determine whether addition of LPA under insulin 

sensitive and resistance promoting conditions could alter Lpa1-6 mRNA expression in C2C12 

myotubes. Palmitate-induced insulin resistance had a marked effect on all LPA receptors, with 

decreased mRNA levels of Lpa1, 2, and 3 (Fig. 3.12A-C) and increased levels of Lpa4, 5, and 6 

following incubation with palmitate (Fig. 3.12D-F). The effect of palmitate on Lpa3 was most 

pronounced, where incubation with palmitate diminished Lpa3 mRNA levels (Fig. 3.12C). 

Despite the marked impact of palmitate-induced lipotoxicity on LPA receptor expression, 

incubation of myotubes with 1 and 10 µM LPA did not significantly alter LPA mRNA levels 

(Fig. 3.12A-F). Taken together, this suggests that palmitate-induced lipotoxicity but not LPA 

change LPA receptor levels. 

3.4 Discussion 

Recent studies have implicated the ATX-LPA axis in obesity and impaired glucose 

homeostasis(8,178,180,204,205,212). Improvements in obesity-induced insulin resistance and 
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glucose intolerance in ATX mutant mice were primarily ascribed to changes in adipose tissue 

metabolism and function(8,178). It remained unclear whether changes in insulin signaling in 

other metabolically relevant tissues contribute to the protection of ATX deficient mice from diet-

induced insulin resistance. . In this study, we show that amelioration of obesity and systemic 

insulin resistance in HFHS-fed mice with partial ATX deficiency is associated with increased 

insulin signaling in metabolically active tissues, including liver and adipose tissue.  

 Pharmacological inhibition of ATX activity in vivo, using ONO-8403506, appeared to 

ameliorate HFHS-induced hyperglycemia and tended to improve hepatic insulin signaling. In 

skeletal muscle, which accounts for the majority of insulin-stimulated glucose disposal(34), 

partial ATX deficiency led to improvements in insulin signaling and insulin-stimulated glucose 

transport following HFHS feeding.  

Examination of LPA receptor gene expression suggested that alterations in Lpa2 and 

Lpa4 levels may also play a role in improved insulin sensitivity in muscle from HFHS-fed ATX+/- 

mice, although the contribution of distinct LPA receptors and downstream signaling to the 

regulation of tissue insulin function requires further investigation. In agreement with a potentially 

important role of these receptors, Lpa4-/- mice were protected from diet-induced insulin 

resistance, liver steatosis and systemic inflammation, but this effects was ascribed to increased 

PPARɔ activity in adipose tissue (253). In C2C12 myotubes, LPA directly impaired insulin 

signaling and exacerbated palmitate-induced insulin resistance. While palmitate-induced 

lipotoxicity induced marked changes in LPA1-6 mRNA expression in C2C12 cells, the presence 

of LPA did not significantly alter LPA receptor levels.  

The lack of coordinated changes in LPA receptors between our models may be related to 

the different presentation of disturbed metabolic homeostasis; our mouse model is characterized 

by hyperinsulinemia and hyperglycemia, whereas our C2C12 model is characterized by 

lipotoxicity-induced insulin resistance. Future work will utilize more complementary approaches 

of insulin resistance, such as feeding mice a high fat diet (60% calories from fat) to promote 
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lipotoxicity in vivo or incubating C2C12 myotubes under conditions mimicking  hyperglycemia 

and hyperinsulinemia. 

Our data suggest that the ATX-LPA pathway plays an important role in the development 

of obesity-induced insulin resistance in adipose tissue, liver, and skeletal muscle. Few prior 

studies have examined the effect of the ATX-LPA signaling pathway on tissue insulin 

function(180,191,206). Rancoule et al.(191) initially showed that administration of a LPA1/3 

receptor antagonist in high fat diet-fed mice for three weeks improves insulin sensitivity and 

increases insulin-stimulated glucose oxidation in the soleus muscle ex vivo, suggesting that LPA 

signaling through LPA1/3 impairs muscle insulin function. However, systemic LPA1/3 

administration had multiple effects on other tissues, including increased pancreatic islet mass and 

liver glycogen storage, which may have contributed to changes in glucose metabolism in 

muscle(191). Although our studies demonstrate that LPA receptor mRNA expression is 

unchanged by diet-induced obesity and insulin resistance (Fig. 3.7A and C), it is likely that the 

activity and downstream signaling of distinct LPA receptors are altered by HFHS-feeding. 

Indeed, a recent study showed that while adipose tissue Lpa4 levels are unchanged in HFD-fed 

mice, Lpa4 deficiency  protects mice from diet-induced insulin resistance, hepatic steatosis and 

adipose tissue inflammation(259).  

Notably, female mice showed a resistance to gaining weights and developing skeletal 

muscle insulin resistance on our HFHS feeding regimens. Intriguing, serum ATX activity was 

also not significantly increased during HFHS feeding. Future studies should address why female 

mice are resistant to increasing weight, including examining how food intake is altered.  

Two very recent studies have provided more direct evidence for an inhibitory role of 

ATX-LPA signaling on tissue insulin function(180,206). Acute pre-treatment of primary rat 

hepatocytes with LPA decreased insulin-stimulated AKT phosphorylation, glucokinase and sterol 

regulatory element-binding protein (SREBP)-1c expression, PI3K activation, and glycogen 

synthesis, likely via LPA1 and/or LPA3(206). Moreover, inhibition of ATX protected against 
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interleukin 6-induced impairment of insulin-stimulated AKT phosphorylation in 3T3-L1 

adipocytes(180).  

In this study, we show that reduced ATX function ameliorates insulin resistance in 

skeletal muscle in vivo. Furthermore, chronic incubation with LPA directly impairs insulin 

signaling in C2C12 myotubes. Acute LPA treatment revealed a time-dependent effect of LPA on 

myotube insulin signaling. Pre-incubation of myotubes with LPA for 30 min increased insulin-

stimulated AKT phosphorylation, which is likely due to a concurrent activation of PI3K signaling 

through GŬi/o proteins(167). In contrast, pre-incubation with LPA for 60 min significantly 

reduced insulin signaling in myotubes. Together, this suggests that longer LPA treatments induce 

insulin resistance in myotubes, possibly through activation of ERK or other stress kinases or via 

PI3K pathway de-sensitization(167,189). Future studies should identify the precise mechanisms 

that mediate LPA-induced muscle insulin resistance. Use of commercially available ERK or 

stress kinase inhibitors would allow to determine whether activation of these pathways are 

necessary for LPA-induced insulin resistance in muscle cells. It is also possible that GŬ13, a 

mediator downstream of most LPA receptors(167), plays a role in the inhibition of muscle insulin 

function by LPA since GŬ13 was shown to impair muscle glucose uptake and systemic insulin 

sensitivity in HFD-fed mice(260).  

ATX inhibitors are currently in Phase 3 clinical trials for the treatment of idiopathic 

pulmonary fibrosis(261). Furthermore, use of the ATX inhibitor, PF-8380, in mice ameliorated 

HFD-diet induced cardiac hypertrophy, function and inflammation(219). Our work also suggests 

that pharmacological inhibition of ATX may hold potential as a potential treatment to improve 

systemic glucose homeostasis. Potent, 3-week inhibition of ATX is tolerated well in chow and 

HFHS-fed mice, with no obvious adverse effects. Importantly, ATX inhibition was associated 

with an amelioration of HFHS diet-induced systemic hyperglycemia and lessened the degree of 

hepatic insulin resistance, as measured by AKT phosphorylation at S473. However, much more 

work is required to determine whether pharmacological inhibition can treat diet-induced insulin 
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resistance. Future studies should address more comprehensively whether ATX inhibition alters 

skeletal muscle and adipose tissue insulin function.  

Overall, this work suggests that, in addition to reduced adipose tissue accumulation, 

improved insulin signaling in adipose tissue, liver, and muscle contributes to preserved global 

insulin sensitivity in mice with partial ATX deficiency. Our data also suggest that the ATX-LPA 

pathway directly impairs insulin signaling and insulin-stimulated glucose transport in skeletal 

muscle (Fig. 3.13). Since impaired insulin signaling and metabolism in skeletal muscle are 

primary drivers of system insulin resistance and hyperglycemia(34), we propose that the obesity-

induced upregulation of ATX and LPA receptor signaling in muscle are critical mechanisms of 

insulin resistance. Therefore, modulators of the ATX-LPA pathway may present novel strategies 

towards the prevention and treatment of obesity-associated insulin resistance and T2D. 
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3.5 Figures 

Figure 3.1: Schematic of experimental plans using mouse models of reduced ATX activity 

The experimental layout to examine glucose homeostasis and insulin function in (A) mice with 

global heterozygous ATX deficiency and (B) mice with pharmacological ATX inhibition.  
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Figure 3.2: Plasma ATX activity and protein levels are reduced in male chow and HFHS-

fed ATX+/- mice.  

 

(A) Plasma LPA levels (n = 7-8) in chow-fed WT and ATX+/- mice. (B) Plasma ATX activity (n = 

9-11) and (C, D) ATX protein content (n = 5-6) in chow and HFHS-fed WT and ATX+/- mice. (E) 

Inhibition of ATX activity using PF-8380 blunts choline release, demonstrating that choline release 

is highly ATX dependant. (A, E) Statistical analysis was performed using a Studentôs t-test or (B, 

C) two-way ANOVA followed by a Tukeyôs multiple comparison test; (A-C, E) *p < 0.05, **** p 

< 0.0001 vs. chow/WT/ctrl; ##p < 0.01, ####p < 0.0001 as indicated. (A-E) reproduced from 

DôSouza et al, Journal of Lipid Research(253). 
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Figure 3.3: Partial ATX deficiency protects from HFHS diet-induced obesity and metabolic 

dysfunction in male mice. 

 

(A) Body weight gain, (B) food intake, (C) peripheral fat accumulation, (D) PGAT weight, (E) 

BAT weight, (F) GTT following an intraperitoneal injection with D-glucose at 2 g/kg body weight, 

and (G) ITT following an intraperitoneal injection with human insulin at 1 U/kg body weight in 

male chow and HFHS-fed WT and ATX+/- mice (n = 14-26). (H) Blood glucose and serum (I)  

insulin, (J) TGs, and (K)  NEFA in chow and HFHS-fed WT and ATX+/- mice following a 3-h food 

withdrawal (n = 5-13). (A-K)  Statistical analysis was performed using a two-way ANOVA 

followed by a Tukeyôs multiple comparison test; (A) *p < 0.05, **p < 0.01 vs. ATX +/- HFHS; (B-

E, H-K)  #p < 0.05, ##p < 0.01, ###p < 0.001, ####p < 0.0001 vs. chow; *p < 0.05 as indicated; (F, G) 

*p < 0.05, **p < 0.01, ***p < 0.001 for WT HFHS vs. chow; $$p < 0.01 for ATX +/- HFHS vs. chow. 

(A-K)  reproduced from DôSouza et al, Journal of Lipid Research(253). 
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Figure 3.4: Female mice are protected from HFHS diet-induced insulin resistance and 

upregulation of ATX.  

 

(A) Body weight gain and (B) serum ATX activity in female chow and HFHS-fed WT and ATX+/- 

mice. (C-D) Immunoblot and densitometric analysis of AKT phosphorylation at S473 in 

gastrocnemius muscle from chow and HFHS-fed WT and ATX+/- mice subjected to a 3-h food 

withdrawal, followed by the intraperitoneal injection of saline or 10 U/kg insulin (n = 3-5). (B-C) 

Statistical analysis was performed using a two-way ANOVA followed by a Tukeyôs multiple 

comparison test; (B) ###p < 0.001 as indicated; (C) **** p < 0.0001 vs. saline. (A-D) reproduced 

from DôSouza et al, Journal of Lipid Research(253). 
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Figure 3.5: HFHS-fed ATX+/- mice show improved insulin signaling in liver and PGAT.  

Immunoblot and densitometric analysis of AKT phosphorylation at S473 and p70S6K 

phosphorylation at T389 in (A, B, E) liver and (A, C, F) PGAT from chow and HFHS-fed male WT 

and ATX+/- mice subjected to a 3-h food withdrawal, followed by the intraperitoneal injection of 

saline or 10 U/kg insulin (n = 4-6). (D) Liver TGs from chow and HFHS-fed WT and ATX+/- mice 

subjected to a 3-h food withdrawal (n = 9) (B-F) Statistical analysis was performed using a two-

way ANOVA followed by a Tukeyôs multiple comparison test; *p < 0.05, ***p < 0.001, ****p < 

0.0001 vs. saline; #p < 0.05, ##p < 0.01, ####p < 0.0001 as indicated; C, chow; H, HFHS. (A-F) 

reproduced from DôSouza et al, Journal of Lipid Research(253). 
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Figure 3.6: HFHS-fed ATX+/- mice show improved insulin signaling in skeletal muscle in 

vivo and ex vivo.  

 

Immunoblot and densitometric analysis of AKT phosphorylation at S473 and p70S6K 

phosphorylation at T389 in (A, B, D) gastrocnemius muscle (Gastrocn.) and (A, C, E) soleus  muscle 

from chow and HFHS-fed male WT and ATX+/- mice subjected to a 3-h food withdrawal, followed 

by the intraperitoneal injection of saline or 10 U/kg insulin (n = 4-6). (A, F) Immunoblot and 

densitometric analysis of AKT phosphorylation at S473 in soleus muscle isolated from chow and 

HFHS-fed male WT and ATX+/- mice following incubation with saline or 33 nM insulin ex vivo (n 

= 3-5). (G) Glucose transport rate and (H) fold stimulation of glucose transport in soleus muscle 

from chow and HFHS-fed male WT and ATX+/- mice incubated with saline or 33 nM insulin ex 

vivo. Gene expression analysis of (I)  Glut4 and (J) Glut1 in soleus muscle from chow and HFHS-

fed male WT and ATX+/- mice (n = 7-10). (B-J) Statistical analysis was performed using a two-

way ANOVA followed by a Tukeyôs multiple comparison test; (B-H) *p < 0.05, ***p < 0.001, 

**** p < 0.0001 vs. saline; #p < 0.05, ####p < 0.0001 as indicated; (I, J) *p < 0.05, **p < 0.01 vs. 

chow. C, chow; H, HFHS. (A-J) reproduced from DôSouza et al, Journal of Lipid Research(253). 
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